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Abstract 
 

Traumatic Brain Injury (TBI) is a prevalent issue for healthcare providers and presents 
challenges in terms of diagnostics. Current statistics state that approximately 70 
million people suffer from a TBI worldwide each year, with a mild TBI (e.g. concussion) 
occurring every 15 seconds. It is estimated that half of the world’s population will have 
a TBI in their lives. Despite this burden, methods for TBI diagnostics are unreliable, 
slow and costly, and an alternative is necessary to make triaging decisions at the Point-
of-Care (PoC). This thesis explores the use of Raman Spectroscopy to obtain 
biochemical information from the back of the eye to make non-invasive and 
neurologically relevant diagnoses. The structure of this thesis is like a sandwich, in 
which the experimental “filling” involves the experimental steps taken to achieve such 
a device.  

Within Chapters 3, 4 and 5, I combine the necessary challenges to overcome in the 
designing, building, and testing of a working device that combines Raman 
spectroscopy and fundus imaging. Including creating a handheld fundus imaging 
system compatible with near-infrared wavelengths, assembling, and profiling a low-
power, portable 830 nm laser diode system and using both to build the final 
neurodiagnostic system. Due to the experimental nature of this work, the materials 
and methods utilised are continuously iterated in response to data being collected, 
therefore the contents of these chapters constantly alternate between methods and 
results. I think this is a refreshing way to communicate the steps taken in this journey 
from conception to prototype, a continuous narrative of meeting and overcoming 
roadblocks as opposed to a highlights reel. This is unlike the “bread” Chapters 2 and 
6 that start and finish the thesis.  

Chapter 2 extracts the work I completed towards a pre-existing project, which 
established the idea of eye-based Raman Spectroscopy. I joined this project upon the 
reopening of the university laboratories and therefore had to restore the system to 
working condition and finalise the data collection. During this, I learnt many techniques 
used in developing my own portable device and made design decisions based on the 
project’s limitations. To accompany the experimental development of this work, 
Chapter 5 presents a reference library of spectral information and assigned peaks is 
obtained for a cohort of 18 prospective TBI biomarkers, utilised to profile injury of 
retinal spectra from the portable, eye-safe Raman prototypes.  

To support the ongoing development of eye-based Raman spectroscopy for 
neurodiagnostics, a collaboration has also been established to develop a first of its 
kind LIVING-EYE system, capable of whole ex vivo eye testing with the potential to 
test tissue damage and simulate a complete pre-TBI to post-trauma model. The 
continued progress of the steps made in this thesis will aid healthcare providers, 
increase understanding of TBI pathology and improve neurological outcomes for TBI 
patients.  
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Chapter 1 - Introduction 
 

Emerging Eye-Based Diagnostic Technologies for Traumatic 
Brain Injury 

 

The purpose of this introductory chapter is to combine all of the themes tackled in this thesis to not 
only aid the reader with understanding all of the avenues explored, but also convince you that the 
topic of eye-based Traumatic Brain Injury (TBI) diagnostics is essential for the future of detecting 
neurodegenerative disorders and diseases. This introduction brings together the aspects of TBI, 
oculomics and biomarker detection to champion the narrative that Raman Spectroscopy is a worthy 
technique to pursue for the innovative, novel and accessible point-of-care (PoC) technology that is 
vital to establish for TBI patients.  
 
“Oculomics “, the study of ocular manifestations of neurodegenerative disorders, is a growing field of 
investigation for early diagnostics, enabling structural and chemical biomarkers to be monitored over 
time to predict prognosis. TBI triggers a cascade of events harmful to the brain, which can lead to 
neurodegeneration. TBI, termed the “silent epidemic” is becoming a leading cause of death and 
disability worldwide. There is currently no effective diagnostic tool for TBI, and yet, early-intervention 
is known to considerably reduce the length of hospital stays, improve outcomes, fasten neurological 
recovery, and lower mortality rates, highlighting the unmet need for techniques capable of rapid and 
accurate PoC diagnostics, implemented in the earliest stages.  
 
This review focuses on the latest advances in the main neuropathophysiological responses and the 
achievements and shortfalls of TBI diagnostic methods. Validated and emerging TBI-indicative 
biomarkers are outlined and linked to ocular neuro-disorders. Methods detecting structural and 
chemical ocular responses to TBI are categorised along with prospective chemical and physical 
sensing techniques. Particular attention is drawn to the potential of Raman spectroscopy as a non-
invasive sensing of neurological molecular signatures in the ocular projections of the brain, laying the 
platform for the first tangible path towards alternative PoC diagnostic technologies for TBI. 
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1.1 Traumatic Brain Injury 
Traumatic Brain Injury (TBI) can cause death or lifelong physical and mental disability. TBI occurs 
when the brain is damaged by rapid acceleration or deceleration with rotational or shear forces or 
penetration[1]. It is estimated that between 54 - 70 million TBI occur worldwide each year [2]–[5]. In 
the UK specifically, head injuries are the leading cause of death in the under 40-year-olds with around 
1.4 million emergency departments episodes every year[6], [7]. If the patient survives the TBI there 
can be long term socioeconomic costs related to lost economic output and a requirement for care 
caused by the permanent brain damage. Not everyone who suffers trauma to the head has significant 
TBI, but both diagnosis and distinguishing TBI severity can be very challenging. The most global 
common causes of TBI are car accidents, falls and assaults[8]–[12], and the most frequent victims of 
TBI are infants (0-4 years), young adults (15- 25 years) and the elderly (65+ years)[13], [14]. This is 
true in both high and low-to-middle income countries, though the exact numbers and cases are 
uncertain as data concerning TBI in LMICs are scarce, despite it being a prevalent public health 
issue[12], [15]–[17]. For instance, a Nigerian study, at the Lagos State University Teaching Hospital 
in Ikeja, found that 23% of TBI patients were referred to non-trauma centres because of a lack of bed 
space[12]. Hospital bed spaces are scarce in LMICs, but also in high income countries and may be 
occupied by patients misdiagnosed with TBI or with severity over-diagnosed, both of which could be 
avoided by improved triage[18]. Triaging can also prevent unnecessary time and costs spent on 
healthcare services used for scanning and monitoring. 
 
While there are numerous extensive reviews of ocular manifestations of common neurodegenerative 
(ND) diseases [19]–[25], changes in the visual system after TBI, a common neurological condition 
with huge and growing socioeconomic implications is significantly less well reviewed[26]–[29]. TBI 
increases rates of ND disorders[30], [31], as trauma triggers neurodegeneration accompanied by an 
increase in ND biomarkers, such as amyloid-Beta and tau protein[26], [32], [33]. This review 
summarises the strengths and weaknesses of current TBI diagnostic approaches and the need for 
new developments in biochemical diagnostic techniques, which are non-invasive and can be 
implemented in the acute phase of brain injury. Building on the similarities in function and responses 
between the central nervous and the visual systems[34], along with the existing evidence of ocular 
changes associated with neurodegeneration creates a strong foundation for identifying TBI through 
its retinal and optic nerve (ON) manifestations. 
 
TBI may occur as a result of closed, open or crush head injuries, disturbing brain function. Most 
commonly, there is no break to the skin and the brain accelerates and/or decelerates within the closed 
skull, twisting, stretching and damaging the axons and blood vessels. Less often, the brain is exposed 
by an open injury whilst the skull base and brain stem may be damaged by crush injury[35]. Initial 
trauma causes a primary injury where the physical impact damages the cranial structures, then 
pathophysiological consequences of the trauma lead to secondary injuries and neurodegenerative 
processes[36], [37]. Acute axonal and nerve soma damage will usually cause concussion or coma, 
with duration depending on injury severity, and loss of function such as limb movement, speech, and 
executive and emotional impairments related to the injury location[7], [16], [35], [38]. This is not 
always clearly stratified, as the magnitude of biochemical reactions taking place following the primary 
injury, both contributing to and worsening the patient’s state, is not known and its role in initiating a 
cycle of neurodegeneration is unclear (Fig. 1.1)[39]. 
 
The most common brain areas involved in TBI are frontal and temporal lobes[40]. TBI may be 
categorised as mild, moderate, or severe, although symptom severity does not always coincide with 
injury severity, making TBI severity difficult to diagnose and manage. Mild TBI (mTBI) develops after 
stretching of neuronal plasma membranes and has common symptoms of headaches, dizziness, 
nausea, confusion and disorientation, which can last over hours, days or weeks[11], [41], [42]. More 



19 
 

specific inclusion criteria for mTBI includes loss of consciousness for 30 minutes or less and/or post-
traumatic amnesia for less than 24 hours[43].  
 

Moderate to severe TBI as associated with hematomas (blood leakage) and immediate tissue death, 
not only losing brain functionality but also releasing toxins[41]. Most of these injuries result in 
unconsciousness for over 6 hours and long-term effects such as, cognitive and behavioural deficits, 
often resulting in aggressive behaviour, balance issues, disorientation or memory problems[44], [45]. 
After TBI, a progressive deterioration of grey and white brain matter can continue for up to a year 
post-trauma[16]. Sustaining a TBI of any severity can have long-term, detrimental, neurological 
effects, affecting patient’s mobility, cognitive function, social and employable capabilities, economic 
situation and overall quality of life[7], [16], [46].  
 
TBI has been termed a “silent epidemic”, as many incidents go unreported by patients or 
unrecognised by healthcare professionals[1], [47] thus accurate and reliable reports regarding 
pathology and costs associated with head injury are limited[48]. Whilst road traffic accidents 
contribute to 60% of total TBI burden, and make up 2.5% of total deaths worldwide[49], [50]; TBI is 
also one of the most common injuries sustained by military personnel, with over 400,000 incidents 
between 2000 and 2018 recorded in the United States (US) Army alone[51]. Most TBI in service 
personnel are non-battle injuries, sustained during training and motor vehicle accidents[51].  
Members of the Armed Forces on deployment are susceptible to enemy action as well as non-battle 
injury mechanisms and exposure to blast waves[52], [53]. Battle injuries are most commonly blast 
related TBI and are also frequently sustained by civilians who comprise the most common casualties 
in modern warfare[53]. TBI is also prevalent in collision sports, American football and football players 
are at high risk of developing chronic traumatic encephalopathy (CTE) following impact with other 
players and “heading” balls[54].  In all the aforementioned contexts, TBI sufferers would benefit from 
PoC diagnostic techniques implemented outside of hospital settings to start the patient journey 
roadside, pitch-side and in hostile environments. 
 
1.1.1 Current ’State-of-the-Art’ Diagnosis of Traumatic Brain Injury 
TBI pathophysiology can be split into acute, sub-acute and chronic phases, occurring within 3 – 24 
hours, 1 day - 3 weeks and from 3 weeks of the trauma, respectively[36], [55]. Fast, accurate and 
accessible diagnostics are critical for good TBI patient outcomes as secondary injuries such as 

Figure 1.1. Illustration of the inter-relationship between the primary and secondary injuries of TBI. 
Secondary injuries can contribute to the initial primary ones, creating a cycle causing further damage 
[39].
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hypoxia and inflammation develop in the acute period (≤ 1hour) after primary injury[56]. These 
pathologies account for much TBI-related morbidity and mortality (Fig. 1.2a)[1], [57], and sorting TBI 
triage into either mild, moderate or severe categories in the acute phase will ensure the patient 
receives appropriate initial access to neurosurgical care and later neurorehabilitation[58].  
 
Most established TBI diagnostic techniques can only be implemented in hospital, and a patient would 
typically undergo multiple examinations before a final diagnosis is made. Out-of-hospital assessment 
of TBI severity includes the Glasgow Coma Scale (GCS), a neurological scoring system of the 
patient’s conscious state. Whilst neuroimaging is usually only available in a hospital setting, as are 
surgical interventions such as decompression and insertion of monitoring devices[59]. Many methods 
take single time-point measurements, such as neuroimaging, which requires intra-hospital transport 
and is therefore limited in frequency in severe TBI because transporting patients out of ICU increases 
risk of adverse effects, especially in those requiring continuous sedation in addition to the risks of 
ionising radiation exposure[60]. Single time-point measurements are unable to capture the 
dynamically changing state of the patient and can result in misleading diagnoses[61]. An ‘ideal’ 
method would monitor continuously or frequently without being laborious or causing harm. 

Figure 1.2. i Flowchart of the pathophysiological responses to TBI at a 
cellular level [1] ii Timescale of neurochemical and metabolic changes that 
take place following moderate to severe TBI [11].
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1.1.1.1 Glasgow Coma Scale 
The National Institute for Health and Care Excellence (NICE) highlighted the need for a test to allow 
paramedics to determine if the patient should be transported from the scene of injury directly to the 
nearest neurological centre or a hospital with particular resuscitation resources[7]. In current practice, 
a clinician assesses TBI severity using the GCS, introduced in 1974[62], which evaluates severity 
and predicts outcome using three main indicators, eye opening, motor response and verbal activity. 
The visual, verbal and motor responses give an indication as to which regions of the brain are 
damaged[63]. The GCS was developed as a fast, simple, bedside method to categorise mild to 
severe TBI by assessing the patient’s level of consciousness, with categories being mild (13-15), 
moderate (9-12) and severe (3-8)[38], [64].  The GCS is widely used in over 80 countries[64], but has 
a number of limitations. For instance, a study showed that when two physicians independently 
assessed the same TBI patient using the GCS score within a 5-minute window there was a 
disagreement in 68% of cases by at least one sub-score[65].  In addition, in the common scenario of 
TBI sustained under the influence of alcohol or other drugs, intoxication limits the utility of this 
cognitive assessment especially, during the acute period before the patient is stabilised[38], [66]–
[68]. Moreover, the GCS system is not effective for TBI patients who are not capable of completing 
all three assessment sections[69], which typically occurs in cases of sedation, intubation, intoxication, 
pre-existing neurological diseases (such as pre-existing dementia[70]), disabilities (such as 
deafness, blindness, and paralysis), language barriers and infancy[7], [67], [71]. Such 
incompleteness inevitably skews the final score and predictive value, especially as the GCS relies 
heavily on the motor response section and makes interventions difficult to implement correctly in short 
timeframes, which are crucial for survival[66]. 
 
Even in the absence of confounding factors, the predictive accuracy of the on-site GCS assessment 
is lower than GCS on admission to hospital[66], with admission scores, when the patient is more 
stable, being more accurate predictors of outcome. The acute, pre-hospital, period, however, is a vital 
time for diagnosis and clinical decisions made here, in the “golden hour”, for management and 
treatment have disproportionate influence on outcomes. Whilst it is the current gold standard, GCS 
is therefore limited in utility as a predictor of outcome in the pre-hospital space by its subjectivity, low 
inter-observer agreement and instability-related inaccuracy[72]. However, the GCS is the only non-
invasive diagnostic tool that is capable of assessing severity throughout the entire patient journey, 
and despite negative aspects, the GCS has been shown to correlate with more recent research in 
TBI diagnostics using biomarkers, neuroimaging and metabolomics[64], and it is commonly used to 
stratify patients for neuroimaging[73]. The validity of the GCS has been tested during the many years 
of use against the pathophysiology of TBI, with low scores being associated with lower cerebral 
metabolic rates, raised intracranial pressure (ICP) and abnormalities detected through 
neuroimaging[10], [11], [74]. Low GCS scores are also reported alongside increased concentrations 
of blood biomarkers denoting trauma[64], [75].  
 
1.1.1.2 Neuroimaging and ICP Monitoring 
Other current early diagnostic techniques include neuroimaging and ICP monitoring, which are often 
equivocal on the presence and severity of TBI, particularly in the mild and moderate groups, whilst 
also being costly, slow, time consuming and requiring highly trained personnel to perform and 
interpret[1], [76]. Neuroimaging is considered the gold-standard for acute, in-hospital diagnostic 
techniques and commonplace neuroimaging techniques include computer tomography (CT) imaging 
or Magnetic Resonance Imaging (MRI)[9]. These are most effective for detecting primary injuries 
such as skull fracture, contusions, and haemorrhages[71], but cannot identify minor intracranial 
changes in many mTBI cases[72]. Reliance on in-hospital techniques delays diagnosis and 
therapeutic intervention, risking the patient’s neurological recovery. Whilst CT and MRI scans are 
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considered fast procedures lasting less than 60 minutes in most cases, transport-time to emergency 
departments is unpredictable and waiting times for scans may exceed 4 hours[77].  
 
Neuroimaging is not often performed independently as it can provide false-negative results, for 
example 29% of TBI patients with negative CT scans show positive MRI findings[78], [79], delaying 
an already lengthy imaging process. Raised ICP is a common TBI indicator triggered by primary 
injuries such as intracranial haemorrhages and is a cause of morbidity and mortality after TBI[9], [74]. 
Normal ICP in adults is 10-15 mmHg, whilst TBI patients may experience raised ICP, with prolonged 
levels above 20 mmHg[1], [80], [81]. Patients with severe TBI require neuroimaging to identify injury 
and planning therapeutic interventions such as ICP monitor insertion, which is an invasive 
technique[82]. ICP monitoring is routine after initial CT scanning, and is performed by inserting 
catheters through a cranial access device, or subarachnoid bolt[1], [39]. ICP monitoring can remain 
in place throughout hospitalisation for initial diagnosis and monitoring to predict outcomes.  
 

1.1.2 The Unmet Need 
Current TBI diagnostic pathways frequently result in over-diagnosis and over-triage of TBI, which 
creates high healthcare costs from the avoidable tests and treatments[83]. In the longer term, over-
diagnosis and over-triage of mild and moderate TBI may lead to unnecessary and ineffective 
treatment causing avoidable side effects and disability status[84]. There is therefore an urgent and 
unmet need for PoC TBI diagnostics, allowing for more informed and specialised management closer 
to the time of injury in a timely and cost-effective manner. Desirable PoC techniques will be non-
invasive, avoiding laborious insertion/sample collection and risk of infection commonly associated 
with ICP monitoring and cerebral spinal fluid (CSF) sampling techniques.  
 
mTBI cases are the most difficult to identify and only 5% of TBI cases in UK emergency departments 
each year are moderate or severe injuries based on GCS categorisation[7], which highlights the 
reluctance to rely completely on GCS triage in the pre-hospital space. This creates an immense but 
avoidable pressure on emergency departments to triage the moderate and severe cases requiring 
acute treatment from the mTBI ones, to improve neurological outcomes and avoid over-investigation 
and over-treatment. 
 
TBI severity is often variably defined because of injury heterogeneity. mTBI can accompany one or 
multiple symptoms of headaches, nausea and disorientation, lasting from days to weeks[41], and is 
often overlooked in emergency departments, because of a lack of immediately apparent symptoms. 
Compounding this, over 90% of patients with mTBI are never admitted to hospital[67], [85], despite 
the significant risk of long-term morbidity and the fact that they encompass 90% of all sustained 
TBI[1], [36], [56], [86]. Many cases of TBI, particularly mTBI, cause functional and metabolic 
abnormalities without any detectable structural damage, or damage at a molecular level that is un-
detected by neuroimaging[9], [83]. The diagnostic challenges around mTBI, and consequent lack of 
appropriate engagement with neuro-rehabilitation services leaves many patients with untreated long-
term neurological disorders or disabilities[33], [67], [85], [87], [88]. 
 
Moderate and severe TBIs, on the other hand, are accompanied by more obvious and immediate 
symptoms indicating neurological injury. However, in the context of polytrauma and substance abuse, 
which may also affect conscious level, this does not guarantee correct identification of TBI or 
categorisation between mild and severe injuries, especially as both severity levels may coincide with 
initial unconsciousness, eliminating cognitive function assessment. Despite similarities, neurological 
outcomes after moderate and severe TBI are very different, with in-hospital mortality rates of 10% 
and 40%[89], [90] respectively. Thus, PoC diagnostics need to be not only early, but capable of 
obtaining information from unresponsive patients and distinguish between moderate and severe 
cases to allow for intervention and facilities to be prioritised.  Of the 30-40% of patients with severe 
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TBI who die, approximately 40% do so within 48 hours of the injury[91], [92] whilst survivors 
experience neurological disfunction[90], thus early triage and management are key to reducing 
neurological deterioration and saving lives in this cohort and a quick and accurate diagnostic and 
monitoring tool could greatly contribute to improving outcomes[68], [93].  
 
Variation in presentation generates different drivers for PoC diagnostic techniques. Cognitive 
techniques fall short for all severities due to mild or delayed effect on mTBI patients, whilst moderate-
to-severe patients experience greater time spans of unconsciousness. Mild cases would benefit from 
techniques that utilise biochemical responses, as structural changes are less common, whilst early 
structural changes do not effectively differentiate moderate-to-severe cases, and thus sensitive and 
specific biochemical responses may aid differentiation. Thus, PoC TBI diagnostics would benefit from 
a sensitive biomarker imaging technique capable of categorising all severity levels.  Monitoring the 
biochemical and metabolic changes over time following initial injury in the acute phase (Fig. 1.2b), 
either individually or simultaneously, is where the potential lies for diagnosing and monitoring the 
presence and severity of TBI. The limitations of imaging biomarkers in detecting these progressive 
changes (primary and secondary injuries) both in the acute phase and during follow up limit the ability 
to intervene to improve outcome.  The presentation of acute TBI develops over hours after injury, 
therefore signs and symptoms may exist at different time-points depending on severity. There is also, 
therefore, an unmet need for a monitoring tool to detect biochemical deterioration both in the acute 
phase, throughout treatment and during follow up. 

1.2 Ocular Responses to TBI and Neurodegeneration 
There is a growing field of research looking at ocular neurodegenerative diseases like age-related 
macular degeneration and glaucoma[94], as well as how degeneration in the brain can present in the 
retina and optic nerve[23], [95]–[97]. TBI has been shown to affect the eye[98], [99], either through 
direct damage to the cranial nerves involved in vision (II) and eye movement, facial muscles and 
taste (III, IV & VI) (Fig. 1.3b), or dysfunction of the control and regulatory centres of the visual function, 
which was observed even following mTBI cases[29], [100]. Head trauma can often result in neuro-
ophthalmic deficits though the symptoms can be masked by other secondary injuries[100]. Visual 
function may be examined clinically in a number of different ways including visual acuity, colour vision, 
visual field, pupillary function, eye movements and electro-diagnostic testing[101], [102]. Chen et al. 
and others demonstrated delayed progressive optic neuropathy after TBI[103], [104], suggesting that 
late secondary injury after TBI causes damage to the visual function. Whilst Faria et al.  and others 
explore changes in the optic nerve sheath diameter (ONSD) and pupil diameter as indicators of raised 
ICP and TBI[82], [105].  
 

1.2.1 The Optic Nerve – “The Window to the Brain” 
The eye, and more specifically the retina, is often referred to as ‘the window to the brain’[22], [34], 
[106]. The visual system is linked to the brain by the ON, which consists of axons whose cell bodies 
lie in the retina, located in the posterior segment of the eye[34], [107]. The neuroanatomy of the 
human visual pathway is shown in Fig. 1.3a, featuring the retina as well as the ON, optic tract, optic 
radiation and visual cortex, which are surrounded by CSF[108]. Light enters the eye through the 
anterior segment and reaches the posterior segment where the retina converts light into electrical 
signals, which are relayed to the visual cortex through the ON (Fig. 1.3c)[34]. The visual pathway is 
formed of long axons, vulnerable to stress, and the anterior pathway includes 3 main neuronal types: 
photoreceptors, interneurons, and retinal ganglion cells (RGCs). Thirty percent of cerebral cortical 
neurons are devoted to the visual pathways and visual processing and share multiple functional 
components with the rest of the central nervous system (CNS)[109], [110], and thus CNS pathologies 
are often associated with retinal abnormalities[19]. This has facilitated research surrounding 
neurodegenerative (ND) disorders and diseases to characterise associated changes in the 
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morphology, movement and chemistry of the eye and visual tract[111]–[113]. This “window” to 
neurodegeneration in the brain, provides an opportunity for monitoring, triaging scans and diagnoses 
even before the first symptoms of ND disorders become detectable[19], [114]. The success in this 
field suggests the potential for the characterisation of other neurological conditions such as TBI, 
which has a complexity and heterogeneity that makes it difficult for emergency healthcare workers 
and clinicians to accurately diagnose in a timely manner and thus allocate the correct tailored 
treatment.  

1.2.2 Visual Impairment 
Many of the areas of the brain most vulnerable to mTBI are related to vision[52], including the long 
axonal fibres connecting the retina to the lateral geniculate nucleus (LGN) and the LGN to the visual 
cortex, that get distorted by trauma causing diffuse axonal injury (DAI)[42]. There is a further potential 
for TBI indicators to be found in the retina, which is as an extension of brain tissue with biochemical 
changes in the retina occurring after various neuronal disturbances[115], and there is potential for 
ocular manifestations of TBI to be detected by ophthalmic imaging techniques[27], despite the lack 
of prospective data[116], for example, oculomotor deficits may be, demonstrated by eye tracking in 
paediatric patients[104], [117]. Fifty four percent of blast induced TBI patients had global visual field 
loss and visual field dysfunctions were present in all TBI severities[118]. TBI patients described 
symptoms of photosensitivity, blurred and double vision, decreased visual acuity and visual field 

Figure 1.3. The neuroanatomy of the human visual tract a Photoreceptors in retina transform incident light into changes 
in membrane potential. This signal is received by bipolar cells and transmitted to retinal ganglion cells whose axons 
travel to the lateral geniculate body (LGN) in the optic nerve (surrounded with CSF), the optic chiasma and the optic 
tract. In the lateral geniculate body, part of the midbrain, RGC axons synapse with cells of the optic radiation that travel 
to the striate cortex (primary visual cortex) [108]. b Cranial nerves II-VII located within the skull base, responsible for 
vision and eye and facial movement. c The posterior segment of the human eye including the choroid with a dense 
vascular network to supply the outer retina, and the fovea in the centre of the macula containing only cone receptors to 
allow for sharp images in photopic conditions. This figure was created using Biorender.com.
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defects and patients with depressed visual field sensitivity reported subjectively lower visual 
quality[118], [119]. In 500 service members with mTBI there was no difference between the visual 
dysfunctions and symptoms whether sustained through blast or non-blast mechanisms[52]. 
 
1.2.3 Axonal Damage, Blood Brain Barrier Damage, Cerebrospinal Fluid Leaks 
After TBI, axonal damage in both the ON and retina is indicated by ON oedema caused by stretching 
and oxidative stress[120], [121]. Axonal damage is detectable in the ON as early as 1-3 hours 
following trauma, a possible acute TBI marker, and is present as late as 12 weeks post-injury[120], 
[121]. Myelin injury in the subacute and chronic phase is evidenced by demyelination of the ON 
detectable up to 13 weeks after mild, repetitive TBI[119], [122], and in the optic tracts within 7 days, 
although not in the acute phase [123]. A modified impact acceleration (IA) rat model was utilised to 
demonstrate blood brain barrier (BBB) damage and axonal swelling an ON segments[124]. BBB 
damage allows CSF proteins to act as TBI biomarkers in the blood stream and also affects ON tract, 
worsening axonal injuries developed in the ON after mTBI[125]. 
 
The CSF is present in the subarachnoid space surrounding the ON and involved in the ocular 
glymphatic system[108], [126], [127], and may communicate with the eye[128], [129]. Glymphatic 
dysfunction, characterised by the failure to clear interstitial waste and distribute non-waste 
compounds in the brain, is linked to neurological pathologies including TBI, mTBI in particular[126], 
[127], [130], [131]. Interestingly, Plog et al. demonstrated in a murine model that TBI biomarkers may 
be transported from the brain to blood via the CSF in the glymphatic system[132]. Christensen et al. 
explored mTBI in rats, observing an increase in glymphatic influx and decrease in glymphatic efflux, 
resulting in CSF being inadequately cleared, contributing to cerebral edema associated with TBI[126].  
 
There has also been a recent increase in research surrounding Spaceflight-Associated Neuro-ocular 
Syndrome (SANS), which is a series of ophthalmologic and neurologic findings in astronauts 
following spaceflight. SANS encompasses ON head swelling, globe flattening, choroidal/retina folds 
and increased CSF volume in ON sheaths[133], [134]. SANS is believed to be caused by elevated 
ICP and CSF compartmentalisation to the globe or ON[133]–[135], which has been described earlier 
as a common secondary injury of TBI, thus suggesting similar CSF pathology following brain trauma. 
SANS has been measured using optical coherence tomography (OCT), MRI, fundus imaging and 
ultrasound[134], [135]. 
 
Killer et al. analysed the potential compartmentalisation of the CSF after ON disorders and found that 
CSF is biochemically continuous up until the ON, but CSF obtained from the subarachnoid space of 
the ON differed from that surrounding the brain, with both fluids containing different biomarker 
concentrations[136]. Unfortunately, there is a high chance of contamination in the CSF, adding 
complications if measuring the chemical response to TBI. Though, CSF leaks are a common 
complication following all TBI severities, thus the presence alone could be utilised as a TBI 
indicator[137], [138], Apkarian et al. were able to detect beta-2-transferrin in the subconjunctival fluid 
with a 25-gauge needle, a marker of CSF leaks[139]. 
 
1.2.4 Cell Loss 
RGC loss occurs alongside ON degeneration as early as seven days after mTBI and persist at 6 
months post-injury, detectable using OCT both in human and animal studies[124], with the extent of 
RGC loss being proportional to the TBI severity in animal models, showing the potential of OCT as a 
structural diagnostic approach[119]. Axonal injury within the ON may or may not drive RGC loss, 
which may also be affected by cerebral primary and secondary injury[140]. 
 
Many systemic and cerebral neurodegenerative (ND) diseases manifest in the eye including 
Alzheimer’s disease (AD), a form of dementia most commonly associated with memory disturbance, 
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motor neuron disease (leading to muscle weakness), Parkinson’s disease (PD), another form of 
dementia presenting as a movement disorder and Multiple Sclerosis (MS), a CNS disorder that 
causes vision, motor and sensory difficulties[19], [34], [112]. Structural and physical ocular changes 
may be measured in the “early” phases of neurodegeneration[141]–[143]. For instance, Cheung et 
al. linked clinical retinal diseases with dementia, including macular degeneration, glaucoma, and 
diabetic retinopathy, which develop from biochemical pathologies that could be identified even before 
cognitive decline and changes in vision become apparent[20], [107], [109]. 
 
Eye movement and afferent visual abnormalities are amongst the earliest clinical manifestations of 
ND diseases, including PD[34], [141], [144], AD[23], [110], [111], MS[112], [145] and TBI[117], [146]. 
Eye-tracking techniques are typically used to identify oculomotor impairments[144] [147], with strong 
evidence that eye movement disorders associated with the neurodegeneration could provide 
diagnostic information or disease progression evaluation in PD and MS[112], [148]. In addition, eyelid 
function is also abnormal in some ND disorders, being present in patients with neurodegeneration 
such as PD, Huntington’s Disease, Progressive Supranuclear Palsy and Chronic Progressive 
External Opthalmopledia identifying disturbances to blinking rates, eyelid retraction and ptosis 
(droopy eyelid)[141]. 
 
1.2.5 Change in Retinal and Blood Vessel Morphology 
The relationship of changes in ocular structures, such as the retina, ON, choroid, pupil, and lens as 
well as tears, with neurodegenerative diseases has been extensively reviewed elsewhere[19], [20], 
[22], [23], [145]. TBI, AD, MS, cerebrovascular disease, and PD patients suffer retinal nerve fibre 
layer (RNFL) and ganglion cell layer thinning (indicating RGC loss), reduced retinal vasculature, and 
increased neuronal plaques in the visual pathways[19], [22], [86], [109], [111], [149]. Such changes 
are typically monitored through OCT, an in-vivo ocular imaging technique that utilises laser 
interferometry[34], [109], [111], [145], [149].  
 
The retina provides a convenient window to assess neuronal and vascular changes in the CNS[20], 
[23], [107], [109], [114], [149]. Frost et al. suggested that retinal amyloid-Beta tests can differentiate 
between the presence of AD with 100% sensitivity[113], and this association between ND diseases 
and early biomarkers including the amyloid-Beta, tau proteins and inflammation has been further 
echoed in more recent reviews[20], [21], [23], [24], [110]. Further cellular changes investigated 
alongside the ND disorders have been the microglia activation leading to neuroinflammation, which 
translates into retinal inflammation[107], [114].  
 
The retina and ON (Fig. 1.3) can undergo structural changes, unrelated to mechanical shear[150], 
but correlated with the loss of post-synaptic neurones having detrimental effect on RGC, a process 
termed trans-synaptic degeneration and resulting in retinal thinning[116], [151]. CT scans and 
ultrasound have identified ON sheath distention in all TBI severities, related to elevated ICP[152]–
[154], which may also be associated with papilloedema (swelling of the optic disc). Even athletes 
who partake in high-impact sports with no history of even mTBI, show signs of ON damage[155], 
suggesting that it would be difficult to standardise TBI diagnostics without symptoms to warrant 
scans. Multiple studies demonstrated either the RNFL thinning or thickening using OCT after 
TBI[104], [121], [156], with Fig. 1.4 illustrating significant loss in the peripapillary RNFL 
thickness[121], as well as reduced sub-foveal choroidal thinning after mTBI, which also associates 
with disease severity in other ND disorders[111], [156]. However, these structures are also known to 
be affected by age and therefore age-adjusted normative databases are required. Retinal 
photography has also detected changes in the morphology of retinal vessels and fractal analysis 
(markers of cerebral vascular changes post mTBI), with increased arterial and venous tortuosity in 
the acute period and increases retinal venular calibre[115], [157]. 
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1.2.6 Inflammation - Histology, Computerized Tomography and Magnetic Resonance Imaging 
An inflammatory response within the brain can affect the retina via the ON[107]. After TBI, microglial 
activation (indicator of neuron damage and poor CNS health[158]) in both the optic tract and the 
retina, indicated inflammation, within the subacute period (2-7 day) after TBI and inflammation is 
detectable up to 2 weeks following trauma[102], [124], [159]. In a histological study of murine eyes 
and brain subjected to TBI and ocular blast injury, neuron loss biomarkers were not identified, and 
neuroimaging (CT and MRI) was normal, despite inflammation being present after both eye and brain 
injury[123], [159]. Thus, neuroinflammation of the retina and ON may evolve as a diagnostic measure 
of the pathological changes in the brain following TBI as the states of the two are closely related. 
Whilst most studies focus on structural changes, biochemical responses will develop much more 
rapidly than structural changes and may be detectable much earlier in the ND disorder 
pathogenesis[106], suggesting that TBI indicative early-stage biochemical biomarkers being 
detected, identified and characterised in the ocular tract.  

1.3 Biochemical Responses to TBI    
Identifying chemical responses to TBI and correlation with injury severity would enable a better 
mechanistic understanding, development of new diagnostic modalities and opportunities for more 
effective therapies. Recent publications investigate chemical responses to TBI for early and accurate 
diagnostics[36], [61], [160], [161], and the capability to detect changes as early as an hour after 
trauma[162]–[165], in biofluids such as blood, CSF, urine and saliva[166]–[170], using molecular 
sensing techniques[171]. Changes present in biofluids can be termed as biomarkers and 
concentrations correspond to changes in metabolism, vascular function, inflammation, extracellular 
matrix status and damage to axons, neurons and glial cells after injury[76], [172]. TBI is 
heterogeneous without symptoms that define injury severity levels, however, even mTBI can produce 
short periods of neurological dysfunction[166], which can be detected using biochemical 
measurement techniques. Since mTBI is the most frequent injury severity sustained[56], [86], reliable 
biomarkers at early stages post-trauma are essential, and increasing evidence indicates that the 
biochemical biomarkers may be both sensitive and correlate well with injury severity[70]. 
 
NICE guidelines recommend focussing research on biomarkers for diagnosing, monitoring 
progression and stratifying patients with TBI for therapies[7]. Acute, mild to moderate TBI biomarkers 
in blood have been validated with high specificity to negative neuroimaging with the potential to 
eliminate 39% of unnecessary scans[78], [173], potentially saving 39-71 Euros per patient[77]. 
Biomarker-based triaging could focus subsequent hospital-based neuroimaging on those patients at 
greatest need, avoiding unnecessary radiation exposure and facilitating significant savings to the 
healthcare providers[78], [174], [175]. Implementing accurate diagnoses through TBI biomarkers in 

Figure 1.4. OCT measurements of control and indirect, blast 
mediated TBI, murine eye samples, illustrating significant loss in 
the peripapillary RNFL thickness [121].
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the acute phase and, especially, at the PoC could allow better, faster, and more efficient management 
through more accurate and appropriate triage, decision-making, and management[167], [176]. 
 
1.3.1 Biomarkers for TBI Diagnostics  
Many ND diseases and disorders are being detected through biomarker detection[177], [178] [179], 
and, more specifically, increasing TBI biomarkers are assayed in accessible biofluids [36], [61], [76], 
[160], [166], [168], [175], [180], Edalatfar et al. systematically retrieved 540 TBI-relevant biochemical 
markers from blood, CSF, saliva and urine, extracting time of detection and types of measurement 
methods[175]. Pineda et al., stated that ‘good’ biomarkers should be in easily accessible biofluids, 
with low background levels in healthy control groups, have high sensitivity and specificity to all injury 
severities and be released in a “time-locked sequence” after the injury[36], [181], [182]. In addition, 
the response time, clearance, and half-life of a biomarker must be considered, all of which give 
indication of the timeframe during which it can be detected post injury and the expected final baseline 
concentration in bodily fluids[168]. The most commonly used biofluids for TBI biomarker detection 
are blood and CSF, which contain molecular patterns representative of the CNS[183]. Blood samples 
are most accessible in the acute, PoC settings although CSF samples may better model the brain’s 
response to TBI being on the brain side of the BBB[183], however this becomes permeable almost 
immediately after even very mild trauma[125]. Nevertheless, biomarker concentrations in CSF show 
significant interpatient variability[184], making diagnostic procedures difficult to standardise. 
 
Although well recognised and validated, acute TBI biomarkers may overlap with other disease and 
injury processes, such as extracranial plasma or serum, proteins released from damaged cells, 
polytraumatic organ and muscle injury[61], [185], lung tumours[186], and subclinical ND 
conditions[70], [100]. Despite this, in 2007 the Scandinavian healthcare system introduced S100B as 
the first brain biomarker to be used within clinical practice guidelines to predict negative CT scans, 
aiming to reduce the number of unnecessary scans on patients without significant TBI[77], [187].  
 
Recognised biomarkers measured in the acute phase after TBI include, S100B, glial fibrillary acidic 
protein (GFAP), neuron-specific enolase (NSE), Ubiquitin C-terminal hydrolase-L1 (UCHL1), total tau 
(t-tau) protein and αII-spectrin breakdown products[36], [166], which align with standard TBI 
diagnostics, for example measuring raised concentrations of GFAP, S100B, UCHL1 NSE and t-tau 
in blood when abnormalities are present in CT scans[167], [188]. Fig. 1.5 summarises the biomarkers 
identified with TBI progression, categorising them into acute, subacute and chronic phases after 
TBI[36]. Table 1.1 outlines these biomarkers along with some of which are emerging in the field of 
TBI, categorising the associated location, biofluid, sensitivity, specificity and injury severity for each.  
 
The most widely investigated acute biomarkers include S100Β, a calcium-binding protein expressed 
in glial cells of the CNS regulating calcium level, and GFAP, a structural, filament protein of astrocytes 
located in the CNS CSF, associated with astrocyte and BBB injury[56], [166], [168], [175], [177], [182], 
[184], [189], [190]. Acute phase S100B is a powerful TBI biomarker because its concentrations are 
elevated in CSF and serum, by astroglial injury[166], and align with CT abnormalities[36], [174], [191], 
[192], as well as raised ICP and poor outcomes[189], [193], [194].  As S100B is widely researched 
and documented, the healthy baseline concentration in adult serum is stated and agreed to be 
approximately 0.11 ug/L[171], [192], [195]. However, the literature surrounding other sample types 
and TBI severity are varied. Studies tends to focus on elevations and subsequent fluctuations in 
biomarker concentrations following injury, making each one context specific.  Even in the case of 
three studies, all measuring S100B serum concentrations after mTBI within the acute phase using 
immunoassays; all conclude mild levels to be 0.31 ug/L, 0.043 ug/L and 0.39 pg/mL [79], [192]. These 
discrepancies are worsened by different sample types, timeframes, storage methods, patient age 
and measurement techniques, and in-depth discussions surrounding each TBI biomarker behaviour 
post-injury are beyond the scope of this review article. These inconsistencies have led to confusion 
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in characterising the biochemical response, which is detrimental to refinement of new techniques. 
This highlights the value of a technique that utilises repeated, time-sensitive measurements or of 
biomarker panels that allow concentrations to be assayed as ratios to one another.  

 
Table 1.1. Outline of the recognised and emerging biomarkers of TBI with their respective locations, sensitivities, specificities and 
associated injury severities. GFAP = Glial Fibrillary Acidic Protein; UCHL1 = Ubiquitin C-Terminal Hydrolase L1; NSE = Neuron-Specific 
Enolase; t-tau = Total tau; NAA = N-acetyl-aspartate; GSH = Glutathione; RNA = Ribonucleic Acid. Sensitivity/Specificity: High = ≥85%, 
Moderate = 50-84%, Low = <50%. 
Biomarker Origin Biofluid Timeframe Sensitivity Specificity Severity Refs 
S100B Calcium-binding 

protein expressed 
in glial cells 

Blood, 
CSF 

Acute High Low Moderate
, Severe 

[56], [70], [166], 
[168], [175], 
[182], [184], 
[189], [190], 
[194], [196] 

GFAP Structural filament 
protein of 
astrocytes 

Blood, 
CSF 

Acute High High All [36], [56], [70], 
[162], [166], 
[168], [175], 
[182], [184], 
[189], [190], 
[196]–[198] 

UCHL1 Cytoplasmic 
enzyme 
expressed in 
neurons 
 

Blood, 
CSF 

Acute High – less 
sensitive to 
mTBI 

Moderate – 
not CNS 
specific 

All [36], [56], [61], 
[70], [166], [173], 
[180], [196], 
[199]–[203] 

NSE Glycolytic enzyme 
expressed in red 
blood cells 

Blood, 
CSF 

Acute Moderate – 
limited 
evidence for 
mTBI 

High – to 
the brain 

All [36], [56], [162], 
[166], [180], 
[196], [204], 
[205] 

αll-spectrin Cytoskeleton 
protein found in 
axons and 
presynaptic 
terminals 

CSF Acute - 
Chronic 

Moderate – 
limited 
evidence for 
mTBI 

Low All [36], [166], [181], 
[206]–[208] 

t-tau Microtubule-
associated protein 
expressed in 

CSF Acute - 
Chronic 

High High All [70], [78], [166], 
[167], [197], 
[209]–[211] 

Figure 1.5. Illustration of the concentrations of validated TBI biomarkers in the acute, subacute, and chronic 
phases following after the primary injury. Early, on-site diagnostics would be completed within minutes to hours 
following injury and thus, necessitates the need to be sensitive to acute-phase indicative biomarkers [36].  
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neurons and 
astrocytes 

NAA Amino acid 
derivative located 
in neurons 

Blood, 
CSF 

Acute High Moderate All [45], [212]–[218] 

GSH Non-enzymatic 
antioxidant 
present in cells 

Blood, 
CSF 

Acute High Moderate All [219]–[223] 

MicroRNA Small molecules 
regulating gene 
expression 

Blood, 
CSF 

Acute - 
Subacute 

High High All [176], [182], 
[224]–[231] 

 
GFAP is brain-specific and raised concentrations in the CSF[36], [162], [166], [197], appear as early 
as 1-hour post-injury[162]. GFAP is the most discriminatory acute, TBI biomarker for predicting CT 
abnormalities[167], [174], [191], and is also associated with inflammation[232], and patients who 
have sustained blast related TBI[233], having been cleared by the US Food and Drug Administration 
(FDA) to predict the need for CT scans within 12 hours of mTBI[191]. In mild to moderate TBI cases, 
elevated GFAP serum levels have been detected within 1 hour of injury, peaking at 20 hours and 
declining to regular levels by 72 hours[234], [235]. 
 
Biomarkers associated with neuronal damage include NSE, a glycolytic enzyme and UCHL1, a 
protease expressed in red blood cells (RBCs) and CSF, respectively[36], [56], [166]. NSE is 
correlated to posttraumatic inflammation[180], and raised NSE levels, within 4 hours of moderate-
severe TBI may identify patients at higher risk of cognitive dysfunction[205]. The detectability of NSE 
in RBC makes it readily accessible but introduces a risk of cross-contamination in blood samples in 
the event of haemolysis (RBC rupture), rendering it less specific[236].  
 
UCHL1 is a cytoplasmic enzyme found in a high abundance in neurons[61], [163], [165]. Studies 
have identified elevated levels in plasma after mild to moderate injuries (Fig. 1.6a), as early as 1-
hour post-injury, associated with axonal damage and DAI[163], [165]. UCHL1 is sensitive to patients 
with positive CT scans and unfavourable outcomes[173], [180], [199], but has low specificity, in the 
CSF, blood, peripheral nervous system, limiting its utility[61], [203].  
 
αII-spectrin is a cytoskeleton protein in axons and presynaptic terminals[208]. Calcium activated 
products formed during αII-spectrin protein degradation in response to necrosis (uncontrolled cell 
death) are a potential TBI biomarker for secondary injuries such as, ischaemia[36], [166], [168]. t-tau 
protein is a microtubule-associated protein expressed in neurons and astrocytes[166], and 
associated with ND disorders including AD[237]. t-tau levels are elevated at various injury 
severities[167], [197], and in association with DAI[78], [211], as early as 1 hour after TBI and 
correlated with positive findings on CT[180], [210], as well as self-reported symptoms after mild 
TBI[61]. MicroRNAs are small molecules that contribute to gene expression regulation, blood, CSF 
and brain tissue levels [176], [182], [224], [225], [227]–[229]. It has been demonstrated that microRNA 
expression is altered across all TBI severities over time periods ranging from 1 hour to several days 
post-trauma[176], [230], [231].   
 
Plasma S100B and GFAP have been shown to remain elevated throughout the entire 24-hour period 
after TBI and were consistently more elevated in TBI patients with unfavourable outcomes (Fig. 
1.6c)[193]. Both astroglial injury biomarkers combined have the potential to be used as a duo-marker 
panel for reliable and sensitive TBI diagnostics and outcome predictions, or with other multiple 
biomarkers such as UCHL1 and GFAP to give high diagnostic accuracy[201], [238], [239]. 
Nevertheless, using biomarkers in tandem does not always outperform S100B or GFAP alone[167], 
[193]. On the other hand, UCHL1 may be the dominant blood biomarker, with little additive effect of 
combining with GFAP and S100B[173]. Ongoing studies towards the clinical application of these 
biomarkers for TBI diagnostics[240], combined with the advancements in biomarker sensing 
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techniques and increasing data on the biofluid markers correlating with underpinning pathologies, 
suggest a great promise for future TBI diagnostics.  
 
1.3.2 Emerging TBI Biomarkers 
N-Acetyl-Aspartate (NAA) is a highly abundant amino acid derivative in adult brain neurons[212], 
[241], produced by neuronal mitochondria and thus, levels reflect mitochondrial oxidative metabolic 
status and stress[213], [214], [242], and is therefore a biomarker of neuronal and axonal function and 
loss[45], [214]–[217]. DAI, direct injury and ischemia are a frequent cause of neuronal injury[45]. 
Shannon et al. utilised microdialysis to establish elevated extracellular NAA levels after TBI due to an 
efflux of NAA due to adverse brain chemistry which then decreases in the 50-96 hour period post-
injury[212]. This fluctuation in eNAA levels over the subacute time-course of a TBI was explored by 
Belli et al., and illustrated in Fig. 1.6b, reporting low-levels in severe  survivors followed by a large 
peak, whereas non-survivors expressed irregular levels throughout[214]. Fu et al. demonstrated 
decreased NAA concentration in normal-appearing white matter after axonal damage, linking NAA 
levels with mitochondrial dysfunction and acute inflammatory lesions[242], [243]. Malisza et al. found 
that in ischaemic rat brains, there was a continuous decrease in NAA levels in animals with tissue 
death[244], replicated in other TBI studies[212], [215], [245], with brief elevation after insertion of a 
cerebral catheter for microdialysis and polyethylene catheters for blood sampling and pressure 
monitoring[212], [241], [246]. NAA is also detectable at PoC using a non-labelled lab-on-chip device 
and Raman spectroscopy to measure an immediate NAA spike in severe TBI patient blood samples 
up to five control group levels, decreasing over 24 hrs post-injury[213].  

 

Figure 1.6. Examples from literature of TBI biomarker (UCHL1, NAA, S100B, GFAP and NSE) levels changing following 
trauma. a Mean UCHL1 levels in uninjured and in TBI patient groups, illustrating increased levels after trauma, with 
measurements taken from serum 4h post trauma. Analysed using an enzyme-linked immunosorbent assay (ELISA) 
kits[163]. b Time-course of eNAA using microdialysis in severe TBI survivors and non-survivors, demonstrating irregular 
levels in non-survivors and low levels followed by a large spike in survivors [214]. c Plasma concentrations of S100B, 
GFAP & NSE of moderate-severe TBI patients within the first 24 hours of hospital admission [193].
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The BBB is compromised in the acute phase after head injury with increased glutathione (GSH) 
levels[219]. GSH is a non-enzymatic antioxidant present in cells, that has a role in protecting cell 
membranes from oxidative damage and maintaining the integrity and function of the BBB[207], [220]–
[222]. Low GSH suggests oxidative damage and can initiate oxidative stress-mediated neuronal loss, 
and associates with neurological disorders including AD, PD, MS and TBI[222], [247], outlining GSH 
as a potential acute TBI biomarker, although variable GSH levels in healthy control groups and 
potential of artifacts in detection may limit utility[223].  
 

1.3.3 Potential Eye-Based TBI Biomarkers 
Levels of GFAP and UCHL1 increased in plasma after direct trauma in a porcine ON crush 
model[248]. Table 1.2 summarises ocular changes associated with TBI and the pathologies that alter 
indicative biomarkers that may be present in ocular structures, blood, or CSF after trauma.  
 
t-tau and NAA are potential candidates, since t-tau has been identified in the retina in AD[20], [21], 
[23], [24], [110], and NAA is sensitive to ocular pathologies after TBI such as neuronal and axonal 
damage[215], [216]. t-tau, NAA, αII-spectrin, GSH and NSE are all expressed in or associated with 
neurons and axons[78], [166], [208], [247], and their release after TBI therefore suggests neuronal 
and axonal damage[122], [214], such as retinal ganglion loss and RNFL thinning[120], [124], [156]. 
NAA, NSE and GFAP are also associated with inflammation[180], [232], [242], which is also an ocular 
response to TBI, particularly within the ON[102], [124], [159]. 
 
Disproving CSF compartmentalisation would suggest the possibility of biomarker detection in the 
CSF such as, the GFAP[36], [166], [197], UCHL1[36], [56], S100B[56], [190], αII-spectrin[181], and 
MicroRNAs[182], in the retrolaminar CSF (behind the ON head) and potentially in the eye. This is 
particularly applicable to the detection of GFAP, since it is a marker of BBB dysfunction[36], [166], 
[197], which facilitates the CSF leakage[125]. 
 
Table 1.2. Potential biochemical eye-based TBI biomarkers and their associated ocular manifestations. The strongest biomarker 
candidates have been included because of their specificity and sensitivity to TBI severity. 

Ocular Manifestations of 
TBI 

Strongest 
Biomarker 
Candidates 

Refs Associated Biomarkers Refs 

Neuronal and Axonal 
Damage 
 

t-tau, NAA [42], [78], 
[120], [122], 
[166], [214] 

αll-spectrin, GSH, NSE, UCHL1 [36], [42], 
[56], [61], 
[120], [122], 
[164], [208], 
[247] 

Retinal Ganglion Loss and 
RNFL thinning 
 

t-tau [124], [249]–
[251] 

NSE, GSH, NAA [124], [252] 

Neuroinflammation 
 

NAA, S100B [102], [242], 
[253]–[255] 

NSE, GFAP [180], [232] 

Chemical Response in 
CSF 

t-tau, GFAP, NSE [36], [166], 
[190], [197], 
[249] 

UCHL1, S100B, αll-spectrin, 
microRNAs 

[36], [56], 
[181], [182], 
[190] 

 
 
1.4. Biomarker Detection Techniques  
Developments in correlating TBI biomarker levels with trauma severities would constitute a major 
step towards more accurate identification and understanding of head injuries, particularly mild TBI or 
concussion[181]. This would also enable a better grasp of the underlying molecular mechanisms and 
signalling pathways, facilitating improvement in management, recovery  and potential drug 
treatments[181], [256]. Biomarker detection methods discussed below have the potential to be 
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implemented for continuous monitoring throughout the various stages of TBI, unlike the 
aforementioned common TBI diagnostic methods, many of which are invasive, time-consuming, 
expensive, or potentially harmful due to the ionising radiation or risk of infection. Though biomarker 
readings can be seen as single time-point measurements, work is ongoing to develop kinetic models 
of TBI biomarkers to predict the concentration trajectory up to 12 hours following injury[171]. 
 
These molecular sensing techniques all exhibit attributes as potential routes for biomarker detection 
and TBI diagnostics however currently, no single method has the capacity to measure in-vivo biofluids 
rapidly, effectively, and non-invasively. Urine is a potential ex-vivo biofluid for detection of brain 
biomarkers [169], however, it has low specificity, varying sample volumes and indirect route for 
sampling, making it often highly diluted once released from the kidney and requiring patient’s 
cooperation[162]. Saliva has also been investigated as a potential biofluid for TBI biomarkers[166], 
[170], and whilst it is easy to collect non-invasively, only S100B and UCHL1 have been so far 
successfully measured from it [160], with the analysis typically including an additional step of 
exosomes isolation thus, introducing additional challenges for real-time measurements and 
diagnostics [257]. Biomarker sensing techniques which require ex-vivo sampling incorporate 
additional risk of samples being affected by preparation and preservation methods as was illustrated 
by Abdelhak et al. who has freeze- thawed CSF samples over 5 cycles showing a 50% decrease of 
the GFAP within those[258].  
 
Habli et al. summarised all commercially available PoC TBI devices and their respective FDA 
clearance statuses, listing eight systems, half of which are based on biomarker evaluation and only 
two have FDA clearance[68]. The FDA approved the Banyan Trauma Indicator (BTI), a novel 
biomarker screen to aid triaging of mild to moderate TBI patients before undergoing CT scans, with 
the intent of reducing costs and exposure to radiation, along with increasing availability to other 
patients. The BTI measures the UCHL1 and GFAP levels in blood samples, indicating the presence 
of intracranial lesions in the form of positive or negative assay results[259], [260]. A study was carried 
out to determine the cost-effectiveness of this product, concluding that for moderate injuries, the test 
would need to considerably cheaper[259], [261]. The test utilises limited biomarkers that have been 
detected within 12 hours of brain trauma and reportedly it takes 3-4 hours for results to become 
available[259], [261].  
 
In clinical settings, optical techniques are favoured for being highly sensitive, non-destructive and 
rapid. Optical brain imaging methods capable of identifying microscopic structure and function have 
been continuously developed over the past 40 years since Jöbsis first measured brain blood and 
tissue oxygenation using near-infrared light[262], [263]. We summarise some of these techniques 
below as they show potential for translation to the ocular system, and Fig. 1.7 overviews how some 
of these techniques have been used in literature to detect or monitor TBI biomarkers to date[264].  
 
1.4.1 Mass Spectrometry 
Mass spectrometry measures the mass-to-charge ratio of gas-phase ions, which involves ionising 
the sample to break down molecules into fragments of separate masses and analyse them[183], 
[265]. However, this method typically requires samples to be analysed under a vacuum and to be 
ionised, limiting its use in continuous, in-vivo measurements due to difficulties in maintaining 
physiological states of biological samples[265]; as continuous measurements are necessary for 
determining TBI severity, this limits the potential of mass spectrometry as a TBI monitoring technique.  
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Mass spectrometry is often compared to another metabolomic technique, nuclear magnetic 
resonance (NMR), which can be utilised in-vivo when combined with magnetic resonance 
spectroscopy and capable of non-destructive sample analysis, but has a lower sensitivity than mass 
spectrometry[266]. Such comparisons highlight the strengths of mass spectrometry, including the 
large number of metabolites its capable of detecting and low skill required to implement it (ideal for 
PoC settings). However, the requirement for extensive sample preparation and sample destruction 
prevent in-vivo applications and greatly limit use pre-hospital or to obtain real-time monitoring 
data[267]. Mass spectrometry can be applied to microdialysis samples which is obtained by a 
catheter inserted through a lumen into the brain, where perfusion fluid is pumped through the 
catheter[189]. The tip of the catheter allows diffusion of sample fluid along a concentration gradient 
to equilibrate with the perfusion fluid, mimicking a blood vessel and sampling extracellular fluid without 
blood withdrawal[268]. The extracted fluid may also undergo high-performance liquid 
chromatography, resulting in separation of the chemical components[212], [269]. Studies have 
successfully detected TBI biomarkers using microdialysis including for instance, S100B and 
NAA[212], [214], [220], [246]. However, artefactual disruption from catheter insertion with increase in 
injury markers has been observed in many studies[212], [241], [245], [246], pointing towards an 
inconvenient waiting period after catheter insertion to allow biomarkers to reach a steady state.  
 
1.4.2 Magnetic Resonance Spectroscopy 
Magnetic resonance spectroscopy (MRS) is an in-vivo analytical technique that non-invasively 
interrogates brain tissue metabolism. Similar to MRI, radio-frequency electromagnetic radiation is 
used to excite nuclei into alignment and then stopped to allow nuclei to return to their original state, 

Figure 1.7. Examples of chemical sensing techniques utilised to measure TBI biomarkers a NAA levels measured as 
metabolite ratios in mild TBI patients and healthy volunteers using proton MRS. Measurements were taken 1-20 days 
following trauma and indicate higher NAA concentrations in mild TBI patients than controls [264]. b Surface Enhanced 
Raman Spectroscopy (SERS) used to measure ex-vivo samples, determined that SERS can detect a clear change in 
spectra when measuring multiplex immunosensors after incubation with varying concentrations of S100B and NSE 
[161]. c in-vivo measurements of S100B, from brain extracellular fluid, using microdialysis. S100-B levels peak in 
alignment with periods of raised ICP following TBI. [189]. d SERS used to measure NAA concentrations in finger-prick 
blood plasma samples at t = 0 (black) and t = 8 hrs (red) following TBI, compared to healthy volunteers (navy) [213].



35 
 

creating a fluctuating magnetic field which is detectable as a current induced in the receiver coil[217], 
[270]. In a complex chemical environment, nuclei are shielded from the main (external) magnetic field 
by the electrons surrounding the nucleus. This electron shielding results in small changes of the 
frequency of the MR signal detected and is called the chemical shift and is the basis for metabolite 
identification using MRS. This creates an output in the form of a spectrum which provides the 
information on which molecular bonds are present in the sample in the form of spectral bands located 
at unique wavenumbers, which are split into regions representing vibrational modes and with 
intensities indicating the relative concentration of each molecule[271].  
 
Proton MRS uses the radio-frequency signal from MRI to obtain a chemical shift from a sample, 
which indicates its metabolite concentration via spectral peaks[71], [217], [272], obtaining the 
biochemical information of an otherwise morphological scan[215]. Were proton MRS pursued for TBI 
diagnostics then it could be easily implemented within a pre-existing MRI facility, which are available 
in most western hospitals.  Proton MRS is the most used MRS technique for studying brain 
metabolism after TBI and measures several metabolites. Several targets of proton MRS may have 
value as prognostic indicators including NAA, choline, myoinositol and lactate[215], [273], [274]. Of 
these NAA and choline are decreased and increased in severe injury respectively, and together may 
be the most reliable indicators of eventual outcome[273].  
 
MRS holds great potential in the post-injury follow up period, when it may be useful for monitoring 
neurodegeneration, which can complicate the long term follow up of patients with TBI[275]. However, 
there are drawbacks of MRS that may deter researchers from establishing standardisation. Patients 
with restlessness preventing them from lying still for a prolonged time are excluded or must undergo 
anaesthesia to ensure they are stationary, delaying diagnoses and potentially interfering with other 
assessments[215], [217]. Proton MRS also requires specialised knowledge to align and calibrate 
each measurement, along with a well-trained, dedicated personnel to regularly service it. 
 
1.4.3 Fluorescence to Detect TBI Biomarkers 
Fluorescence occurs when incident light undergoes the Stokes Shift, in which the scattered light has 
longer wavelengths than that of the source[276]. Whole-body fluorescent imaging has been 
performed on cryolesioned mouse TBI models to measure apoptosis using near-infrared molecular 
probes and tracers[277]. Fluorescent microscopy can also be used to monitor apoptosis (cell death) 
after TBI and has been done so to image Rabbit anti-AIF and anti-EndoG antibodies[278], [279]. 
Inverted fluorescence microscopy has been used in animal studies to image nitrogen monoxide NO 
in real-time[280], BBB degradation increases NO levels, an important TBI free radical, however, there 
are currently few viable techniques for in-vivo imaging of NO brain concentrations in humans[281], 
though there has been success in ophthalmic applications.  
 
Cordiero et al. have utilised fluorescent signals with confocal laser scanning ophthalmoscopy to 
single retinal nerve cell apoptosis in-vivo and termed the technique detection of apoptosing retinal 
cells (DARC)[282], [283]. DARC was developed to diagnose glaucoma in the early stages before 
vision loss and has been translated into humans to identify retinal cell apoptosis in retinal images of 
glaucoma patients, finding DARC counts were significantly higher (correlating to a greater number of 
apoptosis) in glaucoma patients compared to healthy controls, and even more so for those with 
increased disease progression, indicated by the optic disc, RNFL and visual parameters[284]. 
Fluorescent microscopy combined with ophthalmoscopy has the potential for monitoring DARC 
counts in-vivo in the acute phase of TBI to diagnose and characterise injury severity, but require 
numerous patient preparation steps, firstly being a single injection dose of ANX776 to visualise cells 
during imaging, followed by pupillary dilation. 
 
Bermond et al. imaged human retinal pigment epithelium (RPE) cells from ex-vivo fovea, perifovea 
and near-periphery, using confocal fluorescence microscopy[285]. Whilst Fundus Autofluorescence 
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(FAF) is proving a promising tool for monitoring posterior uveitis (inflammation)[286], [287]. FAF 
utilises blue-light excitation to form a brightness map and it is found commercially in fundus cameras, 
confocal scanning laser ophthalmoscopes and ultra-widefield imaging devices[288]. FAF falls short 
due to its low signal strength and the tendency to produce autofluorescence artifacts, all whilst being 
potentially harmful to the retina and causing patients’ discomfort without device-specific 
mitigations[288]. These challenges have been overcome to achieve FAF systems capable of 
diagnosing and monitoring age-related macular degeneration, central serous chorioretinopathy, 
macular dystrophies and more, discussed in Yung et al., but it does not so readily detect inner retinal 
(retinal ganglion cell) damage [288]. Malamos et al. utilised lipofuscin, the main source of 
autofluorescence in human fundus, in patients diagnosed with uveitis using FAF, demonstrating its 
potential as a non-invasive, single follow-up tool for progressive inflammatory disorders affecting the 
outer retina[289].  

1.4.4 Hyperspectral Imaging 
Hyperspectral imaging (HSI) involves the acquisition of two-dimensional images across a broad 
range of the electromagnetic spectrum. The precise number of wavelengths varies in the literature 
and there is some overlap and often arbitrary differentiation from multispectral imaging (MSI). 
However, HSI is differentiated from MSI by primarily relying on the use of narrow adjacent spectral 
bands over a continuous range, as opposed to the discrete and spaced wavelength bands in 
MSI[290]. The number of bands can range from two up to several hundred. Target illumination is 
delivered by a white broadband light source e.g., a halogen lamp, although supercontinuum lasers 
may also be used. The specific interactions of the light with the various chromophores in the tissue 
can result in reflected, emitted or fluorescent light from the sample, which are received by a 
detector[291], [292]. 
 
HSI can provide real-time images of a sample and as such has application in many tissues and 
biological contexts. Regarding the brain, it has been used to assess cerebral blood flow and tissue 
oxygenation[293], and unlike  (NIRS), HSI is able to provide high 
resolution images and can potentially target multiple chromophores at a time. One drawback is that 
it is an invasive procedure requiring access to the target tissue, limiting its potential for in-vivo human 
applications, due to complications introduced by complex imaging equipment and computational 
issues[294]. However, there are a limited number of HSI applications for in-vivo brain metabolism 
and haemodynamic measurements, reviewed here[294], and it has successfully been used to image 
retinal vasculature[295], [296]. Due to the close relationship of retinal and cerebral physiological 
states[296], the investigation of retinal vasculature with HSI in the context of TBI is promising[19]. 
 
Multispectral imaging has also been developed towards ophthalmic applications, although again 
these are focussed on the outer retina. Histological parameters have been extracted from 
multispectral images of the human ocular fundus to map the concentration and distribution of the 
retinal haemoglobins, choroidal haemoglobins, choroidal melanin, RPE melanin and macular 
pigment[297], [298]. Further work has completed in this field to obtain images of the human retina in 
rapid succession to eliminate discrepancies from saccades (natural eye movements) and reduce 
exposure times to 0.05s[299]. This exploration of multispectral imaging establishes it as viable as a 
quantitative analysis technique for the diagnosis of eye diseases like diabetic retinopathy and age-
related macular degeneration (AMD)[299], and developments in novel multispectral analysis 
methods would reduce long computational times to aid the practicality of multispectral imaging being 
used in clinical settings[300]. 
 
1.4.5 Near-Infrared Spectroscopy 
NIRS is an in-vivo technique that has undergone considerable testing in human subjects[301]–[303]. 
It utilises wavelengths between 700 nm and 1000 nm, which can penetrate the skull and several 
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millimetres into brain tissue, to monitor brain cortical perfusion and oxygenation. Attenuation of 
reflected light by differential chromophore absorption including oxygenated and deoxygenated 
haemoglobin and cytochrome-c-oxidase[304], enables their quantification in tissues, and 
determination of cerebral oxygenation changes as a ratio of oxy to deoxyhaemoglobin[305].  
 
NIRS cannot discriminate between arterial, capillaries or venous blood and therefore provides a 
combined reading of tissue blood oxygenation. As venous blood is most abundant within the cranium, 
the normal cerebral oxygenation value obtained by NIRS is lower than that obtained by pulse 
oximetry which assess the pulsatile arterial blood oxygenation signal[306]. NIRS correlates with 
jugular venous blood oxygenation[307], which is indicative of the relationship between cerebral blood 
flow and cerebral metabolic and oxygen requirements[308]. Thus, where cerebral perfusion may be 
decreased by raised intracranial pressure or systemic blood volume loss, or cerebral tissue metabolic 
changes take place[309], NIRS enables the assessment of brain tissue oxygenation and cerebral 
perfusion, as well as the inference of changes in cerebral perfusion autoregulation and metabolic 
state during the early post-traumatic period. 
 
Rodlan et al. investigate and review the promising applications of NIRS in TBI monitoring, collating 
examples of experiments that find good agreement between NIRS and current gold standard 
techniques, i.e., neuroimaging, ICP monitoring[310]. They highlight that algorithms used within NIRS, 
wavelengths and source-detector separation differ between commercial systems, complicating direct 
comparisons and thus hindering the ability to characterise pathologies such as TBI severity. This 
challenge is exacerbated by extracerebral contamination introduced, the scalp, skull and CSF, and 
regional differences in pigmentation and pathophysiology[304]. 
 
1.4.6 Terahertz Spectroscopy 
Terahertz (THz) spectroscopy uses electromagnetic radiation in the wavelength range between 
microwaves and infrared to detect properties of matter. The vibrational and rotational energy of many 
biomolecules, such as proteins, are within this range thus making it an effective analytical technique 
that does not require pre-processing or labelling[311], [312]. The high sensitivity THz spectroscopy 
with the content and state of water in biological tissues has drawn interest in biophotonics[313], whilst 
also exhibiting non-invasive and non-ionizing characteristics[314]. Whilst it has been investigated in 
live animal models of TBI, successfully differentiating between traumatised and normal brain 
tissue[314], [315], it is used as an ex-vivo technique and requires tissue to be sectioned. Wang et al. 
identify THz spectroscopy as an early diagnostic tool for blast-induced TBI and able to differentiate 
the serum and CSF of mice with differing TBI severities[315]. Therefore, as a future clinical tool, THz 
spectroscopy would be much better suited for the analysis of liquid samples such as serum and CSF, 
rather than a PoC diagnostic technique. However, THz spectroscopy is a relatively new biochemical 
imaging technique, and current limitations may be due to the lack of representation in literature. 
Further research efforts could identify THz as an ideal tool for rapid, label-free biological imaging. 

1.5 Raman Spectroscopy 

1.5.1 Raman Spectroscopy Theory 
RS is a powerful, sensitive and specific technique capable of measuring the chemical composition of 
complex samples, which can be accomplished non-invasively in a label-free manner[316], [317]. In 
this process, illustrated in Fig. 1.8a, incident monochromatic coherent light provides identical packets 
of energy in the form of photons. In Raman scattering or inelastic scattering, incident photons are 
momentarily absorbed, setting the sample molecule into a bigger vibration, transitioning it to a higher 
excited, vibrational “virtual” state, resulting in the release of a new photon when the molecule falls 
from the virtual state back to a lower state[271], [318], [319], the scattered photons have a different 
energy from the incident ones, with a change equal to the energy required to vibrate the molecule to 
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the higher excited state[320]. Each type of a molecular bond vibrates at a different frequency, 
requiring different amounts of energy for photons being scattered and thus, different frequencies 
hence, constituting of the Raman signal.  

 
Given that the intensity of a Raman signal is a millionth of that of the incident light source, due to the 
low probability of inelastic scattering[318], it is vital for the sufficiently sensitive RS system to be 
constructed using high-performing components to ensure minimal signal loss. A generic RS set-up is 
provided in Fig. 1.8b[321], the Raman signal is fed into a spectrometer where it can be detected and 
converted into a visual output as a spectrum of wavenumber (cm-1) against intensity (arbitrary 
units)[317].  
 
A wavenumber is the spatial unit of frequency, indicating the difference between the energy and thus, 
wavelengths of the incident and scattered photons[318]. This results in multiple peaks that represent 
the vibrational modes that are characteristic for each molecule present in a given sample, creating a 
biochemical molecular fingerprint for a certain excitation wavelength[318]. A representative Raman 
spectrum of ethanol shows the characteristic peaks at 882cm-1 due to C-C-O bond symmetric 

Figure 1.8. a Diagram of the energy transitions involved in Raman (inelastic) scattering compared to Rayleigh 
(elastic) scattering. In Stokes scattering, the incident photon has greater energy than the scattered photon, whereas 
the incident photon in anti-Stokes scattering has lower energy [124] b Schematic diagram of a generic Raman 
Spectroscopy system [321] c Representative Raman spectrum of Ethanol with a prominent characteristic peak at 
882cm-1 of the C-C-O bond symmetric stretching vibration [322]. d Schematic of a Raman fibre optic probe, an 
example of a popular RS development for clinical applications, used here for a optical core needle biopsy for in-
vivo detection of brain cancer tissue [336].
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stretching vibrations along with two peaks at 1050cm-1 and 1090cm-1, due to the C-O bond scaling 
and C-C-O bond stretching vibrations, respectively (Fig. 1.8c)[322], [323].  
 
The many attributes of RS have indicated a potential promise for its implementation in clinical 
settings, including its sensitivity in rapid molecular sensing and the unique capability to be employed 
outside the laboratory without significant loss of performance[183], [324]. Furthermore, for biological 
applications, where often a high-water content is present, RS, utilising visible or near-infrared light, 
enables highly resolvable in-vivo measurements with the signal from water being negligible due to 
the reduced absorption effects[316], [317]. In the past decade RS systems have become more 
portable, modular and more sensitive by utilising optical fibres, endoscopes, nanostructures and 
micro-spectroscopy[213], [324]–[326], making them more suitable for clinical and PoC 
applications[327].  
 

1.5.2 Raman Spectroscopy in Neurodegeneration 
Raman spectroscopy (RS) has shown promise in neuro-applications and has been utilised to analyse 
neurochemistry[328], [329], in-vitro neuronal cells[330], cancers[331], [332], and cerebral brain 
metastases[324], [333]. Fibre optic Raman probes are handheld systems comprising an optical arm 
to deliver excitation light and a collection arm to detect the Raman signal[317], [325], [334], [335]. 
There have been numerous fibre optic Raman probes developed for clinical applications, Fig. 1.8d 
features an example, that can diagnose numerous cancers ex-vivo using either biopsies or blood 
samples[336], as well as imaging intact brain tissue during a surgery[324], [336], [337], directly 
measuring the CSF obtained through existing external ventricular drainage devices[338]. 
 
RS also detected neurodegeneration, allowing early and sensitive neurodiagnostics through the 
rapid, non-invasive spectroscopic assessment of biofluids at the point-of-injury[161], [339]. Most 
current successful RS systems are geared towards ex-vivo characterisation of ND diseases, 
focussed on the study of blood and tissue in both animal and human models, with only a single 
human study of MS, in which Bergholt et al. investigated the lipid content of post-mortem brain 
tissue[340]. Further studies employed Coherent Anti-Stokes Raman Spectroscopy (CARS) in murine 
MS models[341], and on tadpoles using surface enhanced Raman spectroscopy (SERS), showing 
the in-vivo capability for real-time imaging of an MS model[342], highlighting the non-destructive 
nature of RS for research into neurological diseases. 
 
RS applications in AD diseases are more extensive and the research is majorly split into the 
characterisation of CSF or blood to identify protein and lipid biomarkers[318], [343]. The tracking of 
blood biomarkers has been investigated with SERS and CARS to allow for very low concentrations 
of tau protein and amyloid-beta to be monitored[344]–[346]. RS also allowed sensitive AD detection 
using SERS, detecting trace level amyloid-beta[334], [347]. Although, most studies concluded that 
further larger scale clinical validation and optimisation was required for successful transition into a 
clinic, they highlighted the rapidness, sensitivity, and specificity achievable using the various RS 
methods, successfully measuring various neurological molecular changes in patients.  
 

1.5.3 Raman Spectroscopy in TBI 
RS is a non-invasive technique able to measure biomarkers rapidly and in real-time. As a molecular 
sensing technique, RS could be a powerful method for detecting TBI indicative biomarkers[183], 
particularly given the significant cascade of biological and chemical metabolic changes 
accompanying TBI, which could provide diagnostic information in the acute phase and detect the 
development of secondary injuries[56], [238]. User-friendly, hand-held PoC devices capable of 
monitoring a panel of TBI biomarkers, using miniaturised RS hold the biggest promise for TBI 
diagnosis[168], [271], [319], [332].  
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The multiplex ability to obtain chemical information and detect low-level biochemical changes in 
tissue samples makes it a potentially powerful technique in, not only diagnosing TBI but also in, 
deciphering between mild, moderate, and severe cases. RS applied in animal TBI injury 
models[348]–[350], and human plasma[213], [351], demonstrates the feasibility of spectroscopically 
identifying and classifying head injury and its severity, and how RS can monitor changes in tissue 
biochemistry after trauma[348], [349]. 
 
TBI indicative biomarkers from human plasma have been characterised using SERS. One system 
demonstrates that combining an optofluidic, SERS lab-on-a-chip with a portable RS system presents 
promise for injury diagnostics and subsequent monitoring by profiling the levels of the NAA, S100B 
and GFAP[213]. Another system incorporates portable SERS into a disposable paper-based lateral 
flow strip to detect NSE in blood plasma samples[352]. Both methods provide alternatives to 
commonplace Enzyme-Linked Immunosorbent Assay (ELISA) approaches that can be deployed 
rapidly, portably and with small sample sizes, ideal parameters for PoC settings. SERS has also been 
utilised for ex-vivo studies in detecting and monitoring TBI biomarkers in various biofluids[353], [354].  
 

1.5.4 Raman Spectroscopy and the Eye 

1.5.4.1 Ex-Vivo Studies 

RS analysis of tears and tear meibum have shown promise, studying composition[355], [356], eye-
related disease[357], [358], non-eye-related  disease[359], [360] and contact lens use[361]. RS of 
tears has also been used for assessments of AD and mild cognitive impairment using principal 
component analysis (PCA), to detect change in healthy and disease states[356]. RS can monitor 
changes due to surgery, therapy and age[362]–[365]. In addition, Resonance Raman Spectroscopy 
(RRS) determined the efficacy of a scleral iontophoresis device (drug delivery through a gradient) by 
measuring the levels of lutein in the sclera, choroid, retinal periphery and macula following 
therapy[364], and analysed age-related changes in ex-vivo Bruch's membrane samples, the inner-
most layer of the choroid, suggesting the potential of doing the same in-vivo to determine those at 
high risk of ocular disease and the success of therapy and also that Bruch’s membrane and sclera 
are composed of similar biomolecules, suggesting the sclera could be used as a viable (and more 
readily accessible) surrogate marker for changes in the Bruch's membrane[365], [366].  
 
Ex-vivo studies of enucleated human eyes have shown promise for development of ocular RS[364], 
[367]–[370]. The retina has a dense neuron structure and it is a highly metabolically active tissue[115], 
[371], which can be accessed externally through the optics system of the eye to perform RS. A 
method to measure carotenoid levels in flat-mounted retinae, was an initial proof-of-concept for future 
in-vivo studies[372], [373], using carotenoids (a biomarker for macular pigment level), detecting lutein 
and zeaxanthin resonance enhancement when excited by a 488 nm excitation wavelength, which 
has been widely replicated[362], [364], [367], [374], [375]. The presence of validated TBI biomarkers 
in the eye such as elevated concentrations of tau, (detected using immunohistochemistry), in the 
retina supports the potential of TBI as an ocular diagnostic tool[124].  
 
Stiebing et al. continued previous work in mouse retinae, identifying retinal layers using RS and 
discriminating between healthy and AD subjects[142]. They found that spectra obtained of en-face 
healthy and AD retinae are not distinguishable without statistical analysis to detect underlying 
changes (Fig. 1.9a), which was able to correctly recognise AD retinae with a sensitivity of 86.2%[142]. 
The inclusion of en-face samples, as well as probing the retinal layers, mimics in-vivo measurements 
which makes the study more translatable once an in-vivo system has been achieved. Marro et al. 
studied in-vitro murine retinal cultures treated with lipopolysaccharide to create an MS model of the 
retinal ganglion cell layer (GCL) using an in-vivo RS measurements of the tissue, examining 
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neuroinflammatory molecular changes as a function of time[376]. Subsequently, curve fitting with 
known retina components was utilised to de-convolve the Raman spectra highlighting bands which 
undergo changes with increasing treatment time (Fig. 1.9b)[376]. The authors identified markers in 
the molecular components of the RGC layer which indicate changes in inflammatory mediators, 
components of mitochondria and fatty acids during neuroinflammation.  

 

1.5.4.2 In-Vivo Studies 

In-vivo RS measurements of the lens has also been explored with the aim to identify the presence of 
artificial intraocular lenses used for the treatment of cataracts and investigated the effect of lens 
yellowing and transparency loss on in-vivo RS measurements[375], [377]. In post-mortem lenses of 
7 dementia patients with confirmed diagnoses of AD high lens amyloid-beta levels did not correlate 
with brain tissue immunostaining, although the research demonstrated that RS could take non-
destructive measurements in the eye[378]. Martinez-Lapiscina et al. explored the prospect of 
monitoring inner nuclear layer thickening within the retina by coupling RS with a confocal scanning 
laser ophthalmoscope. The study measured key molecules of inflammation and neurodegeneration 
in human retina, demonstrating the potential of RS non-invasively addressing molecular changes of 
in-vivo CNS via the retina[143].  
 
Previously mentioned stimulated Raman techniques, such as SERS and CARS, are of interest to 
researchers seeking Raman-based solutions in biological samples. In particular, CARS has been 
successfully implemented for spectroscopic imaging of in-vivo retina of nonhuman primates, favoured 
as sample preparations such as fluorescent dyes are not required[379][380], but requires longer 
measurement times due to low fluorescence, which is of interest in obtaining spectra from biological 
tissue [381]. CARS utilises multiple laser beams, commonly a pump beam and Stokes beam which 
produce four types of simultaneous Raman processes when the frequency difference between the 
two beams corresponds to a chemical bond vibrational frequency within the target sample[382]. 
Whilst it is stated that CARS can produce signals orders-of-magnitude stronger than RS[383], the 
mutli-laser set-up that sometimes requiring an additional probe beam limits its applications in portable 
devices and complicates meeting eye-safety regulations. Masihzadeh et al. provide an example of 
this applying CARS for imaging mouse tissue, requiring a 1064 nm laser to direct two near-IR beams 
to the sample. In this process, a 532 nm beam was generated which complicates eye-based systems 
that aim to be invisible to the human eye to avoid pupil contraction[379]. Petrov et al. achieved a one-
laser CARS set-up; however, the signal was only ~100 times stronger than RS, and they discuss that 

Figure 1.9. Raman spectra of eye tissue undergoing chemical changes indicative of neurodegeneration a Raman 
spectra of en-face murine retina using 785 nm laser, grouped into wild mice and AD model mice. Chemometric analysis 
revealed biochemical changes indicative of structural and pathological manifestations of AD [142]. b Spectra of murine, 
retinal cultures modelling MS using LPS, measured using a 785 nm Raman system. Increasing incubation with LPS 
lead to changes in the heights of characteristic peaks in the spectra, indicative of neuroinflammation [376].
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a greater signal using CARS does not necessarily mean better signal-to-noise ratio due to laser 
fluctuations and strong background signals[384]. Despite limitations, CARS may be a necessary 
avenue to explore if the final portable eye-based Raman device cannot obtain sufficient signal from 
in-vivo retinae. 
 
In 1998, Gellermann et al. provided a proof-of-concept design that used RRS to obtain in-vivo 
macular pigment measurements within the human retina, patented in 1999, limiting the majority of 
succeeding publications to the same research group and method[385]–[390]. The macular pigment 
has been investigated this way to monitor macular pigment levels decreasing with decreasing foveal 
thickness following surgery[362], [391], to identify a 50% decrease in macular carotenoid pigments 
in patients with Stargardt macular dystrophy compared to healthy controls[392], to examine macular 
pigment optical density to determine macular pigment level decrease following intraocular lens 
implant[363], [393], and the intake of lutein supplements[394].  
 

RRS with a 488nm excitation wavelength to create a strong vibrational response from the carotenoid, 
permitted a lower laser power and exposure time to be used compared to previous work and 

Figure 1.10. Raman spectra of in-vivo samples and models which simulate an in-vivo environment. a Raman spectra of 
healthy, human retina, measured in-vivo with dilated pupil (~8 mm diameter), using a 488 nm laser. The top spectrum is 
from 3 summed measurements and the bottom spectrum is the same measurements with baseline subtracted. 
Characteristic carotenoid peaks are present at 1008, 1159 and 1525 cm-1[388]. b Comparative study of Raman spectra 
taken in a human eye in-vivo and macular carotenoids in liquid form within an eye model [386] c) Comparative spectra 
of flat-mounted, murine retina using 785 nm lasers within a commercial Raman system (bottom) and an in-house built 
Raman set-up (top) which simulates in-vivo parameters in the eye. Characteristic carotenoid peaks are present in both 
[400]. d Spectra taken of ex-vivo macular pigment tissue samples which were fixed using formalin fixative, using a 488nm 
excitation wavelength [367]. a - d demonstrate that the same characteristic carotenoid peaks are present in in-vivo, fresh 
ex-vivo and fixed ex-vivo eye samples. e Raman spectra of fresh, ex-vivo, porcine eyes that were dissected into 5 main 
features. Measurements were taken using a commercial system, 785 nm laser and settings were chosen based on the 
maximum permissible exposure defined by eye-safe limits [348].
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facilitated confocal Raman spectra of an in-vivo human retina, measuring the concentration of 
macular carotenoid pigments lutein and zeaxanthin (Fig. 1.10a) and obtaining clear carotenoid 
peaks[388]. In 2004, the authors provided an update regarding the method obtaining spectra using 
eye-safe exposure levels in just 0.25 second and its use in clinical trials[389]. That same year, the 
group corroborated their results by taking spectra of macular carotenoids through a “model eye” to 
mimic in-vivo conditions, obtaining clear results (Fig. 1.10b)[395]. More recently, the same research 
group has investigated the use of photometry[396], which has been explored in other literature to 
validate the reproducibility of Bernstein’s method[362], [374], and have been able to distinguish lutein 
and zeaxanthin within ex-vivo retina samples, measuring macular pigment distribution using Raman 
spectroscopy and autofluorescence imaging[397]–[399].  
 
With eye-safe RS laser safety protocols, protein, lipid and nucleic acid were detected on mounted 
retina tissue samples, ex-vivo using the 785nm excitation wavelength predicting the success of the 
future in-vivo RS system to diagnose macular degeneration[400]. The study compares spectra from 
an in-house built RS set-up to those obtained by an optimal confocal Raman imaging system (Fig. 
1.10c), finding good agreements and predicting the success of the in-house built system to diagnose 
macular degeneration in-vivo[400]. Banbury et al. have recently detected, distinguished and 
categorised the response of segments of an ex-vivo porcine eye samples using a 785nm excitation 
wavelength (Fig. 1.10e)[348]. If similar results could be achieved using near-IR wavelengths, to 
reduce tissue auto-fluorescence[317], whilst adhering to eye safety regulations, these studies lay the 
platform for potential developments of non-invasive, in-vivo RS systems for real-time diagnostics and 
monitoring of TBI.  

1.6 Towards Ocular Raman Spectroscopy for TBI Diagnostics 
Detection of biochemical ocular TBI biomarkers, requires in-vivo and eye-safe molecular sensing 
techniques that can characterise the chemical constituents of the eye, suggesting RS as a potential 
solution. RS using an 800nm excitation laser was used to detect glutamate in whole ex-vivo porcine 
eyes as well as to characterise the various eye segments[401]. In ocular diseases such as AMD, 
glaucoma, diabetic retinopathy and retinal detachment, increased levels of glutamate in the retinal 
nerve cells diffuse into neighbouring tissue suggesting that detection of glutamate biomarker 
excitotoxic neuronal death[402], which indicates the potential of spectroscopic integration of TBI 
indicative biomarkers via the eye. Banbury et al. have recently demonstrated exploitation of eye-safe 
RS to measure the biochemical response in the retina of an ex-vivo murine TBI tissue, using a 633nm 
excitation wavelength. The acquired data was subsequently analysed using advanced machine-
learning algorithms, successfully classifying injury severity levels of severe, moderate and control 
cohorts with sensitivities of 82.0%, 75.1% and 69.4%, respectively[403]. Recently, the high 
wavenumber peaks from fatty tissue samples, similar to that found in the brain were successfully 
measured using a non-invasive portable Raman spectroscopy device comprised of a fundus camera 
and an un-dilated eye phantom, laying the platform for the in-vivo retinal measurements for TBI 
diagnostics at the PoC. RS applied to murine retina organotypic cultures undergoing an inflammatory 
response, creating a spectral library of 5 biomolecules which yielded the strongest peaks in response 
to neuroinflammation, including NAA and glutamate[404], [405]. Both studies demonstrated the 
effectiveness of RS with PCA statistical analysis to detect and monitor neuroinflammation in the retina 
and potentially identifying retinal metabolites present in ocular manifestations of TBI. 
 
In the immediate future, there is a need to validate recent findings through internal and external 
references. Internal references refer to a method of direct analysis of brain tissue in-vivo in humans 
in the context of TBI. We have recently performed a preliminary work for incorporating Raman 
spectroscopy into an existing standard of care for invasive monitoring in intensive care following TBI, 
via an external ventricular drainage device[406]. This approach reduces the barrier to entry for ethical 
approval and allows ground truth assessment with respect to the GCS and ICP. External referencing 
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refers to validation of the biochemical attributions made by a means other than Raman spectroscopy. 
Since it is possible to measure the ON sheath diameter using MRI[136], it may also be feasible to 
measure chemical information from the ON sheath using MRS. Chemical species detected by MRS 
such as, the S100B, GFAP or the NAA could then be used as reference compounds in a fitting library 
for complementary Raman spectra. However, this requires further developments of the portable 
Raman devices and ethical approval for use in-vivo. 
 
RS can offer a label free mechanism for measuring changes to biochemistry, which can be applied 
in-vivo in invasive settings such as surgery but has also shown promise for non-invasive 
measurement, in the field of ophthalmology. Given a rooting in more fundamental chemistry, the 
analysis of spectra from biological samples, formed of complex permutations of thousands of 
individual molecules in a single sample remains challenging[324], [407]. Although RS has proven to 
be employable outside of laboratory settings, Raman signals are intrinsically weak and clinical 
applications introduce additional factors including the surgical lighting, excess blood, unstable 
patients and the complexity of living tissue[324]. Historical chemometric analysis tools such as, PCA 
are commonly used inappropriately in the literature in efforts to overcome the high dimensionality of 
the data.  By aiming to study posterior tissue through a thick heterogeneous sample (the eye) and 
indirectly detect subtle changes from brain injury, will require improvements to analysis methods. The 
link between damage to the retina and CNS has been noted in the literature[22], [34], [106], but this 
has not currently been applied to a specific model of disease or injury. In exploring whether it is 
fundamentally possible to study biochemical changes resultant from TBI will expand the possibilities 
of RS as an emerging diagnostic platform. 
 
The intrinsically weak signal (108 times lower than elastic scattering) obtained using RS is 
complicated from noise generated by laser instabilities and dark current produced by thermally 
activated electrons within the detector (spectrometer), reducing the signal to noise ratio[408]. This 
exacerbated by the low powers required for biological tissue, which is even more important when 
considering safety parameters for the eye, which is likely to be overshadowed by autofluorescence. 
Additive noise from background and the detector can be reduced by increasing the laser power or 
acquisition time, however, this will increase fluorescence [409], as well as creating a poorer patient 
experience when scanning the eye in-vivo. In an investigation to estimate noise-induced instability, 
Barman et al. quantified the Raman signal from glucose (one of the prospective TBI biomarkers 
explored in Chapter 6) to be less than 1% of the height of the entire spectrum produced from dog 
skin[410]. On the other hand, Jermyn et al. assessed the signal-to-noise ratio of an in-house built RS 
probe for in-vivo cancer detection by altering the integration time. They determined that an RS scan 
as short as 0.05s was sufficient to discriminate between healthy and cancerous tissue with an 
accuracy of 92%, and the signal-to-noise ratio was increased by 41% and 73% by extending the 
acquisition time to 0.1s and 0.2s, respectively[411]. However, the laser power used was utilised 
between 37 and 64 mW, much higher than eye-safe levels discussed in Chapter 4, but providing a 
hopeful range in which ocular RS could find a compromise. 
 
A remaining factor limiting eye-based RS for TBI diagnostics, in the context of PoC medical devices 
within a healthcare system, such as the National Health Service (NHS), is in relation to cost. To 
achieve higher confidence in triaging TBI in the acute phase and increase availability of neuroimaging 
facilities, the diagnostic technique must be widespread and standardised. This would require the 
portable diagnostic technique to be available in ambulances or kept in-house at medical centres of 
high-impact sport venues. Telemedicine medical devices are recognised for making compromises, 
being more affordable and accessible but losing resolution and robustness [412]. The growing use 
of miniaturised computers such as Raspberry Pi’s allows for electronics to be built smaller and 
cheaper than previously, with opportunity for continuous modifications [413]. This thesis, particularly 
Chapters 3 and 5, explores these avenues in maximising portability of fundus imaging to combine 
with Raman spectroscopy, however, the costs and dimensions provided do not factor in the external 
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components required the to run the system. To achieve Raman spectra for injury profiling, a high-
resolution spectrometer is required, and in this work a custom portable spectrometer was purchased 
at a high cost of ~£11,000. It is argued that the price of medical imaging systems come from extreme 
mark-ups, and this is the same for spectrometers. In order to fully envision portable RS for eye-based 
PoC diagnostics, a compatible spectrometer must be built in-house to determine future commercial 
ability. However, as mentioned previously, the spectrometer detector is a big contributor to thermal 
noise[414], so a lower quality system will impact the signal-to-noise ratio, which is already poor in a 
biological, low-power spectroscopy device. Therefore, a machine-learning algorithm to determine 
differences between spectra, mentioned above, may be necessary to create an injury profile of TBI 
when noisy spectra cannot be visually assessed.  

1.7 Summary and Prospects 
TBI is a silent, world-wide epidemic, affecting populations of all ages, in civilian and military life, in 
work, home and sporting activities with significant long-term morbidity and economic impacts.  
Current PoC triage and diagnostic tools do not reliably allow timely intervention (under-triage) and 
often waste resource through over-triage.  There is therefore a strong need for reliable, early, PoC 
molecular diagnostics to support triage and clinical decision-making to allow patient treatment to 
improve outcomes within the golden hour.  
 
This introduction presents an overview of the status, opportunities, and obstacles faced by 
researchers exploring early diagnostic tests for TBI and other neurodegenerative diseases. The 
translation of neurological biomarkers from the bench to the secondary care and pre-hospital, PoC 
arenas is progressing rapidly in a number of areas, showing promise particularly in spectroscopic 
techniques such as RS.  To accelerate the field of biomarker imaging, categorisation is key. Clear 
standard ranges and concentration thresholds of TBI biomarker(s) in blood and CSF the acute phase 
after injury would accelerate diagnoses and severity characterisation for all biomarker detection 
techniques. Not only would this facilitate diagnoses but also aid better understanding of an incredibly 
heterogeneous pathology, stratifying biochemical responses to differing injury severities and guiding 
potential therapies.  RS therefore has the potential to provide complete non-invasive imaging through 
the eye. Employing this technique in a portable system would mitigate limitations and ambiguities 
introduced by the GCS and triage patients during the critical time before transport to emergency 
departments. In time-sensitive and remote settings such as in military service or at roadside or sport 
pitch-side settings, this would monitor ongoing health to protect patients from secondary or repeat 
injury and therefore long-term neurological, cognitive, and psychological morbidity. 
 
TBI diagnostics is a broad field with clear objectives to improve the speed and precision of triaging 
decisions to maximise patients’ neurological recoveries. However, there are few therapies mentioned 
when discussing medical intervention following diagnoses, another great unmet need. Advances in 
TBI treatments would develop in tandem with developments in diagnostic techniques to improve the 
patient journey and reduce deaths from TBI worldwide. All the current technologies discussed have 
challenges relating to specificity and sensitivity, but the potential of RS as a new addition to the ocular 
and TBI diagnostics toolbox is significant. The potential of eye based and PoC RS for TBI diagnostics 
is explored throughout this thesis, facing the aforementioned limitations head-on, in an attempt to fill 
the gap identified in this introductory chapter. 
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Chapter 2 
Obtaining Retinal Spectra using a 635 nm Portable Raman 
Device for Eye-Based Traumatic Brain Injury Diagnostics 
 
This chapter outlines the contributions I made towards the testing of the 635 nm 
portable Raman Device (EyeD) for which a patent has been granted 
(US20220338788A1), a journal article published (stated below) and funding for a 
university spin-out approved. Being involved in this work allowed me to become 
acclimatised to the world of medical device conception and commercialisation, as all 
components were confirmed for the system, but the signal needed to be improved and 
first retinae spectra obtained. Alongside this, the strengths and weaknesses of the 
EyeD would later be utilised in the development of my own portable Raman device in 
the following chapters. 
 
As Traumatic Brain Injury (TBI), a major cause of morbidity and mortality worldwide, is 
hard to diagnose due to patients often exhibiting no clinical symptoms, there is an 
urgent need for rapid point-of-care (PoC) diagnostics to enable timely intervention. 
The Advanced Nano-Materials Structures and Applications (ANMSA) group at the 
University of Birmingham developed a technology for eye-based Raman spectroscopy 
to satisfy this need, implementable outside of laboratory settings without any sample 
preparation. This system is combined with a commercial smartphone attachment for 
portable fundus imaging to obtain biochemical and structural information. The device 
is therefore capable of rapid and non-invasive acquisition of molecular fingerprints of 
TBI-biochemistry to safely measure proxies for cerebral injury through the eye, 
providing a path towards non-invasive point-of-care neurodiagnostics.  
 
Here, I sourced an eye model for continuous Raman testing, explored tissue 
preparation, ensuring retinal layer preservation using Optical Coherence Tomography 
(OCT), a technique for externally obtaining structural cross-sections of a patient’s 
retinal layers. I optimised the EyeD signal and compared the performance against a 
commercial Raman system, achieving enhancement of high-wavenumber bands in 
fresh ex vivo porcine eyes’ as well as detection of biomarkers in the posterior of fresh 
ex vivo porcine eyes. Spectral changes in retina are identified following trauma and 
first stages towards injury profiling with prospective TBI biomarkers was initiated. The 
EyeD is designed to maximise Raman spectroscopy portability, alongside obtaining 
relevant diagnostic information for rapid triage, to allow clinicians to objectively assess 
TBI at the PoC, as well as identify long-term changes in brain biochemistry indicative 
of neurodegenerative diseases. 
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2.1 Introduction 
Traumatic brain injury (TBI) has become a leading clinical challenge of the 21st century, 
as the cascade of biochemical changes evolve immediately after the initial trauma yet, 
many individuals display very few clinical symptoms at the early stages which can 
develop long-term, persistent, neurodegenerative deficits[1]–[3]. As the brain tissue 
lacks regenerative capacity, early diagnosis is crucial for improving outcomes. Life-
critical decisions, which influence patients’ prognoses and the efficacy of treatment 
must be made within the first hour after trauma (i.e., the “Golden Hour”)[4], [5]. These 
decisions must not only be rapid but also accurate, as it is known that in TBI, 
misdiagnosis or delay in treatment in the pre-hospital settings is where most of the 
acute, cerebral damage occurs[6]. As discussed in Chapter 1, neuroimaging is 
expensive and cannot be used in a timely manner at the point-of-care. Instead, the 
only current TBI diagnostic technique employed at the Point-of-Care (PoC) involve 
cognitive assessment, where the ambulance crew still relies on subjective 
observational triage tools with macro-descriptors transmitted via third-party 
intermediaries to clinicians. Limitations of inter-rater reliability, predictive validity and 
requiring patient information beforehand prevent full PoC suitability [7].  
 
Alongside these shortfalls, current TBI diagnostic methods are unable to detect small 
changes in TBIs, which can be present without any detectable physiological 
abnormalities. It is therefore vital that an alternative technique is harnessed which 
obtains quantifiable information, without any prerequisite knowledge of the patient and 
employable outside of a hospital environment. Currently, no point-of-care technology 
exists for quantitative assessment of TBI with sufficient sensitivity and timeliness to 
aid the stratification and early diagnosis whether this is at the pitch side in contact 
sports, or the roadside after motor vehicle collisions. This is exacerbated by the long-
term consequences of mild TBI and concussion[8], [9], with cumulative effects from 
multiple sustained injuries for athletes and the military[10], [11]. 
 
Raman spectroscopy is a rapid and highly specific analytical technique, which can 
provide real-time, quantitative diagnostic information both in-vivo and ex-vivo by 
measuring subtle changes to inelastically scattered light, accurately identifying 
changes in disease or injury-specific biomarkers with diagnostic capabilities[12]–[15]. 
In ophthalmology, Raman spectroscopy has been applied to study disease states ex-
vivo[16]–[18]. Further findings highlight the ability to identify malignant tissue in the 
brain, acting as a surgical guide, however, these required direct and invasive access 
to the brain[12]. The retina contains all retinal ganglion cell bodies, and the optic disc 
is where all retinal ganglion cell axons leave through carrying visual information 
captured to the brain through the optic nerve. Ganglion cells in the retina are 
unmyelinated, meaning that changes assessed there relate directly to neuronal 
biology, whilst the optic nerve is myelinated and surrounded by cerebrospinal fluid, 
continuous with that surrounding the rest of the Central Nervous System (CNS). The 
retina and optic nerve have long been known to display physically measurable 
changes because of increased intracranial pressure, where its monitoring is of 
significance for intensive care in TBI[19]–[22]. It has also been found that retinal 
degeneration after TBI is directly caused by CNS damage involving the visual 
pathways, which comprise 30% of the cerebral cortex[23], [24]. Whilst the retinal 
changes detected in animal models closely associate with TBI severity, the markers 
considered (and other potential markers) detected in the retina may also associate 



64 
 

with local pathology and afferent visual dysfunction.  Given that up to 80% of patients 
with mild TBI have long term visual complaints, the ability to detect and predict long-
term visual dysfunction after TBI would be extremely valuable.  
 
In contrast to biochemical information obtained using Raman Spectroscopy, Optical 
Coherence Tomography (OCT) is a non-invasive imaging technique, commonplace in 
an ophthalmology clinic as a valuable tool, which externally produces images of the 
retina and optic nerve head[25], [26]. OCT uses optical backscattering, like ultrasound, 
to produce high-resolution cross-sectional images for in vivo measurements of retinal 
layers[27]. There are many cases of OCT being implemented to determine the 
presence and extent of elevated intracranial pressure (ICP) and resulting idiopathic 
intracranial hypertension (IIH) through structural manifestations[28]–[30]. Raised ICP 
and IIH can result from many cases such as obesity, head injury, tumours or stroke, 
and IIH can lead to vision loss due to the numerous complications created at the optic 
nerve[30]. Potential retinal manifestations lead to the implementation of OCT in IIH 
diagnostics, by determining changes in retinal nerve fibre layer (RNFL) thickness[25], 
[26]. As ocular manifestations of TBI are more frequently being explored, OCT has 
been used to assess whether changes in retinal structure could indicate brain trauma, 
and studies have found RNFL thinning even in mild TBI cases[31]–[33]. Whilst OCT is 
a potential parallel method for eye-based Raman spectroscopy, as shown in this study, 
there are limitations that prevent OCT being a suitable singular TBI diagnostic method, 
such as inability to distinguish RNFL thickness due to factors introduced by edema 
which is commonplace following TBI[25], along with accessibility issues when 
considering PoC implementation. 
 
Raman spectroscopy provides information on the biochemical composition and 
therefore, the metabolic state of the neuro-retina, which is only indirectly available with 
structural imaging modalities, such as using OCT angiography or fluorescein 
angiography, which may reveal reduced blood flow, from which clinicians could infer 
retinal ischaemia. Whilst magnetic resonance spectroscopy is unable to examine the 
retina due to the minimum voxel size being too large, it could examine the vitreous 
and has occasionally been used for this purpose in research, however, there is a 
limited relationship between vitreous and retinal findings.  
 
There are examples of technologies being explored to probe the molecular signatures 
of TBI[34], however, the specificity in multi-disease settings has not been sufficiently 
established. All approaches used clinically today and many of the proposed methods, 
e.g., measuring S100B concentration, lack specificity[35], and whilst the latter has 
been implemented in Scandinavian countries, it is rarely used elsewhere[36]. The high 
sensitivity for the combination of GFAP and neuro-UCH-L1 measured within 12h of 
injury[37], formed the basis of the first FDA-approved TBI test for triaging the need for 
CT, however, is affected by poor specificity (36.5%), low-positive predictive value 
(9.2%) and long-analysis times, defeating its purpose [38]. GCS despite being highly 
subjective, remains the only ground truth for clinical and academic understanding of 
TBI that can span the entire patient journey as well as injury severity.  
 
Previous to this study, the ANMSA group have demonstrated a number of paths 
towards the use of Raman spectroscopy for the detection of biochemical changes 
indicative of TBI in brain tissue, retinal tissue and biofluids such as blood. Rickard et 
al. developed a microfluidic system and demonstrated that a range of validated 
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biomarkers, particularly N-acetyl-aspartate (NAA), were rapidly and continuously 
released from injured neurons into the blood following TBI, reflecting biochemical 
changes occurring in the brain and creating temporal profiles of extracellular activity 
post-TBI[39]. Fig. 2.1a features the key finding of NAA detection in the blood following 
TBI at two different acute time-points using a 785 nm laser wavelength. Raman 
spectroscopy is an inherently weak signal, which is exacerbated when utilising low 
power lasers to stay within eye safety guidelines, therefore the ANMSA group 
established a machine learning software: Self Organising Kohonen Index Network 
(SKiNET). It can be used to embrace noisy data to perform dimensionality reduction 
and organise spectra into self-organised maps (SOMs) for clear, visual separation. 
Using this interface, TBI was successfully classified from spectral data of mice using 
785 nm laser wavelengths, by detecting tissue-specific signatures of each anatomical 
layer on eye-sections using a commercial Raman system and clearly separating them, 
as shown in Fig. 2.1b[40], [41]. SKINET was featured within the paper this chapter 
contributed to, observing changes in brain chemistry by acquiring spectra from retinal 
tissue to identify TBI in an ex-vivo murine model and established a high-accuracy 
differentiation between control and brain injury tissue using a 633 nm laser wavelength 
to model potential outputs of the 635 nm EyeD[42], as well as in a separate study at a 
785 nm excitation wavelength capable of detecting injury for both of mild and severe 
severity, using a commercial laboratory-based Raman spectroscopy for both 
cases[43]. 
 

To address the challenges associated with early-stage detection of TBI, the ANMSA 
group have developed a 635 nm laser-based spectroscopic technology focused on 
accessing the retina and optic nerve at the back of the eye (posterior), as a projection 
of brain tissue via the ocular tract. This structure is the only external extension of the 
CNS, providing an optically clear window into the biochemistry of the brain[44]–[48]. 
By targeting CNS biochemical changes, we reduce the need to filter out confounding 
(non-CNS) compounds, measuring the brain side of the blood-brain barrier, increasing 
specificity. The eye-safe device, based upon using multiplex resonance Raman 
spectroscopy, can characterise specific TBI biomarkers or ‘molecular fingerprints’, as 

Figure 2.1. Examples of the ANMSA group utilising Raman Spectroscopy for the detection of biochemical changes 
indicative of TBI in tissue and biofluids. a Raman spectrum produced of blood samples using a 785 nm laser 
wavelength, a clear difference can be seen between the healthy control (navy), NAA at t = 0 hours (black) and NAA 
at t = 8 hours (red) post TBI, suggesting that there are temporal changes of NAA levels even in the acute phase on 
TBI, detectable by Raman spectroscopy [39]. b Self-organised map (SOM) separating spectra obtained of murine 
eye tissue using a 785 nm laser wavelength. The clear clustering of colours shows good separation of small spectral 
differences, discernible by Raman spectroscopy [41]. 
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proxies for disease and injury. Such markers for “brain health” include structural 
changes in brain specific lipids and biochemicals due to local tissue damage such as 
cardiolipin and cytochrome C or neuromarkers such as S100B, GFAP and NAA, which 
have demonstrated strong correlation with injury severity in the acute TBI phase, 
relating to both radiological, surgical and physiological findings[39], [40], [49]–[51].  
 
In this chapter, an appropriate validation platform is established using OCT, allowing 
for testing of the portable 635 nm Raman device (EyeD), obtaining spectra from fresh, 
ocular tissue. Performance of the EyeD is compared to a commercial Raman system 
and spectral differences between trauma and control retinal samples are identified 
using the machine learning platform SKiNET. First steps towards injury profiling is 
established with prospective TBI biomarkers Cytochrome C and cardiolipin. This work 
is the final stage of device testing before considering commercialisation. 

2.2 Pre-Existing Device Design and Build 
The portable and non-invasive eye-safe 635 nm Raman device (EyeD) utilises 
modified optics with a Class I collimated laser introduced into the optical path and 
focused by the eye, without using ionising radiation. The unique device permits 
simultaneous Raman spectroscopy and fundus imaging by isolating the Raman and 
white light paths. Raman scatter is collected using an external portable spectrometer 
and processed using an external laptop with spectral software. The ultimate plan is to 
modify the device to be streamlined with the ANMSA Self Organising Kohonen Index 
Network (SKiNET), to be classified using the developed artificial neural networks 
algorithm as a decision support tool[41]. SKiNET performs visual separation to identify 
the underlying chemical differences between classes, providing accurate classification 
for rich information and high classification specificity, even for low laser powers and 
short acquisition times, representative of the real-world point-of-care conditions. 
Integrating the EyeD with SKiNET to investigate the retina, as an extension of the brain 
environment after injury, will rapidly distinguish TBI from control groups, yielding an 
automated classification of the acquired Raman data and assignment to particular 
neuromarkers, tissue type or disease state. This tool, along with the successful 
demonstration that high-frequency Raman bands indicative of early-stage TBI can be 
safely measured from the retina will enable important steps for translation of the 
developed platform technology to real-world clinical point-of-care neurological 
diagnostic applications. 
 
The EyeD is designed for use on-site for immediate, confident decision-making and 
treatment. Measuring abnormal changes in the retina at the point-of-care that are 
indicative of TBI, providing a quantitative assessment of trauma at the earliest stages 
whilst simultaneously helping to quantify the damage. It would be interpreted by 
clinicians as an indication to treat the patients according to TBI guidance without delay 
and help in triaging e.g., directing to major trauma centres with neurosurgical facilities 
or conversely allowing the patient to return to military service or high impact sport. 
Previous but limited studies have explored the feasibility of utilising Raman 
spectroscopy to obtain spectra of in vivo retina, such as studies by Marro, M. et al. 
and Stiebing, C. et al. which used a standard Raman arrangement and flat mounted 
or cultured tissue[52], [53]. However, the major obstacle to in vivo imaging has been 
the use of high magnification, high numerical aperture objective lenses, which are 
typically required for Raman spectroscopy. Such objectives have a natural 
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incompatibility with imaging the eye posterior since the eye itself can be considered 
as a lens with a combined positive power of 60D (Diopters)[54]. Therefore, the EyeD 
set-up uses a collimated beam incident on the cornea, allowing the eye to naturally 
focus the beam onto the retina. Ermakov et al. employed the compound power of the 
cornea and lens as an objective lens in 2001 towards the identification of age-related 
macular degeneration, by exploiting resonance Raman of macular pigments[55]. Such 
an effect dramatically enhances the available signal, which helps to mitigate the 
restricted laser power and absence of high-power optics, however, little progress has 
been made in this application of Raman spectroscopy since, most likely due to the 
weak Raman signal and low laser powers required for in vivo retinal probing, which 
can be mitigated with the introduction of SKiNET. 
 
The Raman spectroscopy path schematically demonstrated in Fig. 2.2a, it involves a 
635nm class I laser (9600 Series, Kingfisher) (1), “cleaned up” by a 635 nm Laser Line 
filter (FL05635-10, ThorLabs) (2), redirected by a 625 nm edge BrightLine single-edge 
short-pass standard epi-fluorescence dichroic beamsplitter (FF625-SDi01-25x36, 
Semrock) (3), redirected again by a 635 nm BrightLine single-edge super resolution 
dichroic beamsplitter (Di03-R635-t1-25x36, Semrock) (4) to reach the eye, the Raman 
scatter then returns back along this path but passing through the 625 nm dichroic 
beamsplitter (3) and finally reaching a 650 nm Longpass Filter (FEL0650, ThorLabs) 
(5) which blocks out any Rayleigh scatter before being the beam is collected at the 
exit fibre port and fed to a portable spectrometer (635 nm QEPro, Ocean Insight) via 
an optical fibre.  
 

Figure 2.2. Illustrations of the EyeD beam path and portable 3D-printed housing. a Schematic diagram of the beam 
path within the EyeD starting at the 635 nm laser [1], passing through the clean-up filter [2], redirected 45o by a dichroic 
beamsplitter [3] and redirected again by a second dichroic beamsplitter [4] before reaching the patient’s eye and the 
Raman scatter is once again redirected by the dichroic beamsplitter [4] but this time passing through the dichroic 
beamsplitter [3] to reach the exit fibre port where any Rayleigh scatter is blocked by the longpass filter [5]. This signal 
is fed from the system to a portable spectrometer via a fibre port, and the spectrometer is connected to a laptop where 
the spectrum can be viewed. b Mechanical drawing of the CAD designed housing including dimensions. This main 
body shows all slots in which mirrors and filters can be placed, along with threads to screw fibre port mounts onto. 
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The use of fibre optics allows for design and engineering freedom, enabling bulky 
components to be kept away from the patient, ensuring a compact imaging system. 
Silica used in fibre optics normally yields additional interference due to its own Raman 
signal in the fingerprint region (500-2000 cm-1). However, in the high wavenumber 
region, there is no Raman contribution from silica. The overall engineered EyeD 
consists of the combined fundus imaging optical path and eye-safe Raman 
spectroscopy path contained within a 3D-printed housing. The design that houses the 
optics is based on a 3D printed hollow casing. The housing is illustrated in Fig. 2.2b 
with labelled dimensions, and an additional indented lid to overlap the housing and lid 
components when secured, limiting external light entering the system. Fig. 2.3 
provides a mechanical drawing of the entire system when the smartphone mount and 
lid are present, suitable for handheld use. Optical components fit into a cradle and 
allow for easy adjustments and optimisation in free space with an open-on-top section 
for alignment during optimisation, a 3D digital render of the housing sliced to expose 
all of the internal components present and the patient eye location is provided in Fig. 
2.4. Images of the 3D printed housing with all components inserted and smartphone 
with attached D-Eye module can be seen in Fig. 2.5a. 

 
To measure Raman spectra from the eye posterior segment, a co-aligned imaging 
system was required to target a region of interest on the retina, such as the optic disc. 
Thus, a D-EYE smartphone fundus camera was used for optical imaging of the retina, 
which utilises the flash from a smartphone camera for illumination and the phone 
camera for imaging. The D-EYE is a compact optical module providing a direct  

Figure 2.3. Mechanical drawing of the Right, Bottom and Front view of the full EyeD device with the 
dimensions labelled, the lid to prevent stay light exiting or entering and the mount to attach the smartphone 
with the D-Eye fundus module are featured. 
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Figure 2.4. Schematic diagrams of the 3D CAD design for the EyeD housing with accessories in shaded 
with visible edges only visual style. a Perspective view with all accessories fully or partially visible. Slot 
for the D-EYE attachment and a clear path directly to the eye sample. b Top view of the alignment of 
each component with both dichroic beamsplitters set at 45o to the beam path. c Side view of both fibre 
ports which mount the clean-up and Rayleigh filters. d Back view illustrating the unobstructed beam path 
out of the system into the eye, with no components touching the patient’s face. 

Figure 2.5. Images of the EyeD prototype. a The EyeD prototype including 3D printed housing, the 
smartphone mount (top left) to attach the D-Eye fundus imaging module (bottom left), the internal 
components, and fibre ports (top right) and the patient eye location demonstrated with a fresh, ex vivo porcine 
eye (bottom right). b Demonstration of how the EyeD portable device is held and positioned in front of the 
patient’s eye for fundus images. The optical fibre (orange) allows for the portable spectrometer and laptop to 
be placed tabletop at a distance from the patient and operator. 
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illumination and therefore, can be used without pupil dilation of the patient. The fundus 
imaging path consists of a smartphone with a fundus imaging smartphone attachment 
module (D-Eye), passing through the previously mentioned 625 nm short pass dichroic 
beamsplitter (component (4) in Fig. 2.2a) and the patient’s eye. Fig. 2.5b provides a 
demonstration of how the device is held and the smartphone interface a healthcare 
provider would view during a fundus imaging examination.  

2.3 Determining an Eye Model 
Previously mentioned ANMSA studies exploring retinal Raman spectra have been 
demonstrated with formalin fixed samples to maximise usage and reduce laser 
damage, however, the process of fixing changes the molecular bonds of the tissue 
which will affect the Raman spectrum. When moving towards device 
commercialisation, it is vital to consider the most clinically relevant model to test the 
EyeD with, that is fresh upon data collection, accessible and affordable.  

The human eye is a highly complex system, illustrated in Fig. 2.6a. The compound 
power of the human cornea and lens is equal to +58.60D, producing a focal length of 
17 mm, within the average 22.6 mm eye length[55]. Kaschke et al. describe the optical 
system of the eye in Chapter 2 Optics of the Human Eye in “Optical Devices in 
Ophthalmology and Optometry”, stating that the human retina has a thickness 
between 180 μm at the fovea and 200 to 400 μm elsewhere[56]. 

Porcine eyes have many similarities with human eyes that make them appropriate 
models for ex-vivo prototype testing, when thinking of optical properties both eyes 
share the same dimensionality, photoreceptor density and retinal layer distribution[57], 
[58]. Further, they are phylogenetically similar such as sclera shape and thickness, 
cones are present in the external retina[59]. Hammer et al. demonstrated the structural 
similarities between human and porcine retinal layers, noting the lack of macula and 
thicker RNFL layer in porcine eyes. However, in the same study, OCT revealed that 
the porcine retinal structures were well-preserved 7 hours post-mortem[60], and 
alongside this, porcine lenses allow the whole visible spectrum through with little 
attenuation (95% transmission)[61], this makes them suitable as a model to use for 
testing the EyeD within this Chapter, along with the further work in following chapters, 
and similarities can be observed when comparing the human fundus in Fig. 2.6a with 
2.6c and 2.6d.  

Porcine eyes were sourced from large white pigs (Liverpool Medical Meat Supplies). 
Death was induced as an electrical stun shock directly to the brain, followed by an 
incision to the neck [following United Kingdom Food Standards Agency (UK FSA) 
health guidelines as part of standard abattoir slaughtering practice]. Porcine eyes were 
enucleated before searing to avoid damage and later clouding to the cornea, a clear 
cornea is shown in Fig. 2.6b. Despite the preservation of retinal structures, literature 
mentions corneal opacity increasing by 8 hours after death[62], some studies state 
that enucleated porcine eyes must be used within 6 hours post-mortem [63], whilst 



71 
 

others claim that retinal blood vessel segmentation takes place within 30 minutes to 2 
hours [64], making ex vivo porcine eyes time-sensitive and costly.  

Time-sensitivity was explored by comparing corneal clarity and fundus visibility with a 
commercial ophthalmoscope after freeze-thawing. Freeze-thawing would allow for 
porcine eyes to be received and utilised over multiple days. The freeze-thaw 
experiment involved freezing whole enucleated porcine eyes in either ambient space 
or submerged in Phosphate-Buffered Saline (PBS) and freezing in different formats. 
These included freezing for 24 hours at -20o, -80o or initially in -20o for 1 hour before 

Figure 2.6. The eye models explored in the development and testing of the handheld fundus camera system. a 
Schematic of the human eye illustrating the light path when imaging a nearby object. A view of a healthy fundus is 
shown. These main structures are the aim to visualise with the fundus camera. Figure created with Biorender.com 
b Fresh ex vivo porcine eye, intercepted before searing to avoid corneal clouding. c Porcine eye with anterior 
segment removed. The fundus can be viewed through the vitreous humour. d Posterior segment of the porcine eye. 
c and d nicely compliment the fundus schematic shown in a, highlighting the similarities between human and porcine 
eyes. e Digital render of the 3D printed phantom eye model, with dimension comparable to the human eye, lens 
which mimics that of a human in power (56 D) and numerical aperture (0.52), and non-mydriatic pupil aperture (4 
mm). f Images of the 3D printed phantom eye i Showing the sample holder with porcine retina inside ii showing the 
mounted system and iii Showing the open version which allows the light path to be viewed at crosshairs at the 
retina location. 
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moving to -80o. The results from the commercial smartphone-based fundus imaging 
system (D-Eye) are shown in Fig. 2.7a, with poor visual acuity from all freezing 
methods but the best three being both ambient state and PBS submerged at -20o and 
in PBS moving from -20o to -80o. These were then dissected to assess damage and 
retinal detachment, shown in Fig. 2.7b, where PBS submerged eyes seemed to have 
the most corneal cloudiness and retinal damage, whereas the ambient state eye had 
only retinal detachment. Overall, very poor results were seen when freeze-thawing the 
eyes when compared to four examples shown in Fig. 2.7c of fresh porcine eyes (~5 
hours post-mortem) using the D-Eye fundus module. For small, frequent iterations, 
testing on porcine eyes is not feasible and therefore an alternative is necessary.  

Developing a novel eye-based technology that relies on the optical power of the eye 
to focus the Raman laser requires a controlled testing environment with fixed optics. 
A phantom eye model was developed to mimic the physical dimensions and optical 
characteristics of the eye, whilst providing a realistic Raman signature of the retina. 
The model was developed by previous Postdoctoral Researcher Michael Clancy, for 
simplicity, a single lens is used to mimic the combined power, restricted by a 4mm 

Figure 2.7. Results from the freeze-thaw study to determine if one porcine eye order could be used over 
multiple days. a Fundus images from a commercial smartphone-based ophthalmoscope (D-Eye) carried 
out on thawed porcine eyes which were frozen in 6 different methods. Eyes were frozen either submerged 
in PBS or in ambient space, then placed in a -20o or -80o freezer for 24 hours, or frozen at -20o for 1 hour 
before being moved to a -80o freezer. The best three were both -20o frozen eyes (left), and the eye frozen 
in PBS at -20 then -80o (bottom right). b The best three were then dissected to observe corneal clarity and 
any posterior damage. Both PBS submerged eyes had increased corneal opacity and significant posterior 
damage. The ambient eye has good corneal clarity and clear retinal detachment. c Four examples of fresh 
ex vivo porcine eyes imaged with the commercial D-Eye system as a reference for how easily the fundus 
can be viewed. 
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diameter pinhole representing the un-dilated pupil and housed in a 3D printed case. 
Fig. 2.6e shows an expanded digital render featuring the aspheric lens (ACL2018U, 
ThorLabs) with power 56 D, the main body with dimensions comparable to a human 
eye and the sample holder where samples can be placed in the position of the retina 
(18 mm from the front of the eye) shown in Fig. 2.6f(i). Ray diagrams of the chosen 
single lens compared to a model of light entering the human eye are presented in 
Figure 2.8, demonstrating compatibility between focal lengths and dimensionality. The 
tissue characteristics of the retina are then simulated by placing porcine tissue into a 
removable sample holder. The sample holder is screwed in place using 3D-printed 
threads, which allows for small focus adjustments to compensate for differences in the 
thickness of different tissue samples. The 3D printed model can be seen in Fig. 2.6f(ii), 
whilst an open version of the phantom eye is given in Fig. 2.6f(iii) which allows the 
light path to be viewed and the retinal location to be externally illuminated. These 
crosshairs are clear targets to be visually acquired with a successful fundus imaging 
system, being 250 μm thick they are comparable to the blood vessels shown in Fig. 
2.6a and 2.6c which are on average between 123 – 151 μm in diameter[65].  

 

2.3 Quality Checking Porcine Eyes 
Once an eye model was chosen, a validation study was completed to determine the 
extent of post-mortem structural change in the trauma porcine eyes using optical OCT, 
a technique commonly used in ophthalmology (Fig. 2.9). This was to confirm that the 
eyes being delivered were not crushed, torn nor damaged internally that may not be 
detectable with fundus imaging. 24 OCT scans were obtained from whole porcine eyes 
(nLive = 12, nPost-Mortem = 12) and a live view was assessed during image collection by 
an ophthalmologist Dr Richard Blanch to determine if regular structure had been 
disturbed. Upon confirming regular structure, scans were saved for analysis of the 
RNFL and ganglion cell layer (GCL) thickness post-TBI. 
 
The post-mortem eyes were obtained from the same supplier as the porcine eyes 
assessed in Section 2.2, and therefore are classed as TBI samples due to the nature 
of death, whilst the live eyes are the control group without trauma. The post-mortem 
eyes displayed qualitatively less clear separation of retinal layers than the live porcine 

Figure 2.8. Zemax ray diagram comparison between the single aspheric condenser lens (left) with an 18 mm focal 
length (ACL2018U, ThorLabs) and the combined power of the human lens and cornea (right). This illustrates the 
suitability both in dimensionality and optics of the phantom eye model as a test platform for the eye-based laser 
systems. Diagrams produced using Zemax OpticsStudio with files from ThorLabs and Zemax Knowledgebase. 
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eyes, with a lower signal-to-noise ratio, which could relate to degradation of the 
optically clear optical media (such as the cornea) after death and delivery, as well as 
being due to cellular cytotoxic oedema occurring in the ischaemic and post-mortem 
tissue. 
 
Examples of OCT images obtained from post-mortem and in vivo eyes are shown in 
Fig. 2.9a and Fig. 2.9b, respectively, with clear visual similarities. For consistency, a 
distance of 3000 and 4500 μm from the optic disc were measured and are shown as 
blue and red lines in Fig. 2.9, and RNFL and GCL thicknesses were measured at these 
points. In all cases, retinal layer thicknesses were higher in the retinal images obtained 
post-mortem than in live porcine eyes. An f-test was completed to determine that the 
variance of both populations per tissue type were equal, therefore a two-sample t-test 
assuming equal variance was completed. OCT measurements from the RNFL 
displayed an average increase of 6.4% with a p-value of 0.305, suggesting low 
statistical significance in the thickness increase observed post-mortem. Whilst a 
21.6% increase was measured in the GCL with a p-value of 0.004, illustrated in Fig 
2.9c, was measured. It would be necessary to obtain OCT data from additional living 
and post-mortem eyes to determine if an RNFL thickness increase is likely following 
trauma, whilst the increase in GCL thickness can be considered statistically significant 
and likely to be observed when repeating the experiment. This is consistent with the 
early cytotoxic oedema predominantly affecting the cell bodies with the corresponding 
standard error mean thicknesses presented as error bars in the chart. Together, these 
findings are consistent with the abattoir-supplied porcine eyes being in the early stages 
of post-mortem degradation at the time of Raman imaging, with relative preservation 
of inner retinal structure, however still determined suitable for experimental testing.  

Figure 2.9. a Representative OCT images of post-mortem, ex vivo, trauma porcine eyes, measurement locations 
at 3000 and 4500μm are shown as blue and red lines, respectively. b Example of an OCT image obtained from 
alive in vivo eyes from healthy patients, showing the optic disc margin on the left of the en-face image and a 
horizontal arrow marking the location of the cross-section running through the fovea shown on the right.  
Comparison to the porcine eye reveals the same retinal layers, although the foveal dip is absent in the pig eye. c 
Retinal layer thicknesses of two prominent layers: the retinal nerve fibre layer (RNFL) and ganglion cell layer (GCL) 
in both alive and post-mortem eyes imaged using OCT and measured using ImageJ. Retinal layer thickness was 
greater in post-mortem samples, with increase of 6.4% (p-value 0.305) and 21.6% (p-value 0.004) in the RNFL and 
GCL, respectively, consistent with the early cytotoxic oedema predominantly affecting the cell bodies post death. 
Standard error of the mean (SEM) are illustrated as error bars with supporting information for these calculations 
found in Appendix A. 
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2.4 Fresh Ex Vivo Porcine Retinal Spectra 
Upon determining the best possible eye model to test the eye-based Raman 
spectroscopy systems with, the EyeD could be used to obtain spectra of fresh, ex vivo 
porcine retinal samples placed into the sample holder of the phantom eye. Spectra 
measured from the retina were taken from an area in close proximity to the optic disc 
for each eye. The ultimate aim when obtaining spectra from the low-power (0.63 mW) 
portable system is to observe a resonance effect strong enough to sit above the auto-
fluorescent signal from the tissue. 
 
A comparison study was completed between the in-house built portable EyeD and 
commercial Raman spectrometer InVia Qontor (Renishaw plc). A total of 180 spectra 
were collected from porcine retinal samples (nEyeD = 9, nInVia = 12). From these 
measurements, several characteristic bands are observed in the high-wavenumber 
band in the region of 2800-3200cm-1, attributed to resonant overtones of vibrational 
modes in the fingerprint region. Studies have shown that high wavenumber region 
bands can be used to distinguish a number of tissue types, including the difference 
between myelinated and unmyelinated nerves. In this high wavenumber region, there 
appears to be good agreement between the EyeD and the commercial InVia system, 
as shown in Fig. 2.10a. 
 
The high wavenumber region was explored further by investigating spectral 
differences between the trauma porcine samples using the EyeD and spectra obtained 
from control porcine eyes previously under comparative parameters with a commercial 
Raman system. A total of 510 measurements were collected from the retinal samples 
(nTBI = 39, nControl = 12). SKINET was used to extract a self-organising map discriminant 
index (SOMDI), to further identify features in the Raman data that may not be 
discerned visually in the raw spectra. The specific differences in these features may 
originate from biochemical variations in the eye after TBI reflected in the Raman 
spectra, indicating the changes in molecular composition. The SOMDI identified peaks 
are shown in Fig. 2.10b, highlighted with four grey bars at 2850, 2880, 2930 and 2955 
cm-1. The 2880 and 2955 cm-1 peaks are assigned as CH3 symmetric stretching and 
asymmetric stretching, respectively, constituting the grey matter with the further C=O 
and C=C coupled bond stretching from the unsaturated fatty acid residues[66]–[69]. 
The two peaks of main interest, 2850 and 2930 cm-1 are assigned as CH2 symmetric 
and asymmetric stretching, respectively which are present in lipids (i.e. Cardiolipin, 
C81H140Na2O17P2) and proteins (i.e., Cytochrome C, (C42H52FeN8O6S2)).  
 
Raman spectra of raw Cytochrome C and Cardiolipin were produced using a 633 nm 
excitation wavelength on the commercial InVia Qontor system shown in Fig. 2.10c. 
Grey bars highlight the presence of peaks at 2850 and 2930 cm-1 which, as the 
SOMDI suggested, presented differently in the trauma and control porcine retinal 
spectra. This is an initial, first-stage indicator that low-power Raman spectroscopy can 
obtain spectral information indicative of the presence of TBI biomarkers, with the use 
of SKiNET, for which there is opportunity to explore further upon the procurement of 
improved fresh retinal samples.  
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2.5 Discussion and Conclusion 
The presence of Cytochrome C indicates cell death (apoptosis) and is found in the 
mitochondrial inner membrane, and as a result is a prospective biomarker of TBI in 
literature[70], [71]. Membranes of cells are the primary target for injury and determining 
damage as they are highly dependent on their physical properties and lipid 
organisation, affecting membrane fluidity, which is a key property for maintaining cell 
functionality. Cell membranes depend on lipid composition and cell environment, 
leading to distortions, deformations and decrease of mechanical stability[72]–[74]. 
Cardiolipin undergoes oxidation during the pathophysiological cascade in TBI, with 
literature identifying an accumulation of similar oxidation products in the region of 
injury[75][76]. A further link has been established between the spectral changes and 

Figure 2.10. a Comparison study between the EyeD and commercial Raman Spectrometer InVia Qontor 
(Renishaw plc). Spectra were collected on both systems using comparable settings of power, acquisition time 
and post-processing. In the high wavenumber region (2800 – 3100 cm-1) there was good agreement in spectral 
peak shapes between the EyeD (red) and InVia (black). b The self-organised map discriminant index (SOMDI) 
produced from the (b), extracting spectral differences between the control and trauma samples, suggesting 
biochemical changes in the retina post-TBI. High wavenumber peaks extracted are 2880 and 2955 cm-1 
indicating grey matter and unsaturated fatty acid residues, along with 2850 and 2930 cm-1 peaks that could 
represent lipids and proteins such as Cardiolipin and Cytochrome C, respectively, both prospective TBI 
biomarkers. c Spectra obtained of raw Cytochrome C (top) and Cardiolipin (bottom) using a commercial Raman 
spectrometer, grey bars highlight the two peaks of interest showing spectral changes in the control vs trauma 
SOMDI. 
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apoptosis via comparison to immunohistochemistry of TBI in mice using Raman 
spectroscopy[77]. 
 
Retinal degeneration after TBI is proposed to be directly caused by central nervous 
system damage affecting the visual pathways, accounting for 30% of the cerebral 
cortex[32], [78], [79]. The detected retinal changes in literature are found to closely 
associate with TBI, eliciting subtle spectral changes which can be linked to variation 
in Cardiolipin and Cytochrome C, indicating metabolic disruption. These lipid rich fatty 
substances encompass the brain tissue[80], especially with the brain containing nearly 
60% fat and the Raman signatures for twelve major and minor brain-specific lipids 
have been well characterized[81], [82]. 
 
It has been shown that there is an increase in cerebral cortical free fatty acids (used 
as predictive markers of injury outcome) following cortical impact brain injuries in rats 
and human cerebral spinal fluid (CSF)[83], [84]. This suggests TBI activated changes 
in the environment of hydrocarbon chains of lipid molecules, resulting in strong effects 
on the C-H stretching vibration region of the Raman spectra which can be used to 
indicate different states of order. When the hydrocarbon chains Cardiolipin are in a 
natural state, the symmetric stretching vibrations of the CH2 groups at the 2850cm-1 
band dominate. However, when the Cardiolipin undergoes environmental strain, such 
as in the case of TBI, it has been shown that the relative intensity of the 2930cm-1 
band, in relation to the other C-H stretching vibration, is increased relative to the 
intensity of the 2850cm-1 as well as compared to the 2885m-1 peaks in hydrocarbon 
chain region[85], due to the disorder induced in the hydrocarbon chains. As the 
environment changes increase during the pathophysiological cascade in TBI, the 
2930cm-1 peak may increase successively compared to the other C-H stretching 
vibration peaks. Thus, an increase in the Cardiolipin concentration as well as the 
presence of the Cytochrome C could provide sufficient change in the neighbourhood 
of the CH2 and CH3, yielding detectable changes in the 2930/2850 peak ratio, 
characterised by portable Raman spectroscopy. 
 
The feature bands in the high wavenumber region, identified as strong SOMDI weights 
derived from the SKiNET analysis, closely reflect the Cardiolipin and Cytochrome C 
molecular structures and the corresponding variations as predicted by literature, 
indicating that in the earliest stages after TBI, the concentration ratio of these 
biomarkers’ changes in the retina could provide a prognostic information for triaging. 
Two main peaks at 2850cm-1 and 2930cm-1 were found to be associated with the CH2 
stretching of lipids / CH3 symmetric stretching of proteins, further revealing information 
on the type of lipid-protein biomarker interaction due to the metabolic cascade 
following TBI, the environment of the hydrocarbon chains of the lipid and the state of 
order of the chains.  
 
In summary, the ANMSA group have demonstrated a novel concept of measuring 
changes to brain neuro-chemistry non-invasively via the eye, overcoming the strict 
constraints of in-vivo imaging which are highly unfavourable for Raman spectroscopy, 
and shown first evidence that spectra of the neuro-retina can be used to identify TBI. 
The successful implementation of the EyeD shows that by using the eye alone to focus 
a collimated beam onto the retina, high wavenumber Raman bands can be measured, 
whilst simultaneously performing fundus imaging. These results established the 
potential for high wavenumber bands alone to be used to identify TBI from the retina 
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and subsequently, this work outlines the design of a portable device for eye-safe data 
acquisition in a realistic synthetic model of the human eye, providing the first tangible 
path towards non-invasive point-of-care diagnostics of the brain using Raman 
spectroscopy.  
 
Measuring the biochemical compounds via EyeD from the retina directly, as an 
accessible part of the central nervous system, circumvents many of the drawbacks of 
TBI detection, particularly with specificity. Known biomarkers once thought to be highly 
specific for the brain have later been found to have additional extracranial sources, 
which reduces reliability. In the case of the compounds detected by the EyeD, there is 
no biological reason to infer that extracranially derived metabolites would accumulate 
in any large quantities in the retina, as the blood-retinal barrier prevents the entrance 
of systemic compounds from circulation. We can therefore measure the changes 
directly from the blood-brain-barrier side, probing both the local brain biology via the 
neuro-retina and the global brain via the optic nerve. Thus, the non-invasive in-vivo 
spectroscopic EyeD technology, which could be combined with a parallel blood test, 
would be reflective of both global brain pathology (via probing the optic nerve) and any 
local neurological disease (via detecting from the neuro-retina), representing the first 
opportunity for an alternative to GCS, whilst simultaneously offering greater 
fundamental mechanistic insights to further our understanding of the underlying 
pathobiology of TBI.   
 
In the longer term, the EyeD technology has the potential to offer crucial clinical 
insights about a patient’s brain without any preparation. By developing an eye-safe 
fundamental mechanism that combines fundus imaging and Raman spectroscopy, the 
translational gap is bridged via additive manufacturing, smartphone technology and 
machine learning. Whilst we have demonstrated that high wavenumber bands 
detected in the eye can be used to diagnose TBI, Raman spectroscopy EyeD has the 
potential to also be applied to a multitude of neurological conditions. Importantly, the 
measurements are made portable and non-invasive, therefore enabling routine point-
of-care use and long-term patient monitoring.  The final portable EyeD will be used to 
detect neurotrauma at point-of-care e.g., roadside, pitch-side, austere combat 
environment, where no expert evaluation or urgent radiological investigations are 
immediately available. This has the potential to revolutionise how TBI and neurological 
conditions are diagnosed and triaged, which in turn, would provide substantial 
healthcare savings, improved clinical outcomes and save many lives. 

2.6 Next Steps 
When considering my next steps for refining the design and technology developed for 
the EyeD, I assessed the shortfalls in the current set-up and capabilities. The most 
fundamental aspect is the visible red laser utilised for 635 nm Raman excitation 
wavelengths, a bright light that, despite being eye-safe, may dazzle the patient, 
creating a negative patient experience, or reducing the amount of time a patient can 
withstand measurements. Therefore, the sister system to the EyeD will be built using 
a near-infrared laser wavelength, also creating the potential for exciting different 
molecular bonds in samples, or producing lower levels of fluorescence for greater 
signal to noise ratio in tissue spectra.  
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During the development of the EyeD, the company manufacturing the D-Eye went into 
administration rendering the smartphone fundus attachment module obsolete. This 
requires exploration of alternative portable fundus camera systems that do not utilise 
a smartphone. While smartphone camera-based systems are portable, easy to use 
and can be coupled with Artificial Intelligence (AI) diagnostic support, there are a 
number of limitations that raise the need for an alternative. Telemedicine using 
smartphones is ideal for personal use, introducing medical care into a device already 
owned by the patient for seamless integration. However, medical devices built upon 
smartphones for healthcare providers are less intuitive if the phone is only utilised for 
that singular purpose. This is exacerbated by smartphones not being universal, and 
quickly becoming outdated with frequent software and hardware updates, especially 
when considering the constant improvement and redesign of phone cameras. An 
alternative that allows for complete modification in the prototype stage is required, to 
allow for fundus imaging, data collection and SKiNET analysis platforms along with 
cloud storage capabilities. 
 
Whilst the innovative engineered eye phantom, mimicking the physical dimensions 
and optical characteristics of the eye, opens a new avenue for straightforward studies 
of ocular tissues in conjunction with Raman spectroscopy, an improved eye model is 
desirable for the future testing of the EyeD technology. The phantom eye model does 
not feature all the eye anatomy which may affect the Raman spectroscopy signal and 
performance of fundus imaging, especially in low-power, portable conditions. The 
fresh, ex vivo porcine eye model is suitable for early-stage tissue analysis, however, 
a sustainable and consistent alternative is needed to appropriately characterise TBI 
with Raman spectroscopy whilst validating device eye-safety. The nature of this 
research utilising lasers, even at low powers, puts restrictions on device testing, next 
steps towards improving the quality of data collection would be obtaining the approval 
of in vivo testing or utilising an advanced in vitro model. 
 
There is great potential for the handheld EyeD with integrated SKiNET to 
simultaneously provide dimensionality reduction, feature extraction and multiclass 
classification to act as a decision support tool, dramatically improving the speed and 
cost of diagnosis. The EyeD readout would form part of a protocolised decision-making 
tree combined with cognitive assessment. Further, by levering cloud data upload, data 
analysis could be performed remotely on any device that has a web browser and is 
designed to be user-friendly to clinicians.30 To achieve this, it would be necessary to 
incorporate the portable spectrometer into the handheld, ergonomic design and 
eliminating the need for a laptop by creating a smartphone platform to perform all data 
collection, SKiNET analysis and display a result for accessible readout without the 
need for a specialist healthcare provider. 

2.7 Methods and Materials 
 
Porcine Eye Study. Pig eyes were acquired from large white pigs (Liverpool Medical 
Meat Supplies). Traumatic focal brain injuries, representative of a cortical impact, to 
the pigs’ brain (frontal and parietal) were induced as an electrical stun shock directly 
to the brain, followed by an incision to the neck (following UK FSA health guidelines 
as part of standard abattoir slaughtering practice). These injury forces, led to clinically 
relevant histopathological outcomes including cellular damage and death, skull 
fracture, disruption and haemorrhage of the cortical surface, swelling, oedema and 
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contusions[86], representing the head injuries acquired from falls, which account for 
over 35% of all sustained TBIs and over 50% of TBIs in children younger than 14 
years[87]. Control eye samples were acquired from Yorkshire pigs dying a natural 
death post-euthanasia. All eyes remained optically clear and were analysed 2-4 hours 
after extraction. Retinae were dissected out and analysed in flat mounts on aluminium 
covered, microscope slides using the Renishaw inVia system or placed in the phantom 
eye sample holder lined with a silicon wafer. 
 
Design and Fabrication of the EyeD Technology. CAD designs for 3D printing were 
made using Autodesk Fusion 360 and printed by the fused filament fabrication (FFF) 
method in polylactic acid (PLA) using an Ultimaker 3 Extended (Ultimaker BV). The 
combined Raman spectroscopy/fundus photography setup consisted of the following 
components: iPhone (Apple Inc), D-EYE Smartphone-Based Retinal Imaging System 
(D-EYE Srl), 625nm edge BrightLine single-edge shortpass standard epi-fluorescence 
dichroic beamsplitter (FF625-SDi01-25x36, Semrock, 635 nm BrightLine single-edge 
super resolution dichroic beamsplitter (Di03-R635-t1-25x36, Semrock), 650nm long 
pass filter (FEL0650, ThorLabs), 635nm laser line filter (FL0635-10, ThorLabs), 2x 
FiberPort (input: (PAF2S-11B, ThorLabs) and output: (PAF2P-11A, ThorLabs)), FC/PC 
100mm 0.22 NA multi-mode input fiber, SMASMA 100mm 0.22 NA multi-mode output 
fiber (M15L01, ThorLabs), 635nm class I Laser (KI9807A VFL, Kingfisher 
International), QE Pro Spectrometer optimised for 638nm (Ocean Optics Inc).  
 
The phantom eye model consisted of a 3D printed housing encasing an aspheric 
condenser lens with a focal length of 18mm (ACL2018U,ThorLabs Inc). Fundus 
photograph of a human eyes (approved by UoB ethics committee for healthy controls, 
Ethics Reference: ERN_22-1129) were taken using unmodified D-EYE camera 
attachment.  
 
Raman Spectroscopy. For the system comparison study, the commercial system 
utilised as the InVia Qontor confocal Raman (Renishaw) spectrometer equipped with 
514, 633, 785 and 830 nm lasers, which was adjusted for optimal throughput, 
fluorescence control and sensitivity, was used to acquire the standard and 
comparative data. Raman spectra were acquired using both the InVia Qontor 
(Renishaw plc) 633 nm laser and the engineered EyeD technology equipped with a 
635nm laser. Surface maps over an area of 2500 mm2 were acquired for each sample 
using the InVia Qontor, with laser power 0.47 mW, an acquisition time of 60s and using 
a 20x Leica objective (0.40 NA), with scans recorded in the range 2032-3466 cm-1.  
Optical measurements were carried out with a specially adapted research grade 
microscope (Leica DM 2700 M) equipped with an incoherent white light source, 
allowing confocal measurements with 2.5μm depth resolution. EyeD spectra were 
collected at the set power of 0.63 mW with an acquisition time of 60s, as single spectra 
saved individually using OceanView software (Ocean Optics Inc.). Post-processing of 
spectra was performed in WiRE 5.3, cosmic rays were removed from each map using 
the nearest neighbour method, followed by baseline subtraction using a 9th order 
polynomial and the noise tolerance of 1.50 was applied. The average was taken from 
each map resulting in a single spectrum per sample. 
 
To compare TBI and control porcine retinal tissue, EyeD scans were obtained as 
outlined above and control tissue spectra was taken from a previous databank for 
which Raman maps were generated using the InVia Qontor in a Streamline mode scan 
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with 1s acquisition, 3 accumulations at 633 nm. A 50× objective with an NA of 0.75 
was used for Raman measurements. Spectra obtained from the Cytochrome C and 
Cardiolipin biomarkers were done so using the InVia Qontor 633 nm laser set to 0.38 
mW power, collecting 10s acquisitions and 4 accumulations. 
 
Optical Coherence Tomography (OCT). In determining the extent of changes in the 
retinal structure of living and post-mortem eyes, Yorkshire pigs eyes were imaged 
using a Heidelberg Spectralis OCT platform (for both post-mortem and in vivo 
imaging), using the manufacturer’s “Posterior Pole” protocol to acquire volumetric 
retinal scans in 61 horizontal b-scans averaged over at least 9 frames in a 30°×25° 
volume centred temporal to the optic disc in the expected location of the pig visual 
streak. OCT images were exported in tiff format and analysed using ImageJ. The 
retinal nerve fibre layer and ganglion cell layer were manually segmented, and 
thicknesses measured at 3000 and 4500 μm from the optic disc orientated in the axis 
of the visual streak. 
 
Living eyes were imaged from patient recruited to the Ophthalmic and Neurocognitive 
Assessment in the Management of Critically Ill Patients study: 19/YH/0113, approved 
by the NHS Research Ethics Service and conducted in the Ophthalmology Department 
at the Queen Elizabeth Hospital Birmingham of University Hospitals Birmingham NHS 
Foundation Trust (UK), as previously described. Inclusion criteria were patients over 
the age of 18 years with planned esophagectomy. Exclusion criteria were individuals 
with pre-existing retinal pathology, optic nerve pathology or known neurological 
conditions. Patients were approached in clinic by members of the clinical care team 
and, if they expressed a willingness to participate, were given a patient information 
leaflet, had the opportunity to discuss the study and were invited to participate by a 
member of the research team, providing written, informed consent if they agreed. All 
documents were approved by the NHS Research Ethics Service and the Hospital 
Trust. 
 
Artificial Neural Network Data Analysis and Classification. SKiNET, an open-
source analysis tool  with an accompanying Raman Toolkit web interface was used to 
generate SOM models from the training data and perform predictions against the test 
data. 20% of the data was randomly selected from each group and used as test data 
with the remaining 80% of data used for training. To achieve higher accuracy of the 
SOM size, these models were optimised by performing cross-validation on the training 
data, tuning the number of neurons (hexagons), initial learning rate, empiric testing of 
the number of epochs and number of training steps, with classification accuracy 
determined using a 10-fold cross-validation. The final model used a 10x10 grids of 
neurons (for each group), 57,600 training steps (9 epochs), with an initial learning rate 
of 0.3.  
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Chapter 3 
 

Developing a Non-Mydriatic Fundus Imaging System for 
Portable, Point-of-Care Neurodiagnostics 

 
 

In this chapter, first steps were taken towards establishing a new portable Raman 
system for eye-based diagnostics by developing a handheld fundus camera set-up 
that can be combined with the Raman light paths to replace the smartphone fundus 
attachment “D-Eye” module which has been discontinued. A Raspberry Pi module and 
accessories were used to build the handheld fundus camera, allowing for complete 
modification, along with clear telemedicine capabilities. 

Ophthalmoscopes were explored, and how the fundamental and simplistic indirect 
ophthalmoscopy has been developed to establish several handheld fundus cameras 
on the current market, identifying the current limitations, leading to the realisation that 
fundus imaging utilising Volk lenses require optical systems with long working 
distances that limit their use in handheld devices. Careful consideration and many 
iterations were therefore tested in the development of the fundus system in this 
chapter to reduce the working distance and increase the suitability for point-of-care 
use in this portable eye-based Raman device. 

Alongside this, Light Emitting Diode (LED) illumination was optimised in both cases of 
light wavelength and focus to reduce the amount of patient pupil contraction all whilst 
seamlessly integrating with the optical paths of the Raman spectroscopy system. Once 
achieved, the final fundus camera design was tested for non-mydriatic use, eliminating 
the need for any artificial pupil dilation the final piece required for complete point-of-
care application, ready to be implemented into this portable eye-based Raman device 
for simultaneous biochemical and structural TBI diagnostics.  
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3.1 Introduction 
The human fundus is a highly investigated structure that plays an important role in 
medicine as it has direct vascular links to the brain and central nervous system (CNS) 
whilst also able to be visualised externally and non-invasively. Since its invention in 
1851, the ophthalmoscope has been vital for diagnosing retinal, choroidal, and 
cardiovascular diseases and screening for early causes of blindness such as diabetic 
retinopathy, age-related macular degeneration, and glaucoma[1]–[5]. As fundus 
cameras advance, there are increasing cases of visual morbidity being prevented 
through early identification [6], alongside taking advantage of the unique opportunity 
the retina provides in acting as an embryological extension of the brain[7]. 

Fundus photography, specifically utilising indirect ophthalmoscopy, is a commonplace 
technique in opticians and ophthalmic clinics, in which visible light is scattered at the 
fundus and produces an image of the important structures: the retina, optic nerve 
head, macula fovea, blood vessels and arteries. There is increasing research utilising 
fundus imaging to diagnose and monitor neurodegenerative diseases and 
disorders[5], [7]–[10], and point-of-care brain trauma diagnostics[11]–[14], as the 
retina is viewed as an extension of the CNS[15]. However, traditional fundus cameras 
are large and expensive systems that require the upkeep of technicians and significant 
training before use[6]. Panwar et al. outline several modern table-top fundus cameras 
and, along with highlighting the limitation of patients needing to be sat upright for 
extended periods which is not suitable for point-of-care applications, ultimately 
conclude that most models require add-on features to be utilised fully, creating larger 
and non-portable systems[6].  

Therefore, there is a need for hand-held fundus cameras that are accessible, 
affordable, high-resolution, and intuitive to use by healthcare professionals without 
extensive training. This is a growing market with some systems available to buy either 
as handheld units or attachments for smartphones[3], [16], [17]. However, there are 
common limitations for hand-held fundus systems, one being the requirement for pupil 
dilation. Artificial pupil dilation (mydriasis) is not only an invasive procedure but also 
creates an additional 30-minute waiting period before imaging, pushing diagnosis 
outside of the vital acute phase in point-of-care applications. Mydriasis also leaves the 
patient with blurred vision for 4-6 hours following the imaging[18], which could hinder 
any diagnostic techniques utilised after the imaging such as cognitive assessments 
typical in neurodiagnoses, and also has the small risk of inciting acute angle-closure 
glaucoma[19], therefore a non-mydriatic fundus camera is imperative when 
considering point-of-care and long-term monitoring uses. 

A desirable feature for the future of hand-held fundus cameras is by combination with 
another parallel ophthalmic technique such as Optical Coherent Tomography (OCT) 
or Raman Spectroscopy. OCT is another non-invasive technique that utilises low 
coherent interferometry to produce cross-sectional images of the retina and is more 
frequently being used for early diagnosis of neurodegenerative disorders such as 
Alzheimer’s disease[9], [20]. Raman Spectroscopy is a rapid, label-free technique that 
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utilises inelastically scattered light to obtain a spectrum of peaks that represent a 
sample’s molecular bond vibrations[21]. The non-destructive nature and portability 
potential of Raman spectroscopy has brought increased interest in its application in 
clinical settings, specifically for neurodegeneration[22], [23], and more experimentally 
in the retina[24]–[26].  

Another limitation of hand-held fundus cameras, specifically smartphone-based 
systems, is the systems are not universal and quickly becoming obsolete as 
smartphone models update. This was the case for the D-Eye, which was previously 
employed in the portable EyeD Raman system utilising visible 635 nm 
wavelengths[24], discussed in Chapter 2. We already faced limitations as the most 
current smartphone model the company catered for was the iPhone 8 with no plans to 
update, and then the company went obsolete. Thus, for the continued development of 
the portable Raman spectroscopy technology explored in this work, we needed a 
fundus imaging system that would be hand-held and adaptable, whilst also compatible 
with near-infrared wavelengths.  

Combining biochemical and structural changes in the retina would level up the 
application value of the fundus system. In this chapter, we design a new portable, non-
mydriatic fundus imaging system that utilises a Raspberry Pi module to obtain images 
of the back of a phantom eye model and ex-vivo porcine eyes. 

3.2 Current Fundus Imaging Market 
Indirect ophthalmoscopy is implemented for handheld and smartphone fundus camera 
systems, providing a true, horizontally and vertically inverted image of the retina, using 
a condensing lens to achieve a 50-degree field of vision and x3 magnification, whereas 
direct ophthalmoscopy creates a 5-degree field of vision with an x15 magnification but 
requires significant training[27]. Corr et al. outline the 3 fundamental conditions that 
the inventor of the first ophthalmoscope, Hermann von Helmholtz, stated were 
essential to view the human fundus in vivo. These are as follows: correction of 
refractive errors, sufficient illumination to the retina and for the light source and 
observer’s eyes to be aligned along the same optical axis[27]. Most handheld systems, 
especially smartphone-based, unfortunately, make a compromise in the 3 Helmholtz 
values to achieve portability. 

The simplest form of indirect ophthalmoscopy consists of a condenser lens (typically 
20 D Volk lens), an observer and a patient, illustrated in Fig. 3.1a. This can be simply 
translated into a handheld system by replacing the observer with a camera or 
smartphone, capable of capturing images for distributing or analysis post-examination. 
A popular 3D printed housing for this set-up mounts a 20 D lens and a smartphone 
along a single axis as a simple and cost-effective set-up and is available for open 
access on AutoDesk Instructables[28], and is shown with results in Fig. 3.1b. 
Examples of the fundus view are shown in Fig. 3.1c, both in darkness and with room 
lighting, and retinal arterioles can be seen. This system does not uphold the 3 



89 
 

Helmholtz criteria as the smartphone LED light source is not aligned along the same 
axis as the smartphone camera, therefore, reflections from the LED flashlight can be 
seen and obscures the view.  

A selection of portable systems that are still available to purchase have been 
summarised in Table 3.1, where information on dimensions, weight and costs were 
available as of November 2023; choosing only three smartphone-based systems. This 
representation of the market will be utilised in the future development of this portable 
fundus system to ensure parameters are chosen to fit within desirable traits. There is 
a considerable price increase when minimum pupil sizes decrease from 5 mm as these 
are mydriatic systems requiring pupil dilation. It is noted that the Remido Fundus on 
Phone, Volk iNview and Volk VistaView are all smartphone-compatible systems with 
prices excluding the mobile device.  

Figure 3.1. a Schematic diagram of simple indirect ophthalmoscopy using a condensing lens. Created 
using Biorender.com b Openaccess 3D printed housing for the simple indirect ophthalmoscopy 
technique using a 20 Dioptre condensing lens and an smartphone to view the fundus. c Results from 
utilising the openaccess 3D printed housing with 20 D condensing lens, demonstrated with ex vivo 
porcine eyes. (left) implemented in room lighting with smartphone LED flash (right) demonstrated in 
darkness with smartphone LED flash. 
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Smartphone-compatible fundus cameras have been a topic of interest in literature, 
and many have been reviewed for their clinical utility[3], [16], [17], [29]. Typically, 
smartphone-based fundus cameras utilise indirect ophthalmoscopy without a 
condensing lens, so they require the phone to be 4-5 cm from the patient’s eye and 
for the pupil to be dilated with mydriatic eye drops[27]. This is confirmed in the D-Eye 
patent, which suggests that the entire premise of the device is redirecting the iPhone 
light/LED into the same plane as the camera. The design also features polarised filters 
between the iPhone camera and the eye, and the diaphragm and second beamsplitter, 
these are the main factors for reducing glare from the eye[30].  

Prayago et al. completed an up-to-date sweep of smartphone-based retinal 
photography systems for diabetic retinopathy screening, observing a price range of 
£108-351 when converting from United States (US) dollars to Great British Pounds 
(GBP)[3]. This is a significant drop in cost compared to the current-market portable 
systems reviewed in Table 3.1. Karakaya et al. compared four smartphone-based 
fundus systems with the simplistic 20 D indirect ophthalmoscopy technique, evaluating 
their classification accuracy within their deep learning network: iExaminer (61%), D-
Eye (62%), Peek Retina (69%), iNview (75%)[29]. The smartphone-based retinal 
imaging systems are compared in Fig. 3.2, where it is notable that most systems are 
compatible with iPhone models 5 – 7 which were released between 2012 – 2016, 
despite the study being completed in 2020. This exemplifies the inability of companies 
to keep up with the fast-moving smartphone market and is demonstrated further as 3 
of the 4 systems are now obsolete, with the Volk iNview only available to purchase 
new.  

 

 
 
 
 

Figure 3.2. Smartphone-based retinal imaging system study completed by Karakaya et al. where four systems 
available on the market were compared to a simplistic 20 D condensing lens [29]. 
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Table 3.1. Summary of portable fundus imaging systems currently on the market, including both tabletop and 
handheld devices. Dimensions that state “two parts” require the purchase of a small module as well as an 
additional attachment, reducing portability and cost-effectiveness. 

Name Company Price (£) Dimensions (mm) Weight (g) Resolution 
(megapixel) 

Min pupil 
size (mm) Refs 

iNview Volk 720.00 94 x 180 413 8 5.0 [31] 

VistaView Volk 1492.00 88 x 202 x 103 560 48 5.0 [32] 

Hand Held 
Non-

Mydriatic 
HD 

Fundus 
Camera 

HFC 

Hanson 
Medical 3287.00 160 x 90 x 190 450 2.1 2.5 [33] 

Signal Topcon 
Health 4109.00 127 x 202 x 240 785 5 3.1 [34] 

VersaCam NIDEK 4520.00 

89 x 40 x 203 

118 x 43 

(two parts) 

445 5 3.5 [35] 

The 
Fundus on 

Phone 
Remido 4600.00 93 x 284 x 226 1100 12 3.0 [16] 

Pictor Plus Volk 5664.00 

82 x 166 x 66 

67 x 73 x 160 

(two parts) 

700 4.9 3.0 [36] 

Visuscout 
100 Zeiss 5753.00 115 x 216 x 199 800 5 3.5 [37] 

Aurora IQ Optomed 6919.75 406 x 381 x 152 2722 4.24 3.1 [38] 

Pictor 
Prestige Volk 7245.00 

122 x 202 x 97 

69 x 74 x 160 

(two parts) 

797 4.24 3.0 [39] 

 

3.3 Designing & Building 

3.3.2. Initial Design 
As demonstrated in the ophthalmoscope literature review, portable fundus systems 
based on smartphones are not universal and quickly become redundant due to the 
fast turnaround of new models. Therefore, an alternative platform is required that is 
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handheld, user-friendly, and easy to modify, and a Raspberry Pi-based camera system 
fits all these requirements. There are some examples in literature of Raspberry Pi’s 
being utilised for fundus imaging, due to its compatibility with near-infrared (near-IR) 
wavelengths to achieve non-mydriatic ophthalmoscopy and telemedicine capabilities 
but, as a standard, lack autofocus which is a strength in smartphone-based fundus 
imaging[5], [40], [41]. 

Yan et al. describe a low-cost Raspberry Pi stereoscopic fundus imaging system that 
uses 3 RasPi cameras and a Volk lens (unspecified power but likely to be 20 D)[42]. 
Whilst this setup produces good quality images, the system is large and not handheld. 
Palacios et al. highlights the necessity for handheld systems, stating the limitations of 
desktop fundus imaging to be bulkiness, an associated steep learning curve and high 
costs[40]. Instead, they propose a large field-of-view retinal imaging system using a 
RasPi board and a 90 D Volk lens, choosing Raspberry Pi over Arduino due to the 
limitations in processor performance and programming language. The camera they 
produce has dimensions: 220 x 200 x 135 mm and a weight: of 997 grams[40], making 
it a good competitor with the current handheld fundus imaging systems on the market 
shown in Table 3.1.  

Shen et al. employ near-IR wavelengths with a dual IR and white LEDs in their RasPi-
based fundus camera which is combined with a Raspberry Pi module with a NoIR 
camera, a 5-inch touchscreen display and a 20 D condensing lens[43]. Whilst this 
system is small (133 x 91 x 45 mm), lightweight (386 grams) and cost-effective 
($185.20, which is ~£146), the set-up requires the user to hold the 20D lens at the 
appropriate distance from the patient’s eye and then the camera at a further, highly 
specific distance to view the fundus in focus, potentially requiring two users to achieve 
consistent results. The system is successful in obtaining non-mydriatic fundus images 
with portable parameters but still would need training before use. A lot of the features 
of this set-up are highly desirable but would need to be re-designed to meet all portable 
ophthalmoscopy requirements for neurodiagnostics. 

The initial design for a handheld fundus camera featured the Raspberry Pi 4 module 
(Raspberry Pi) and NoIR camera (Raspberry Pi), an 800 nm LED (LED800L, 
ThorLabs), a 14D Volk single aspheric lens (Birmingham Optical) and 7” Touchscreen 
Display (Raspberry Pi), shown in Fig. 3.3a. The 14D Volk lens allowed for the longest 
working distance (75 mm) that we could source, in which other components could be 
added for additional neurodiagnostics such as for Raman Spectroscopy. The NoIR 
RasPi camera was run on Python scripts titled “RasPi_ NoIR_ FundusCam_ Motion” 
and “RasPi_ NoIR_ FundusCam _Static” which inverted the image to remove the 
mirroring effect from the Volk lens, and optional cropped view to maximise and 
centralise the image. It also allowed continuous viewing for adjustments, whilst saving 
images and pictures. When the phantom eye and Volk lens are placed at the correct 
75 mm working distance, and the NoIR camera is moved between 0 and 90 mm, 
illustrated in Fig. 3.3b, the crosshairs that represent the retina could only be viewed 
as in-focus when the NoIR camera sits 24 mm away from the Volk lens, results shown 
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in Fig. 3.3c top and middle panels with the 800 nm IR LED on and with regular room 
lighting. When the crosshairs are in the correct retinal position (18 mm from the front 
of the eye), the crosshairs appear out of focus and distorted, as shown in the bottom 
panel of Fig. 3.3c. Alongside obtaining a focused image of the crosshairs at the retinal 
position of the phantom eye model, the objective is to minimise the path distance of 
the fundus camera set-up e.g. the distance between the Volk lens and NoIR camera 
(currently 24 mm) for portability whilst maximising the path distance between the 
phantom eye and the Volk lens (currently 75 mm), illustrated in Fig. 3.3b. The 

Figure 3.3. a Picture of the initial fundus camera set-up built on an optical table showing (from left to right) 
the phantom eye model, the 14 D Volk condenser lens, the Raspberry Pi NoIR camera module, the 800 
nm LED and the Raspberry Pi 7” Touchscreen display. The display shows the camera view of the crosshairs 
located at the retinal position of the phantom eye, the crosshairs are positioned where they are focused, 
not at the correct 18 mm retinal distance. b A schematic diagram of the initial fundus camera set-up. c 
Examples of camera views captured on the touchscreen module. The top and middle panel shows the 
crosshairs in focus as the closest possible position to the phantom lens, the first using the LED to illuminate 
and the second using room lighting. The bottom panel shows the crosshairs at the correct 18 mm position 
of the retina, but it is out of focus. d Schematic diagram of the prospective 830 nm portable Raman set-up, 
illustrating the proposed path of the fundus camera and the shared optics with the Raman spectroscopy 
path. 
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maximsied path is essential to allow for the shared optics required to combine the 
fundus imaging with Raman spectroscopy, as shown in the schematic diagram for the 
proposed 830 nm portable Raman device shown in Fig. 3.3d.  

Upon further reading, Colenbrander et al. outlined the basic principles of indirect 
ophthalmoscopy, providing calculations of distances between the patient and observer 
depending on the condenser lens[44]. A 20 D Volk lens, which is commonplace for 
indirect ophthalmoscopy, requires a distance of 30 – 45 cm between the lens and 
observer, whilst a 13 D lens needs 32.7 – 47.7 cm[44]. The 14 D Volk lens, chosen for 
a maximum working distance for a portable Raman spectroscopy set-up to be 
implemented alongside, will therefore require approximately the same range.  

Following the guidance from Colenbrander et al., an improvement was noticed with 
increased distances and fundus imaging of the crosshairs at the retinal position was 
achieved at a distance of 30 cm from the 14 D Volk lens, as shown in Fig. 3.4. Whilst 
good image quality was still achieved at this distance, demonstrated in the bottom right 
panel of Fig. 3.4, these parameters are not ideal when implementing a camera as the 
observer, all enclosed in a hand-held housing, as the entire working path of the optical 
system would be around 1 metre long, outside of the range for an effective point-of-
care device. The next steps in this process would be to reduce the entire path length, 
specifically between the camera and Volk lens.  

Figure 3.4. Demonstration of improved focus on the crosshairs as the distance between the 14 D Volk lens 
and the RasPi NoIR camera module is increased from 24 mm to 110, 160 then 300 mm. At 300 mm (bottom 
panels), good focus and image quality is achieved even when using a Python command to crop the camera 
view (bottom right panel). This 300 m distance makes the entire fundus camera set-up large and bulky, not 
ideal for handheld, point-of-care use. 
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3.3.3 Reducing Path Length 
To reduce the working distance path length, the beam focused by the Volk lens to the 
camera needs to be done so closer to the Volk lens, I started by mixing and matching 
different positions between the 3 components, i.e. moving away from the 75 mm 
working distance of the Volk lens, shown in Fig. 3.5a. I found an example of a NoIR 
camera user adjusting the camera lens to shorten the working distance[45], this was 
implemented alongside the reconfiguring of the distances between components to 
determine what would be the most optimised version of the initial fundus camera set-
up, shown in Fig. 3.5b. The view of the crosshairs was being restricted in two of the 
configurations in Fig. 3.5a and all of the results from adjusting the NoIR camera lens. 

Figure 3.5. a Adjusting the combination of distances between our initial fundus camera set-
up. Where distance between eye and Volk lens = x; Distance between camera and Volk lens 
= y; total working distance of system = T; all in millimetres (mm). In our initial system: x = 75 
mm, y = 300 mm, T = 375 mm and the aim is to reduce this as much as possible. b Adjusting 
the NoIR camera module lens moving further away (anticlockwise) where number of 
anticlockwise lens rotations = r. c Illustrates that the effect created when the Volk (condensing) 
lens is too far from the patient’s eye, light from the peripheral of the patient’s retina will not 
reach the observer. This is the effect we observe in in some of the configurations in a and all 
of the results from adjusting the NoIR camera lens in b[46].  
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Atebara et al. describe how this effect is also observed when the condenser lens is 
too close to the patient’s eye, blocking light from the periphery of the retina reaching 
the observer, illustrated in Fig. 3.5c[46]. The only improvement from these efforts was 
reducing the total working distance by 3 cm, shown in the bottom panel of Fig. 3.5a, 
and adjusting the NoIR camera doesn’t achieve the desired effect without restricting 
the view. The next step is to look into adding an additional lens to reduce the path 
between the condenser lens and the NoIR camera, to focus the beam closer to the 
lens and to avoid the effect shown in Fig. 3.5c by adjusting the condenser lens working 
distance, this is of best interest also as this working distance needs to be as long as 
possible to ensure enough space for Raman Spectroscopy components to sit.  

Achromatic and plano-convex lenses were tested to observe any improvements, these 
included: a 50 mm focal length achromatic lens (AC127-050B, ThorLabs), a 30 mm 
focal length plano-convex lens (LA1289-B, ThorLabs) and a 20 mm focal length plano-
convex lens (LA4647-ML, ThorLabs). The 14 D Volk condenser lens was placed back 
at the regular working distance of 75 mm from the phantom eye model and test lenses 

Figure 3.6. NoIR camera results when introducing four different lenses between the camera and Volk lens, as 
well as altering NoIR camera lens position. a Comparison between three lenses placed in between the 14D 
Volk condenser lens and the NoIR camera module to shorten the working distance (y) from 300 mm. Good 
results from all. b Comparison when adjusting the NoIR camera lens whilst placing the 50 mm focal length 
achromatic lens between the 14D Volk condenser lens and the NoIR camera module, further shortening the 
working distance (y). c Adjusting configuration of all components in the initial fundus camera design plus a 35 
mm focal length achromatic lens between the 14D Volk condenser lens and the NoIR camera module. This 
achieved the shortest working distance (y) and widest field of view, suitable for handheld fundus camera 
applications. Where distance between eye and condenser lens = x; Distance between camera and condenser 
lens = y; number of anticlockwise lens rotations = r.  
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were placed between the condenser lens and NoIR camera module to make this 
distance as short as possible. This was achieved with all three lenses, as shown in 
Fig. 3.6a, and the NoIR camera lens was once again adjusted to determine any 
improvement. For the plano-convex lenses, adjusting the NoIR lens anticlockwise 
would require the camera to be moved further away from the lens, thus cancelling out 
the effect, however, improvement in focus was observed when combined with the 
achromatic lens 50 mm focal length achromatic lens, which is shown in Fig. 3.6b. 
Visual acuity and focus was suitable when using this achromatic lens but could be 
improved upon, and the small size (12.7 mm) limited the camera view. A second 
achromatic lens was ordered and tested, with a 35 mm focal length to shorten the 
working distance even further and a diameter of 25.4 mm. Good results were observed 
when adjusting the NoIR camera lens between 2-2.5 anticlockwise turns, so this was 
explored with the new, bigger lens, to achieve a new, optimised configuration for the 
fundus camera set-up, these results are given in Fig. 3.6c, reducing the distance 
between condenser lens and observer from 300 mm to 55 mm.  

Figure 3.7. a Comparison between the camera view and size of the Raspberry Pi NoIR camera module (top) 
and the Raspberry Pi HQ camera with 6mm wide angle lens (bottom). The high resolution and autofocus of 
the HQ camera allows a shorter working distance and slightly improved camera view but not worth the large 
increase in overall weight to the portable system. b Adjusting configurations of the initial fundus design once 
a lens was chosen to shorten the working distance (b) between the 14D Volk condenser lens and the NoIR 
camera module, and once a lens position was finalised for the NoIR camera. The aim was to increase the 
internal distance (x) between the phantom eye model and the 14D Volk condenser lens to allow for Raman 
Spectroscopy components to be placed, without increasing the working distance (y) which would negatively 
impact portability. Where distance between eye and condenser lens = x; Distance between camera and 
condenser lens = y. 
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An alternative Raspberry Pi camera module was purchased to compare with the 
performance of the NoIR camera module once a sufficient working distance was 
achieved for portable, handheld applications. A Raspberry Pi High-Quality Camera 
Module (Raspberry Pi, SC0818) with a 6 mm Wide Angle Camera Lens (Raspberry 
Pi, SC0124) was purchased for higher resolution and auto-focus capabilities, as this 
feature is referred to as one of the biggest pros for smartphone-based fundus camera 
systems[29], [47], [48]. Comparisons between the systems are shown in Fig. 3.7a, 
and overall, it was determined that the visual improvements do not outweigh the 
negative impact the High-Quality camera module would have due to its larger size 
(visible in Fig. 3.7a) and mass of 85 g versus the lightweight 3-gram NoIR camera 
module.  

Upon finalising the NoIR camera module and 2.50 anticlockwise turns from the starting 
position (roughly measured as a 22 mm focal length, previously 50 cm[45]), the entire 
configuration was tweaked to maximise the distance between the phantom eye and 
condenser lens to allow as much space as possible for Raman Spectroscopy 
components to be placed, without reducing the portable suitability or quality of the 
image. These adjustments are shown in Fig. 3.7b, and it can be observed that very 
little difference was made in the image quality of crosshairs. A Raman working distance 
of 93 mm was achieved, which is intended to be redirected along right angles, 
therefore not reducing the portability of the entire system, and an optimised portable 
fundus set-up was achieved.  

A visible red laser (635 nm wavelength) was utilised with a viewing board and 
microscope camera to view how the collimated beam was passing through the entire 
fundus camera set-up, example shown in Fig. 3.8ii., to produce a ray diagram. Images 
were taken of the beam spot size along the beam path and the diameter was measured 
using ImageJ afterwards. A scaled ray diagram was drawn up and a digital render of 
the portable fundus camera set-up is presented in Fig. 3.8i.  

Figure 3.8. i Digital schematic diagram of the portable fundus camera set-up, drawn to scale. ii Example of the 
microscope camera view of a red laser beam spot size. These images were taken along the beam path and 
diameter was measured using ImageJ to trace the beam throughout the entire system. The dotted line 
represents the modelled ray path that would be taken to achieve this ray diagram from the combined power of 
the 14 D (Volk) condenser lens and achromatic lens, however, not the actual light behaviour of these lenses. 
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3.4 Optimising LED Illumination 

3.4.1 LED Wavelength 
The main challenge, once creating a portable set-up, is how to appropriately illuminate 
the retinal fundus without obstructing the reflected light passing back through the pupil 
towards the camera[49]. A large reason for exploring the use of a near-infrared (NIR) 
excitation wavelength was for a better patient experience when completing spectral 
acquisitions and illuminating the eye for fundus imaging should do the same. Cui et al. 
utilised NIR light to prevent pupil contractions when imaging the fundus. However, they 
discuss the limitations of this including low-resolution imaging due to backscattering 
from different tissue depths and less clear retinal vasculature, whereas visible light 
penetrates less into the retina and is absorbed much more in the haemoglobin[49]. To 
mitigate this, they implemented an image processing technique to produce higher-
quality images.  

Longer wavelengths in the NIR region have lower frequency and greater penetration 
than “white” LEDs[50]. Alongside this, literature explores LED light sources as an 
alternative to conventional flash fundus photography, as this tends to be oversaturated 
in the red region whilst washed out in the green and blue regions, resulting in flat and 
red-hued images[51]. Therefore, implementing an LED for the portable fundus camera 
system would create another benefit over smartphone-based systems.  

An 800 nm wavelength LED was chosen (LED800L, ThorLabs), to create the best 
patient experience, and to avoid interference with the Raman Spectroscopy 
components when implemented with an 830 nm excitation wavelength. When 
completing the experiments in Section 3.3, the open version of the phantom eye model 
shown in Fig. 3.7a was used with the room light on, however, when using the final 
phantom eye, room light cannot illuminate the crosshairs/retina and LED will be the 
only form of light. Therefore, the type and position of the LED are vital for sufficient 
fundus image capture. The 800 nm LED was placed in different locations throughout 
the portable fundus camera set-up, above and to the right of the NoIR camera, at the 
achromatic lens and at the condenser lens, as shown in Fig. 3.9a. The LED at these 
locations provided little illumination to the crosshairs and created glare.  I decided to 
direct the LED into the camera axis using a mirror, illustrated in the bottom panel of 
Fig. 3.9a, as this is one of the fundamental properties of smartphone-based fundus 
cameras which feature little to no additional lenses to achieve ophthalmoscopy[27]. 
This created a better camera view, with a spotlight on the “retina” allowing visibility of 
the crosshairs, in position 5 of Fig. 3.9b.  

13 porcine eyes were tested with the portable fundus set-up, using the open access 
3D printed 20D Volk lens mount with an iPhone 12 (discussed in Section 2 in Fig. 3.1) 
and the D-Eye, with the iPhone 6, to confirm good corneal clarity and that there was 
no damage to the internal structures beforehand, shown in the top panel of Fig. 3.9c. 
As shown in the middle panel of Fig. 3.9c, there was very little illumination of the 
porcine eye globe when placing the eye just outside of the focal point and glare from 
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the 800 nm LED can be seen. As the porcine eye is moved closer to the camera, 
reaching the focal point, the corneal glare overwhelms the camera view until it is all 
the camera is able to focus on, as shown in the bottom panel of Fig. 3.9c.  

There is no evidence in the literature that ~800 nm wavelengths would behave 
differently passing through porcine cornea and lenses compared to a human eye, and 
Artigas et al. show that porcine eyes are similar to that of a human eye in the visible 
spectrum, allowing 95% transmission[52]. However, we were having little success 
translating the near-IR LED from the phantom model to ex vivo porcine eyes, so other 
LED wavelengths were explored, with the intention of remaining non-mydriatic and not 
to dazzle the patient. Whilst Lobato-Rincon et al. determined that human eyes have 
the largest pupillary response to white and green (510 nm) light when exploring laser 
wavelengths[53], Schmitz-Volckenberg et al. showed impressive results when utilising 
green and blue emissions for in vivo fundus autofluorescence imaging, which makes 
best use of the natural autofluorescence from the retina[54], and Everdell et al. utilise 
wavelengths 504, 525 and 557 nm to obtain multispectral images of the fundus.  

The fresh, ex vivo, porcine eye test was repeated with LED wavelengths: 525, 570, 
750, 800 and 850 nm, with results on both the open phantom eye model and ex vivo 
porcine eyes shown in Fig. 3.10. The 525 nm LED produced a spotlight onto the retina 
location but little contrast between the paper and printed crosshairs, the porcine eye 
globe appears illuminated, but the fundus could not be viewed. The 570 nm LED 

Figure 3.9. a (1-5) NoIR camera view of the crosshairs at the retinal position of the phantom eye model with the 
800 nm LED placed in different positions throughout the set-up. Bottom right panel shows a key describing each 
position. b Top view of the set-up on the optical table, showing how the LED is brought into the system along the 
camera axis when achieving “Position 5”. c (top) Shows the performance of the two smartphone-based fundus 
systems on the fresh, ex vivo porcine eyes: 3D printed open access 20D lens mount using an iPhone 12 (left) and 
the D-Eye using an iPhone 6 (right). (middle) Examples of how the portable fundus set-up with 800 nm LED does 
not illuminate the porcine eyes at a distance. (bottom) Illustrating closer views of the glare created by the 800 nm 
LED on the porcine eyes. 
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illuminated a very dim spotlight onto the crosshairs, but very little of the eye was seen 
and no illumination of the fundus. The near-IR LEDs created a general illumination, 
much like the effect of having the room light on, due to the compatibility with the NoIR 
camera, but the 750 nm created a very faint spotlight onto the crosshairs and no retinal 
structures could be seen, whilst the 850 nm LED produced a clear spot, not as bright 
as the original 800 nm, but again the fundus could not be viewed.  

3.4.2. Extra Aperture 
Another approach was taken, in response to Palmer et al. discussing that the entrance 
pupil diameter must be smaller than the patient’s pupil to eliminate vignetting in the 
camera. This method is employed in some smartphone-based fundus camera 
systems, such as the D-Eye, which utilises a diaphragm with an aperture to collimate 
the dispersing LED light and reduce glare. This was explored with an adjustable iris 
aperture (ID15/M, ThorLabs) placed in between the LED light and the eye model, and 
results using the phantom eye with crosshairs and a bird’s eye view of the set-up are 

Figure 3.10. Comparison between different LED wavelengths: 525, 570, 750, 800 
and 850 nm using both the open phantom eye model and ex vivo porcine eye 
model. Very little clarity and contrast from the green LEDs and best results from 
the near infrared. The clearest illumination was achieved using the 800 nm LED. 
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shown in Fig. 3.11a and 3.11b, respectively. Little difference is seen in the phantom 
eye model, and no improvement was observed in fresh, ex vivo porcine eyes. An 
opposite thought process was followed, placing a black dot in the middle of the LED 
to soften or disperse the light further in hopes of reducing the glare. A visual of this 
method is shown on a white LED in Fig. 3.11c, again, no improvement was made.  

3.4.3. Additional Lenses 
Upon observing no improvement, the original 800 nm LED was once again utilised, 
but removing the lens, and then vitreous humour, of the ex vivo porcine eyes, in case 
the dead, unresponsive cornea and lens were the reason for no image being formed, 
as Palmer et al. state that the most anterior corneal surface has the most contribution 
to producing glare[55]. We were obtaining good results using the phantom eye, so the 
anterior of the porcine eye was replaced with the phantom lens and the dissected 
posterior of the eye was placed in the retinal location. The fundus can be viewed 
clearly even with a regular smartphone set-up through the vitreous humour, seen in 
Fig. 3.12a, including the optic disc. The full fundus still could not be seen once 
replacing the porcine cornea and lens with the phantom lens but some structures were 
beginning to come into view like in the top right-hand corner of Fig. 3.12b. Once 
removing the vitreous humour, the structures of the fundus could be obtained in clear 
focus, confirming that the resolution of the portable fundus set-up was not the issue 

Figure 3.11. a Aperture test introducing a variable iris to achieve better illumination. Aperture was decreased 
from 7 to 0.5 mm. No improvement was observed. b Top view of the fundus set-up on the optical table 
illustrating where the variable aperture iris was placed. c Black dot placed on an LED to soften the 
illumination and reduce glare, which did not produce positive results. 
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as Fig. 3.12c shows the intricate details of the retinal arteries and veins (i) and the 
optic disc (ii).  

If the compound power of the dead porcine cornea and lens were proving the problem, 
as the deformed structures may be behaving differently to that of the approximate 
power of 60 D in living eyes, then the next stage was to introduce lenses between the 
LED and patient eye to manipulate the focus of the illuminating light. It seemed that 
as the LED is moved away from the phantom lens, a concentric ring shape is created 
rather than even distribution, shown in Fig. 3.13a, and the LED cannot be brought 
closer to the lens as it must not disturb the camera view, and therefore must sit around 
50-60 mm away from the phantom eye model.  Three plano-convex lenses were 
introduced to improve the illuminated spot at an appropriate distance for the portable 
fundus set-up, with focal lengths: 50.8, 75 and 100 mm. The illuminated spot produced 
by these lenses at ~60 mm from the axis is shown in Fig. 3.13b. The 50.8 mm focal 
length plano-convex lens produced the largest spot size with the lowest saturation 
which allows the crosshairs to be seen. The area of illumination is evened out when 
the lens is moved to 86 mm away from the axis, as shown in Fig. 3.13c(i) but this is 
considerably further away, reducing the suitability of the system for a handheld device 
and it is of interest to reduce this.  

Multiple lenses were introduced to the 50.8 mm focal length lens (49-846, Edmund 
Optics) to create a compound power, and the best result was created by an additional 
30 mm focal length plano-convex lens (LA1085, ThorLabs), shown in Fig. 3.13c(ii), at 
a suitable LED distance of 20 mm from the axis. A compound lens mount was 

Figure 3.12. a Example of how the fundus including small details of optical disc and veins 
can be viewed smartphone through the vitreous humour without any additional 
attachments once the lens and cornea are removed. b NoIR camera view through the 
vitreous humour once the lens and cornea are removed from porcine eye, still little 
visibility. c Examples of improved visibility and focus onto the fundus once the vitreous 
humour is removed and the porcine lens and cornea are replaced with the phantom eye 
lens, achieving clear view of retinal veins (i) and the optic disc (ii). 
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designed, and 3D printed to securely fix the two lenses together for optical table use, 
illustrated in Fig. 3.13d. Despite the visual improvement with the phantom eye model, 
the fundus still could not be viewed by the portable fundus camera set-up when using 
fresh, ex vivo, porcine eyes.  

3.5 Optimised Design 

3.5.1 Fundus Imaging 
Throughout these stages, the D-Eye system using an iPhone 6 and the open access 
3D printed 20D Volk lens mount with an iPhone 12 effortlessly obtain images of the 
fundus with the same porcine eyes, using the standard iPhone flashlight. Despite 
efforts to utilise a near-IR LED source to create the best possible patient experience, 
it was necessary to test a white LED to deduce that the illumination source was the 
last remaining issue. Flash-light sources in photography provide natural colours to 
images but dazzle patients, whilst LED sources emit a less dispersive light 
spectrum[50], therefore still providing a better patient experience over standard fundus 
ophthalmoscopy. Five fresh, ex vivo porcine eyes were used to test the portable fundus 
camera system with the newly introduced white LED (LEDW7E, ThorLabs) and plano-
convex lenses, example shown in Fig. 3.14a. This set-up finally produced an image 
of the fundus, with retinal veins of approximate diameter of 123 – 136 μm, shown in 
the portable fundus camera images in Fig. 3.14b, where the top row has clear view of 
blood vessels, the middle row shows some glare from the LED still present and the 
bottom row illustrates how, in some eyes, the LED glare disrupts the view of the 

Figure 3.13. a Smartphone images of the LED illuminated through the phantom eye lens onto a 
viewing board. The LED is moved further away from the lens and board, and a concentric ring shape 
is created. b NoIR camera view upon introducing plano-convex lenses 60 mm from the phantom 
eye model to increase the spot size. c Exploration of the best suited lens with 50.8 focal length at 
the best location (i) and at decreased distance with added secondary lens of 30 mm focal length 
(ii). d CAD design of a mount which combines the two lenses. Where FL = focal length. 
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fundus. This is an issue that will need to be rectified in future work but the improvement 
from the initial set-up is very promising.  

Figure 3.14. a Optical table set-up of the white LED being reflected into the camera axis with the added 
compound lenses, using fresh porcine eyes at the patient location. b Examples of fundus imaging results 
using the white LED, showing clear view of blood vessels. Glare is also present and in the bottom panel 
disrupts the camera view. 

Figure 3.15. a Final ray diagram and schematic of the portable fundus camera set-up. b Top view of the 
optical table portable fundus camera set-up. The dotted line represents the modelled ray path that would be 
taken to achieve this ray diagram from the combined power of the 14 D (Volk) condenser lens and achromatic 
lens, however, not the actual light behaviour of these lenses. 
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Upon further adjustments and for simplicity, the compound lens was removed and only 
the 30 mm plano-convex lens was featured in the final portable fundus design, sitting 
31.7 mm from the axis, and creating a soft, even illumination spot with simpler 
mounting. To maximise patient comfort, a potentiometer was introduced to allow the 
LED brightness to be controlled per measurement, which can also be altered to avoid 
saturation. A final ray diagram was created from all of the aforementioned iterations 
and is presented in Fig. 3.15a, alongside this, a bird’s eye view image is presented of 
the components on the optical table in Fig. 3.15b, both without the potentiometer as 
this was mounted in the 3D printed system.  

3.5.2 Non-Mydriatic Use 
Once the portable fundus set-up was confirmed to use a white LED for illumination, 
the system needed to be tested on different pupil sizes to ensure its suitability for non-
mydriatic use. The open phantom eye model was utilised as the porcine eye pupil 
could not be controlled. Natural pupils can have diameters between 2 and 7 mm[56], 
this holder has an aperture that mimics the eye’s pupil with a 4 mm diameter which is 
the approximate size of a human eye in regular room lighting. When the eye is in 
darkness the diameter will be around 6 mm but can be as large as 8 mm when 
artificially dilated with tropicamide (mydriasis), 3 mm when exposed to bright light and 
as small as 2 mm under certain trauma or drugs (miosis)[57]. For point-of-care use, 
the portable fundus system should be able to be implemented on a patient with little 
preparation or knowledge of their condition, and in a timeframe too short for artificial 
dilation or to wait for drugs to subside, and therefore must be functional in all 

Figure 3.16. Demonstration of non-mydriatic capabilities of the portable fundus 
camera system. Each row shows the 3D printed pupil, noIR camera view of the 
crosshairs at the retinal location of the phantom eye model and the same view with a 
830 nm laser aligned with the camera axis for potential secondary diagnostic 
techniques. Pupil diameters of 2, 4, 6 and 8 mm were explored for all patient 
circumstances. 
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conditions. The 3D-printed pupils can be seen in the left column of Fig. 3.16, whilst 
the portable fundus camera view is shown middle column, illustrating that the system 
can be utilised under all circumstances. An 830 nm laser was passed along the camera 
axis onto the centre of the crosshairs to also display compatibility with an external 
laser-based technique such as Raman Spectroscopy, found in the right column of Fig. 
3.16.  

3.5.3 Creating a Portable Housing 

Once the portable fundus camera set-up was finalised, the 3D-printed housing could 
be designed and printed, ensuring all components fit securely for portable use and 
that the potentiometer could be mounted. The CAD design is presented in Fig. 3.17, 
with (a) showing the internal components, (b) an isometric view with the device lid to 
reduce stray light entering (c) a side view displaying the additional grips for user 
comfort and a patient eye to demonstrate the comfortable distance.  

The design was Fused Filament Fabrication (FFF) 3D printed using matte PLA (183-
0245, RS Pro) to reduce scattered light and is presented with the lid removed to show 
the internal optics and potentiometer present in Fig. 3.18a and alongside the attached 
7” touchscreen module in Fig. 3.18b(i), along with an example of how the system is 
handheld, made more comfortable with the hand grips shown in Fig. 3.18b(ii). Once 
fabricated, the system could be weighed and measured for final mass and size to 
compare against the current handheld fundus systems on the market. The system 
weighed in at ~547 g and measured 117 x 148 x 56 mm for an approximate cost of 
£500, the most expensive item being the 14 D Volk lens. The parameters achieved 
with the portable fundus camera design allow this system to compete with the current 
handheld ophthalmoscope market, outlined previously in Table 3.1.  

Figure 3.17. Renderings of the 3D housing of the portable fundus camera device with an eye 
model in the patient position. a. Top view without the lid to expose the internal components of 
NoIR camera, 2 lenses, fundus lens, glass slide and LED. b. Isometric view of the portable fundus 
camera with lid attached. c. Side view of portable fundus camera with lid attached. 
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3.6 Discussion and Conclusion 
The current progress of the portable fundus camera design is satisfactory and is 
suitable for the next stages to introduce Raman Spectroscopy as a principal 
diagnostic technique for which fundus imaging will accompany. Despite the fundus 
being in view, there are still issues remaining concerning glare and contrast. Palmer 
et al. explore glare-free fundus imaging by using glare masking which ignores part of 
the light field that corresponds to glare whilst blending references to integrate to a 
single point from a range of different views in the light field to ‘look around” the glare. 
They also deliver LED light to the eye from 3 different off-axis locations to move 
corneal glare away from the centre of the pupil[55]. This suggests two potential 
pathways for future steps, either using glare masking as a processing technique or 
revisiting the LED set-up to allow for glare-free imaging live. 

When considering the patient experience inspiration can be taken, again, from Palmer 
et al. introducing an eye fixation system to their portable fundus device, encouraging 

Figure 3.18. Photographs of the portable fundus camera device with the 
phantom eye model in the patient position. a Top view of the components 
mounted into the 3D printed housing of the portable fundus camera system with 
the potentiometer present b (i) Image taken of the final portable fundus camera 
system prototype placed onto the optical table, with the lid on to reduce external 
stray light and with the 7” touchscreen module present. (ii) Example of 
ergonomic design achieved by additional hand grips onto the 3D printed 
system. 



109 
 

the patient to fix their eye at infinity by focusing on an LED-backlit fixation target at a 
retinal conjugate plane[55]. Another addition could be introducing a chin rest to aid 
stability and make the device more user-intuitive when the patient can be sat upwards. 
Chin rests can be priced around £500, but an open-access GitHub page describes the 
materials and files needed for a low-cost and portable research-grate chin rest for 
around £50[58]. 

Alongside optimising this portable fundus imaging set-up, utilising phantom eye or 
porcine eye models, the next stages would involve testing in more human-relevant 
environments. Human volunteers could be obtained as subjects of fundus imaging, 
collecting feedback on the patient experience, the quality of images and whether the 
design is user-friendly. The success of this design, not only creates the opportunity to 
patent a novel set-up for portable fundus imaging but also, opens up more prospects 
for telemedicinal ophthalmology where patients can receive more care in the comfort 
of their own homes, hopefully encouraging more frequent monitoring of ocular-related 
injuries and diseases which may usually go undetected, underdiagnosed, or identified 
too late for recovery. This will create better outcomes for, and knowledge of 
pathologies related to eye health, reducing the number of patients affected by loss of 
sight or neurological diseases and disorders. 
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Chapter 4 
 

Laser Profiling for Portable and Eye-Safe Raman Spectroscopy 
 

 

This chapter explores the parameters of the 830 nm laser diode proposed to be use 
in a near-infrared eye-based Raman system, to profile key aspects for future designs 
and begin verifying eye-safety. It is a short, but necessary, pitstop in the long journey 
to establishing a medical device with modifiable features, especially in the case of 
laser-based systems, to ensure complete compatibility not only with other components 
in the design but also with eye safety regulations.  

All equipment and laser settings are outlined, along with methods for verifying 
collimation, laser wavelength and power density, whilst highlighting the challenges 
introduced when utilising a low-power laser that is not visible to the human eye. 
Complete familiarity with the chosen laser diode will aid troubleshooting when 
designing and building the entire 830 nm portable Raman system, unexpected outputs 
from the optical design will be easily identified or discarded as being a result of the 
laser. 

The UK and European standards for laser safety (BS EN 60825) are assessed to 
determine approximate parameters for beam width and power for the chosen 830 nm 
laser wavelength. A maximum laser power output of 2.72 mW when completing 30-
second exposures was calculated, which is a realistic measurement time for patients.  

To investigate further, a collaborating with the Defence Science and Technology 
Laboratory (Dstl) was established to observe laser damage on Porcine primary retinal 
pigment epithelial cells (PRPEpiC). The goal was to observe an area of damaged cells 
from the laser spot size, then establish the safety limits i.e. at what power and 
exposure times are cells damaged. Whilst an experimental set-up was established, 
there were limitations in time, laser modification and cell availability to obtain numerical 
results, as cells did not show signs of damage following even 40 mW exposures. The 
results indicate that an increased power density is required to observe a positive result 
to confirm that the staining techniques being used are appropriate. 
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4.1 Introduction 
Research surrounding the ocular manifestations of neurodegeneration is a small but 
growing sector, where the physical and biochemical structure of the eye can be 
assessed externally to gain insight into pathology taking place inside the skull [1]–[7]. 
Current methods for obtaining diagnostic information on neurological disorders involve 
invasive techniques from blood samples to neuroimaging[8], [9]. These methods are 
costly, time-consuming and invasive, and techniques that utilise the eye’s optical path 
to obtain neurodegenerative information are starting to revolutionise the patient 
journey.  

Optical imaging such as Optical Coherence Tomography (OCT), vascular retinal 
imaging and fundus imaging have been explored in identifying 
neurodegeneration[10]–[15], utilising the eye’s optical path and direct links to the brain 
to produce images and gain diagnostic information with structural changes. 
Conversely, Raman spectroscopy utilises the inelastic scattering of light to produce a 
spectrum of peaks that represent a sample’s molecular bond vibrations. This 
technique uses laser light and the use of Raman spectroscopy for neurodiagnostics is 
of increasing interest in literature[16]–[21].  

There are hugely influential, but unfortunately limited, examples of Raman 
spectroscopy being implemented with ocular tissue or in-vitro to obtain diagnostic 
information[22]–[26]. The lack of progress in this field is largely due to limitations when 
combining laser light with human eyes, as retinal damage is common as high emission 
of collimated light is being focused by the large combined lens power of the human 
cornea and lens. The UK and European standards, the “BS EN 60825-
1:2014+A11:2021 Safety of laser products – Equipment classification and 
requirements” document outlines the current laser regulations, providing an indication 
of Maximum Permissible Exposure (MPE) based on laser wavelength, exposure time 
and eye tissue[27].  

In this work, we develop a laser diode set-up suitable for portable Raman 
Spectroscopy, operating at a wavelength that is invisible to the human eye for an ideal 
patient experience. The BS EN 60825 classification and requirements are used to 
calculate emission limits, and an experiment is designed to explore and identify 
damage to primary porcine retinal cells following 830 nm laser exposure and the safety 
limitations when adhering to these calculated regulations. 

4.2 Driver Set-Up 
The portable Raman device utilises an 830 nm excitation wavelength, at laser powers 
low enough to meet the BS EN 60825 standard of MPE. To allow full customisation 
and optimisation, a 50 mW GaAlAs laser diode (HL8338MG, ThorLabs) was used.  

The laser diode set-up includes the 50 mW Gallium – Aluminium – Arsenide (GaAIAs) 
laser diode, a collimation tube (LTN330-B, ThorLabs), a constant power LD driver 
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(MLD203P2E, ThorLabs), an evaluation board (MLDEVAL, ThorLabs), an ESD 
Protection and Strain Relief Cable (SR9C-DB9, ThorLabs) and a USB cable (USB-
AB-72, Thorlabs). All work was carried out on a static control ESD table mat (TM2448, 
ThorLabs), to dissipate static charges, with a grounding wrist strap connected to the 
user and the mat connected to an earthing socket.  

The set-up mode used for the laser driver evaluation board was MLD203PxE Module 
(CP) as the laser diode utilised in this work uses pin code C, illustrated in Fig. 4.1a. 
The monitor current for the laser diode is IPD, MAX = 0.50 mA, which is equivalent to the 
maximum optical output power. The resistance RCOMP was calculated using the 
equation: 

Figure 4.1. a Schematic of the laser driver evaluation board (MLD203PxE, ThorLabs) Module, provided 
in the ThorLabs “MLDEVAL User Manual”. Key features labelled 1-13 utilised to power and control the 
830 nm laser diode (LTN330-B, ThorLabs) with the laser driver (MLDEVAL, ThorLabs)]. b (left) Laser 
diode set-up within the collimation tube (LTN330-B, ThorLabs) and with the additional laser line clean-up 
filter (LL01-830-12.5, Semrock) attached. (right) Near-infrared beam visible when utilising a viewing card. 
c (left) Visible 635 nm portable laser (KI 9800 Series Light Source, Kingfisher). (right) Collimated 635 
nm laser exiting FC/PC optical fibre and imaged on a viewing board. 
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𝑅𝑅𝐶𝐶𝐶𝐶𝐶𝐶𝐶𝐶[𝑘𝑘Ω] =  2.5 𝑉𝑉
𝐼𝐼𝑃𝑃𝑃𝑃,𝑀𝑀𝑀𝑀𝑀𝑀 [𝑚𝑚𝑚𝑚]

    (4.1) 

Where RCOMP is resistance, V is the potential difference, IPD, MAX is the monitor current. 

Giving a result of RCOMP = 5 kΩ. This was set using a Tenma 72-7730a ohmmeter 
connected to the constant power monitor connector pins J7 (5 in Fig. 4.1a) to measure 
and adjust the resistance through P1 (12 in Fig. 4.1a).  

The LD driver is inserted into the sockets J8 and J9 (within 3 in Fig.4.1a) of the 
evaluation board. The laser diode was placed into the collimator package and strain 
relief cable and connected to the DB9 output connector (7 in Fig. 4.1a). Power is 
supplied through the USB cable connected to the mains and the USB power supply 
terminal (1 in Fig. 4.1a). Once the laser is turned on using the evaluation board switch 
(9 in Fig. 4.1a), the power is measured using a 400-1100 nm photodiode power sensor 
(S121C, ThorLabs) which is adjusted using the evaluation board potentiometer P2 (10 
in Fig. 4.1a). The laser power was initially set to 1 mW. 

4.3 Collimation 
The portable Raman systems utilise the patient’s eye as an objective lens, focusing a 
collimated beam to the retina, thus complete collimation of the laser is required. The 
visible laser used for the 635 nm portable Raman system (KI 9800 Series Light Source, 
Kingfisher) shown in Fig. 4.1c (left), requires an FC/PC optical fibre to be connected 
for use and does not require collimation (spot shown in Fig. 4.1c (right)). However, 
the laser diode used in the 830 nm set-up does need collimating, it is placed within an 
adjustable collimation tube (LTN330-B, ThorLabs) that holds an aspheric lens 
(collimation optic) and attached to a strain relief cable. This setup is shown in Fig. 4.1b 
(left) with the additional laser line clean-up filter (LL01-830-12.5, Semrock) and the 
near-infrared beam is visible when using a viewing card as shown in Fig 4.1b (right). 
Laser collimation is adjusted by moving the aspheric lens closer/further away.  

The set-up for testing collimation is shown in Fig. 4.2a and includes a viewing board 
with a scale bar mounted and an infrared microscope camera, both stationary. The 
laser is moved away from the board between distances of 5 and 135 cm. The camera 
captures images over this distance (example shown in Fig. 4.2b) and ImageJ is used 
to analyse the beam diameter. It is noted that the laser diode shape is elliptical (shown 
in Fig. 4.2c) and the microscope camera must sit slightly off-axis to capture images. 
This is repeated and optimised until collimation is reached, as shown in Fig. 4.2d.  
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4.4 Laser Wavelength Validation 
ThorLabs provide a wavelength error of ± 10 nm for the 830 nm laser diode, whilst 
Kingfisher quote an error of ± 5 nm for the 635 nm portable laser [28]. It is essential to 
investigate these errors to determine what wavelength the laser is producing in 
practice to ensure compatibility with the portable Raman system’s filters and mirrors. 
Here three methods are experimented with to compare and confirm the working laser 
diode wavelength. 

4.4.1 Spectrometer Method 
The first method used was by determining the Rayleigh peak position when feeding 
unscattered laser light into the portable spectrometer. If the true laser wavelength is 
the same as how it is labelled, then the Rayleigh peak will be centred about 0 nm.  

For the 635 nm laser, this was repeated 4 times, changing the focus each time to 
obtain a range of counts for the Rayleigh peak. A large feature to note is that the peak 
is very steep, going from minimum values to the maximum peak value between 648.10 
nm and 652.45 nm on the left-hand side, but wide and sloped on the right-hand side 
in Fig. 4.3a (top). When fully focused, the Rayleigh peak is rounded with a turning 
point before meeting the origin (635 nm). This was repeated with the 830 nm laser 
diode, this time the Rayleigh peak was consistently sharp with no sign of a turning 
point in Fig. 4.3a (bottom), suggesting that the actual wavelength is lower than 830 

Figure 4.2. Photographs of the experimental set-up and viewing board to collimate the 830 nm laser diode. 
a Example of laser diode elliptical shape, raw laser beam without collimation tube. b Infrared microscope 
camera view focused onto scale bar. Scale bar utilised in ImageJ and diameters recorded. c Collimation set-
up demonstrating the stationary viewing board with scale bar and the infrared microscope camera (silver 
cylinder), laser diode is mounted but free to move along the optical table. d Microscope camera view of 
collimated laser diode beam over increasing distanced from 5 to 135 cm from viewing board. 
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nm. A more numerical method is required, as the turning points are below the origin it 
is not possible to observe where the peak is located. 

4.4.2 Diffraction Method 
A simple diffraction method using a single slit was utilised for the visible 635 nm laser, 
shown in Fig. 4.3b (top). A microscope camera connected to a laptop was used to 
view the diffraction pattern and ImageJ was used to measure the distance (d) between 
bright spots visible in Fig. 4.3b (bottom). Pythagoras can then be used, with the length 
(L) between the single slit and viewing board, to calculate the angle of diffraction (θ) 
and the laser wavelength (λ) can be found using the single slit diffraction equation: 

𝑛𝑛𝑛𝑛 =  𝑑𝑑𝑑𝑑𝑑𝑑𝑑𝑑(𝜃𝜃)   (4.2) 

Where n is the order, λ is wavelength, d is distance between bright spots and θ is the angle of diffraction. 

Due to the large length (L) required to create a clear enough diffraction pattern to 
measure a distance (d) with confidence, significant errors are introduced. This method 
was repeated with positioning and an average of 683 nm was calculated with a huge 
error of ± 218 nm. This method also introduced challenges when applied to the 830 
nm laser diode due to the lack of visibility in a highly sensitive set-up. It was proposed 
that it would be sensible to acquire a Wavemeter to measure these directly and 
accurately. 

Figure 4.3. a Lasers fed into portable spectrometers with no filters and taking 10 us acquisitions. (top) The 635 
nm laser (KI 9800 Series Light Source, Kingfisher) is paired with a custom portable spectrometer (QE Pro, 
Ocean Insight), changing level of focus to alter counts, and repeated 4 times. The Rayleigh peak is steep, going 
from minimum values to the maximum peak value over 4.35 nm on the left-hand side, but wide and sloped on 
the right-hand side. It is not certain where the true turning point of the Rayleigh peak is. (bottom) The same 
method is utilised for the 830 nm laser diode (HL8338MG, ThorLabs). The Rayleigh peak is consistently sharp 
with no sign of a turning point, suggesting that the wavelength is lower than 830 nm. b (top) Image of the 
diffraction method for determining the true laser wavelengths, using the 635 nm laser. (bottom) Close-up of the 
diffraction pattern produced by the 635 nm laser that is uploaded to ImageJ for analysis. 
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4.4.3 Wavemeter Method 
To obtain accurate wavelength readings of both the 635 and 830 nm lasers utilised in 
the portable Raman systems, a Digital Optical Wavemeter (TQ8325, Advantest) was 
utilised, which measures wavelength using Michelson interference and a Helium – 
Neon (He-Ne) laser as the standard wavelength. This machine requires an FC/PC 
fibre connector input, compatible with the 635 nm portable laser, but more difficult for 
the 830 nm laser diode.  

The 635 nm portable laser was easily connected and measured a wavelength of 
637.67 nm with a measurement accuracy of 0.0025%[29], which is within the 

Figure 4.4. a (left) Transmission graph for 635 nm clean-up filter (FL05635-10, ThorLabs) illustrating the Full 
Width Half Maximum (FWHM) of 10 nm. (right) Transmission graph for 830 nm clean-up filter (LL01-830-12.5, 
Semrock) illustrating the Full Width Half Maximum (FWHM) of 3.2 nm. b (left) Transmission graph for the Long-
pass Rayleigh filter (BLP01-633R, Semrock) used within the 635 nm portable Raman design. This filter has a 
transmission band 650.5-1200 nm and an edge wavelength 645 nm [31] (right) Transmission graph for the 
long-pass edge filter (LP02-830RE-25, Semrock) used within the 830 nm portable Raman design. This filter has 
a transmission band 835.4 – 1872.2 nm and an edge wavelength 832.5 nm [32]. c Fibre coupled set-up for the 
830 nm laser diode to ensure sufficient power is supplied to the wavemeter. d Digital Optical Wavemeter 
(TQ8325, Advantest) output, measuring 826.34 nm, with a 0.0025% accuracy. The yellow box highlights the 
red pointer within the green zone indicating sufficient power has been supplied to the wavemeter. 
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manufacturer’s given errors. Thus, the measured laser wavelength passes through the 
clean-up filter (FL05635-10, ThorLabs) with a large Full Width Half Maximum (FWHM) 
of 10 nm, shown in Fig 4.4a[30], and suitably blocked from the spectrometer by the 
long-pass Rayleigh filter (BLP01-633R, Semrock) used within the 635 nm portable 
Raman system design, which has an edge wavelength 645 nm shown in Fig. 4.4b 
(left)[31].  

The 830 nm laser diode required fibre coupling for sufficient power to be detected by 
the wavemeter, this involved guiding the beam into a fibre port using 2 mirrors on 
adjustable mounts to utilise all degrees of rotation (Fig. 4.4c). The laser input power 
was kept at at ~0.5 mW as this is the current approximate power designed to reach 
the eye within the portable system, a 15.3% transmission efficiency was calculated 
from the fibre coupled set-up with the single mode fibre, so the laser diode power was 
increased to 3.66 mW to obtain an output power of 0.56 mW. This was sufficient to 
reach the green zone of the wavemeter input levels, outlined in a yellow box in Fig. 
4.4d. The wavemeter stabilised at 826.34 nm, which is within the ±10 nm error 
provided by the laser diode manufacturer and may explain why the Rayleigh peak 
centre sits below the spectrometer origin. The measured laser wavelength of 826.34 
nm should be suitably blocked by the spectrometer using the long-pass Rayleigh filter 
(BLP01-633R, Semrock), used within the first draft of the 830 nm portable Raman 
system, as the filter has an edge wavelength 832.5 nm, shown in Fig. 4.4b (right)[32], 
however, the transmission of the laser diode is most likely reduced by the presence of 
the clean-up filter (LL01-830-12.5, Semrock) as the FWHM is very narrow at 3.2 nm, 
giving a lower wavelength of 826.8 nm, illustrated in Fig. 4.4a (right). Thus, the laser 
power may need to be increased to obtain sufficient power at the spectrometer.  

4.5 Beam Profiling 
4.5.1 Spot Size 
A beam profiler (BC106N-VIS/M, ThorLabs) was used with the provided software 
(ThorLabs Beam Application) to visualise and model the 830 nm laser diode beam. 
This was a borrowed system and seemed to need power calibration as 0.26 mW 
laser power would be detected as 244 mW by the profiler. The highest neutral 
density (ND) filter was used to prevent the software saturation, using the B-type AR 
(anti-reflective) coating (650-1050 nm) in filter slot number 6, for reference[33]. 

Using this software, the laser spot size of both the collimated beam and the retinal 
spot size through the phantom lens could be measured. The collimated beam spot 
size (with 6 cm between the laser and profiler) is shown in the 2D projection in Fig. 
4.5a. Parameters are logged alongside this, in text form, including the major and minor 
diameters of the elliptical beam shape, which were used to calculate an elliptical area 
of Acollimated = 0.0100 cm2. A 3D projection and an X profile of the collimated beam are 
produced to ensure no irregularities, given in Fig. 4.5b and 4.5c, respectively. Beam 
stability was also measured, collecting 270 counts over 2 minutes, producing a stability 
graph shown in Fig. 4.5d, where the dark blue line traces the centroid position, and 
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the light blue circle plots the smallest enclosing area around the centroid position 
scatter. The white line traces the plotted Gauss-fitted centroid position, in which the 
data is fitted to a Gaussian distribution. The red plot indicates the reference position 
trace which was set as the centre of the centroid position scatter, illustrating a drift of 
2.5 𝜇𝜇m.  

This process was repeated with the phantom eye lens (ACL2018U, ThorLabs) 
focusing the collimated 830 nm laser beam and the beam profiler at the retinal location, 
where the crosshairs are located (18 mm from the lens) in Fig. 4.6a. The spot size 
created by the phantom lens is shown in Fig. 4.6b, along with the 2D projection in Fig. 
4.6c. The elliptical area was obtained using the extracted parameters and calculated 
to be AFocused = 0.0014 cm2. Again, a 3D projection and an X profile of the collimated 
beam illustrate no irregularities in the beam, given in Fig. 4.6d and 4.6e, respectively. 
Fig. 4.6f. shows the beam stability and there is a clear decrease in centroid position 
scattering shown in dark blue, creating a much smaller light blue circle, and the red 
trace indicating the centre of the centroid position scatter only spans 1.5 𝜇𝜇m. This 
comparison indicates an increase in beam stability through the phantom lens which is 
beneficial for maximising the photon number at the retina for the inherently weak 
Raman signal fed back to the spectrometer.  

Figure 4.5. Beam profiling of the collimated 830 nm laser beam using the ThorLabs BC106N-
VIS/M beam profiler and ThorLabs Beam Application software. a 2D projection of collimated 
beam, showing elliptical area calculated as 0.0100 cm2. b 3D projection showing no beam 
irregularities. c X profile of beam showing no irregularities. d Beam stability graph tracking 
centroid position (dark blue) encircled with the centroid position scatter (light blue), the 
Gaussian distribution (white) and the reference trace of the centre of the centroid position 
scatter (red), drifting a total of 2.5 μm. 
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4.5.2 Power Density 
The beam profiler was used to produce a power density graph illustrating the change 
with radius as the beam is focused by the phantom eye lens. Parameters for ellipse 
area and major radius were obtained from the ThorLabs Beam Application software 
whilst power measurements were taken with the ThorLabs S121C photodiode power 
sensor to ensure high accuracy compared to the incorrect values produced by the 
profiler. Parameters were collected with the profiler and power sensor at increasing 
distances from 5 to 140 mm, to produce the power density graph shown in Fig. 4.7. 
The red plot indicates the focal point located at the focal length of the phantom eye 
lens (18 mm), where the power density rapidly increases.  

Figure 4.6. Beam profiling of the 830 nm laser beam focused by the phantom eye lens (ACL2018U, 
ThorLabs) using the ThorLabs BC106N-VIS/M beam profiler and ThorLabs Beam Application software. a 
Set-up of the mounted phantom eye lens with crosshairs in the retinal location (18 mm) which is later 
replaced with the beam profiler. b Close-up view of the focused 830 nm laser spot size. c 2D projection of 
collimated beam, showing elliptical area calculated as 0.0014 cm2. d 3D projection showing no beam 
irregularities. e X profile of beam showing no irregularities. f Beam stability graph tracking centroid position 
(dark blue) encircled with the centroid position scatter (light blue), the Gaussian distribution (white) and the 
reference trace of the centre of the centroid position scatter (red), drifting a total of 1.5 μm. 
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4.6 Laser Safety Regulations 
Unlike the 635 nm visible laser which is Class 1 and sold on the market as “eye safe”, 
the 830 nm laser diode is Class 3 and needs to be utilised with care when designing 
a non-invasive eye-based device. When designing the system for the UK and 
European standards, the “BS EN 60825-1:2014+A11:2021 Safety of laser products – 
Equipment classification and requirements” document was referred to[27]. Damage to 
biological tissue is highly influenced by wavelength, pulse duration and radiation 
exposure, though absorption occurs at a molecular level and is wavelength specific, 
therefore changing device set-up per laser wavelength is important in this context[34].  

In the 400 to 1400 nm range, the greatest hazard is retinal damage, whilst the cornea, 
aqueous humour, lens, and vitreous humour are transparent to radiation of these 
wavelengths[27], [34]. This is why lasers emitting UV and far infra-red radiation 
represent a corneal hazard whilst visible and near infra-red wavelengths will be 
transmitted and damaging to the retina[27]. 

Accessible Emission Limits can be calculated from the regulations outlined in the “BS 
EN 60825-1:2014+A11:2021” document, specifically in Table 7 for Class 3 laser 
products in the wavelength range 400 – 1400 nm that pose a retinal hazard. The 

Figure 4.7. Power density graph of the 830 nm laser focused by the phantom eye lens 
(ACL2018U, ThorLabs). Elliptical major radii and areas obtained using the ThorLabs 
BC106N-VIS/M beam profiler whilst power measurements were taken with the 
ThorLabs S121C photodiode power sensor. The red plot indicates the phantom eye 
lens focal point at 18 mm from the back of the eye, where power density rapidly 
increases. 
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equation for accessible emission limits can be deduced by outlining an emission 
duration of 10 to 3x104 seconds for a laser wavelength of 700 to 1050 nm: 

𝐸𝐸[𝐽𝐽] =  3.5 × 10−3𝑡𝑡0.75𝐶𝐶4𝐶𝐶6    (4.3) 

Where E is the emission limit, t is emission duration and C are correction factors, which 
were identified using Table 9 in the “BS EN 60825-1:2014+A11:2021” document. C4 = 
100.002(λ-700) for spectral region 700 – 1050 nm. C6 = 1 for α ≤ αmin which is true for a 
collimated beam with α (divergence) less than or equal to 1.5 mrad[34], [35]. 

A realistic emission duration is approximately 30 seconds, which should allow time for 
sufficient Raman signal to be collected in a Raman acquisition without causing much 
strain on the patient. This could be shortened to 10 seconds and accumulated 3 times 
in data processing to reduce emission limit, mimicking a blink mechanism. Soleimani 
et al. explore burn intensity in retinal laser photocoagulation based on laser 
parameters, with results showing that shorter pulses in laser surgery were associated 
with significantly lower pain levels.  

However, a “blink” mechanism is not the simple answer, whilst high powers in long 
pulses will give rise to progressively enlarging lesions, short pulses will create a risk 
of explosive rupture of cells and damage due to physical displacement[27]. This can 
be explored further when assessing the quality of Raman spectra with the low-power, 
portable system. In the preliminary stage, t = 30 s is suitable and produces an emission 
limit of E = 0.081 J which is equal to a laser power of 2.72 mW. This would be the 
maximum power within regulation, and all design and prototype efforts will be set far 
below this to assess how successful the system could be within real-world 
applications.  

4.7 Investigation of Laser Damage to Primary Porcine Retinal Cells 
A collaborative project was completed with the Defence Science and Technology 
Laboratory (Dstl) to explore the effect of the 830 nm laser on eye-relevant cells to gain 
insight into the safety of using the laser diode within a diagnostic device. The main aim 
was to identify the upper limit of laser exposure for a realistic timeframe that eye-based 
Raman readings may require, exploring whether “blink” mechanisms would be 
appropriate to implement, such as splitting a 30-second Raman acquisition into three 
10-second measurements. 

4.7.1 Materials and Method 
Porcine primary retinal pigment epithelial cells (PRPEpiC, Innoprot) were plated at 
51,000 cells per cm2 on inserts 22 days post seeding, without passage. Inserts were 
used to enable cells to be removed from the media for exposure to avoid the laser 
being absorbed by the surrounding liquid. The collimation tube was altered to create 
a larger spot size of ARAW = 7.8540 cm2 for better visibility of cell damage, this can be 
calculated as power density and modelled back to the regular spot size utilised for 
the final portable Raman system.  
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The cells were initially exposed to the collimated beam at 40 mW, 10 mW and 1 mW 
for 30 seconds to model what the cornea would be subjected to. Metabolic activity was 
assessed using Presto Blue (1:10 dilution, 600 μL per well and 300 μL per insert, 
incubated at 37oC for 45 minutes). Metabolic activity was measured using a 
Flexstation in stop-read fluorescence mode, with excitation and emission wavelengths 
544 nm and 590 nm, respectively.  

After 20 minutes, the cells were stained for apoptosis and necrosis using a 3-colour 
staining kit (Apoptotic, Necrotic and Healthy Cells Quantitation Kit, Biotium) containing 
stains: CF488A Annexin-V for staining apoptotic cells green, Hoechst 33342 to stain 
nuclei blue and Ethidium Homodimer III to stain necrotic cells red. Apoptotic cell 
staining was proving an issue with this kit and the Annexin-V stain was therefore 
swapped for Calcein AM to stain live cells green, for this a set of the exposed cells 
were incubated at 37oC with 5% CO2 for 24 hours. A set of wells was uncovered in the 
fume hood environment for 30 seconds without laser exposure and then underwent 
the same staining process as control readings.  

4.7.2 Set-up 

Working with sensitive primary porcine retinal cells required a sterile set-up within a 
microbiological safety cabinet. A laser set-up had to be designed to allow the laser to 
enter the cabinet without sterilising the electronics, this is shown in Fig. 4.8a. and a 
schematic is given in Fig. 4.8d. The laser driver and optical posts were mounted onto 

Figure 4.8. Photographs and schematic diagram of the laser enclosure set-up to allow the laser to enter the 
cabinet without sterilising the electronics. a Image taken of the entire set-up during calibration. The laser driver 
and optical posts can be seen on the portable optical table which dampens vibrations to increase laser stability. 
The strain relief cable connected that powers the laser diode from the driver is fed into the cage system on the 
right-hand-side (outside the cabinet). On the left-hand-side (inside the cabinet), the laser diode mounted in the 
collimation tube exits the cage and shines on the viewing card at the transwell plate location. b A close-up view 
of the left-hand-side of the set-up inside the cabinet. c 3D printed transwell plate lid to reduce cell exposure to 
stray laser beam and probability of infection. Multiple lids were printed with different hole locations to create 
consistency with exposure location and to allow multiple cell exposure without disturbing cells. d Schematic of 
the entire set-up created with Inkscape. 
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a portable optical table to dampen vibrations and increase laser stability. The strain 
relief cable connected that powers the laser diode from the driver is fed into the cage 
system on the right-hand-side (outside of the cabinet) and exits on the left-hand-side 
(inside the cabinet), the laser diode mounted in the collimation tube exits the cage and 
shines on the cells within inserts of a 24 transwell plate, Fig. 4.8b shows a close-up 
of the set-up inside the cabinet. To guide the laser location, reduce secondary 
exposure to stray laser light and minimise the amount of time the cells are left 
uncovered, a 3D-printed transwell plate lid was designed, shown in Fig. 4.8c.  

4.7.3. Results 
In the first round of preliminary experiments, there was no observed reduction in 
metabolic activity of the cells after the 20-minute wait period, however, there was 
evidence of an increased in metabolic activity after 40 and 1 mW exposure. An 
increase metabolic activity following laser exposure is of interest, as near-infrared 
wavelengths, such as 830 nm, have shown potential as therapeutic 
photobiomodulation techniques, specifically in neurodegeneration[36]–[38]. After 
metabolic activity was measured, the retinal cells were stained for evidence of 
apoptosis or necrosis (as well as a nuclear stain). Staining at T = 0 hours (T0) provided 
no positive apoptotic control in any of the cell exposures, and the stain was swapped 
out for T = 24 hours (T24) staining to the more reliable Calcein AM. Assessing visually, 
there was no difference in the amount of necrotic staining between the control and any 
of the cells exposed to the 830 nm laser, nor significant evidence of cell death. It was 
unclear whether this is because apoptosis was not present in the samples or if staining 
was unsuccessful (no positive apoptotic control). The experiment was rescheduled 
and repeated with improved methodology in determining the location of laser exposure 
and staining.  

The methodology was improved by marking the location of laser exposure within the 
cabinet that could be relocated during microscopic imaging. The PRPEpiC were 
exposed again to the 40 mW laser for 30 seconds to compare to cells under control 
conditions. Fig. 4.9 shows the resulting stains of this experimental run, with little visual 
difference between the control and 40 mW exposure cells other than a slightly lower 
concentration of green stain (live cells) but no increase of red stain (dead cells). 
ImageJ was used to quantify area of cell fluorescence from each stain, by separating 
the individual fluorescent channels, converting into greyscale images and using the 
threshold analysis tool to identify green/blue/red staining and measure this as a 
percentage of the image area. Following exposure, the area of dead (red) cells 
increased from 0.23% to 4.87%, whilst the area of living (green) cells decreased from 
34.99% to 15.12%. At a 40 mW laser power, the visual impact of the laser exposure 
was expected, however this quantification suggests some cell damage. Conversely 
the areas of blue stain indicative of nuclei increased from 6.83% to 14.79%, suggesting 
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an increase in undamaged cells following exposure. Unfortunately, there was still no 
clear area observed that would indicate the laser spot exposed to the cells.  

A large reason that laser safety is so important is due to the huge increase in power 
density as the collimated beam is focused by the strong compound 60 D (Dioptre) 
power from the cornea and lens, causing damage. Thus, the experimental method 
was repeated with the introduction of the phantom eye lens (ACL2018U, ThorLabs) to 
increase the power density of the laser and mimic what the retina is exposed to. Due 
to the large lens power, the power density was sufficiently increased to expect cell 
damage, reducing the area from Acollimated = 0.0100 cm2 to AFocused = 0.0014 cm2. 
Unfortunately, with the focused laser spot size covering a tiny area of the insert 
surface, a damaged area could not be observed.  

Due to the lack of positive results showing an area of damage in the laser exposed 
location, the PRPEpiC were once again grouped as control, exposed and sham 
(following starvation and heat), and exposed to the same laser at 50 mW power for 10 
minutes. These cells were seeded at P2; markers were placed underneath the inserts 
to ensure consistency between the laser exposure spot and the location of microscopy. 
This experimental step was made to ensure a positive result to dictate further power 
exposures to be chosen based more closely on the EU (European Union) safety 
regulations. We hypothesised that cell damage would be observed, due to the 
calculated emission limit power of 2.72 mW for a 30-second exposure established in 
Section 4.6. 

Unfortunately, no visibly damaged areas of dead cells were observed in the inserts. 
Despite this, the staining shown in Fig. 4.10 revealed some observations that could 

Figure 4.9. Images of the improved methodology of PRPEpiC cells exposed to 40 mW collimated 830 nm laser 
for 30 seconds with markers present to locate exposed area. Cells were stained with Calcein AM (green, live) 
Hoechst (blue, all nuclei) Ethidium Homodimer III (red, dead) and imaged immediately at x10 magnification. Top 
Shows the control cells without laser exposure. Bottom shows the location of the 40 mW laser exposure. Stains 
show little difference between the control and 40 mW exposure cells, lower concentration of green stain (live 
cells) but no increase of red stain (dead cells), which was reflected when measuring cell florescence using 
ImageJ. No clear area indicating laser spot was observed. 
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be made regarding cell behaviour following laser exposure. At T0, clearer formations 
of red cells can be observed in the exposed and sham inserts, compared to that of the 
control which has very few dead cells that are scattered more evenly, which was shown 
by slight quantitative differences using ImageJ fluorescence analysis with area 
percentage of dead cells being 0.2% in the T0 control versus 0.6% and 1.3% in the 
exposed and Sham samples, respectively. At T24, on the other hand, more clumps of 
dead cells can be observed in the control insert, whereas a lower concentration of 
even scatter is present in the exposed and sham inserts, measuring as being 2.0% in 
the T24 control versus 5.2% and 6.6% in the exposed and Sham samples, 

Figure 4.10. Images of stained PRPEpiC cells seeded at P2 and investigated at day 65, exposed to 830 nm 
laser set to 50 mW for 10 minutes. Stains were completed at both T= 0 hours and T = 24 hours. No areas of 
damage indicating the laser spot were observed. At T0, there are clearer formations of red cells (dead) in the 
exposed and sham plates which reflected in quantitative analysis. Visual differences are difficult to determine 
between T0 and T24, and quantitative analysis suggests percentage area of living (green) cells decreased but 
stayed constant in the exposed cells and even increased in the sham model. Quantitative measurements of cell 
fluorescence can be found in Appendix B. 
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respectively. The exposed cells having fewer dead cells than the Sham model 
suggests that the strain/danger the cells are being put under with a 50 mW laser for 
10 minutes is less impactful than keeping the cells in sub-optimal conditions, this is 
unlikely and experimental repeats are required to confirm this relationship. Another 
quantitative observation that justifies more cell data to be collected is due to the area 
percentage of green (living) cells behaving as expected for controls (e.g. decreasing 
from 35.0% to 8.1% after 24 hours), but then measuring the same area percentage 
after 24 hours following laser exposure (19.0% to 19.0%) and even increasing in area 
percentage in the Sham model (18.9% to 24.4%); extracted area percentage values 
can be found in Appendix B. Though the aforementioned themes of the therapeutic 
properties of near-IR wavelengths is a possibility and was explored in a side project in 
Appendix H, there is not enough evidence in the set-up of this study to conclude a 
definite safe laser power for retinal cell exposure in the continued use of the portable 
830 nm Raman device. 

4.8 Discussion and Conclusion 
The work in this chapter involves the profiling and testing of the 830 nm laser diode 
with the intended use of a portable, eye-safe Raman device, along with an exploration 
of eye safety guidelines which are vital to consider for a project with commercial 
applications. Laser parameters such as wavelength, power and collimation are 
essential for effective use in a low-power and highly aligned system and have therefore 
been verified. This work will aid the next steps of this thesis project to build an optical 
path and 3D housing for eye-based Raman spectroscopy, specifically in choosing 
components such as mirrors and filters. 

Alongside laser profiling, an investigation for further validation was established in 
collaboration with Dstl. For this, eye-relevant tissue needed to be tested so Porcine 
primary retinal pigment epithelial cells were grown at Dstl Porton Down labs, for later 
laser exposure and staining. Metabolic activity following laser exposure was also 
tested before staining, as the first steps in observing any patterns between metabolism 
and 830 nm laser exposure. The slight increase in metabolic activity following 1 and 
40 mW laser powers suggests grounds for further work to determine if there is a 
definite relationship and what are the limits, for which a therapeutic application to the 
Raman device could be established. 

Though obstacles of identifying suitable staining kits for the cell type and building a 
set-up to allow for sterile laser exposure were overcome, the biggest issue in the study 
was identifying the location of laser exposure to assess any damage to the cells. 
Further issues with the cell line also caused complications in the time-limited study, 
such as the cells not forming a uniform layer, producing small gaps and clumps of 
dead cells at which the small laser spot size may be hitting, resulting in an inability to 
locate using staining. Alternatively, the laser could be hitting an area of healthy cells 
and having no effect. 
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Overall, this chapter provides useful information on the laser diode proposed for 
portable and eye-safe Raman spectroscopy which aided decision making in building 
the 830 nm Raman device in the following chapter. Unfortunately, time constraints and 
limitations in laser set-up at Dstl prevented a complete set of final results from being 
produced to accompany the 830 nm Raman device with validation of eye safety.  
However, the cell damage study produced clear foundations for a future study for 
which the set-up and methodology would be replicated, alongside the laser being 
modified to fill a larger area of the insert surface, at a power density comparable to 
that at the retina once passing through the human cornea and lens.  
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Chapter 5 
 

Designing, Building and Testing an Eye-Based Raman 
Device with Fundus Imaging for Biochemical and Structural 

Traumatic Brain Injury Detection 
 

 

Herein, all of the lessons learnt, and techniques developed in the previous chapters of 
this thesis are utilised to design, build, and test a novel portable device harnessing 
invisible 830 nm laser wavelengths and a handheld fundus imaging set-up built upon 
a Raspberry Pi module to achieve spectra from fresh, ex vivo retinae suitable for point-
of-care diagnostics and complete telemedicine applications.  

Finalising the device design involved decision-making towards the most compact 
positioning of the 830 nm system’s components that would not disrupt the optical paths 
of the fundus camera. Once this was complete, all components were built upon the 
optical table using commercial and custom 3D-printed mounts. This was iterated until 
complete alignment was achieved where the input laser path met the centre of the 
retinal sample holder of the phantom eye model along with the simulated exit laser 
path.  

The biggest challenge was translating the finely tuned alignment into a CAD design 
and 3D-printed housing. A first draft for component mounting was completed first and, 
upon testing alignment, was utilised to obtain spectra of fresh, ex vivo porcine retinae, 
assigning characteristic peaks.  

Many versions had to be created, tested, and discarded before achieving full alignment 
in the first functioning prototype with slots or attachments for all components and a lid 
to reduce stray light. This was due to limitations in mounting, resolution, and the need 
for support material. 

The remaining limitation of this project that will prevent progression, with both the 
EyeD and the 830 nm Raman Device prototype, is a lack of viable eye tissue to test 
with. Narratives surrounding spectral data obtained with such low-power Raman 
spectroscopy and adherence to laser safety regulations cannot be concluded without 
a new eye model that has the capabilities to be prepared as either healthy or TBI 
subjects.   
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5.1 Introduction 
There is an undeniable need for a new technology to diagnose Traumatic Brain Injury 
(TBI) at the point of care (PoC). Despite approximately 70 million people sustaining a 
TBI worldwide each year[1], [2], and studies estimating that half of the world’s 
population is likely to have at least one TBI in their lives[3], the techniques used to 
identify TBI are frequently failing patients. A TBI is sustained following rapid movement 
or trauma to the skull, commonly following falls, assaults, and vehicle accidents. 
Issues in TBI diagnostics arise from the fact that TBI is not a single pathophysiological 
phenomenon, but a complex disease process generating structural and biochemical 
functional damage[4]. 

A TBI can be categorised as either mild, moderate, or severe, where symptoms worsen 
from disorientation, impaired consciousness, vomiting, dysfunctional memory, and 
prolonged unconsciousness[4], [5]. The overlap and subtleties between symptoms 
make TBI classification difficult and the subsequent patient management inconsistent. 
Making TBI diagnostics more challenging is the further classification of primary and 
secondary injuries, where the former occurs at the time of injury as a direct result of 
impact such as hematoma and contusions, whilst the latter is a biochemical cascade 
of neurodegeneration leading to elevated intracranial pressure (ICP) and tissue death 
taking place between hours and days following injury[5]. 

Characterising incidents of TBI by severity produces the estimated separation: 81% 
mild, 11% moderate and 8% severe[2]. The overwhelming rate of mild TBI (mTBI) and 
the lack of distinctive symptoms has coined TBI the descriptor a “silent epidemic”[2], 
[4]. There is an overwhelming presence of mTBI which is most likely underestimated 
as many mTBI patients never seek medical assistance nor are treated by GP[4]. Even 
when assessed by a healthcare professional, mTBI often goes undetected as it has 
been shown that multiple instances of mTBI were not associated with cognitive 
impairment in the chronic phase, and some had better visual working memory than 
controls[6], rendering cognitive assessment techniques such as the Glasgow Coma 
Scale (GCS) ineffective. Even the golden standard TBI diagnostic techniques such as 
neuroimaging are not ideal for mTBI as it does not typically present as structural brain 
changes detectable with Magnetic Resonance Imaging (MRI)[7], and large 
percentages of mTBI patients have no indicators when assessed with Computed 
Tomography (CT) scans[2].  

The drastic influence of mTBI towards the global incidence numbers and the difficulties 
presented in identifying it highlights the importance of new methods for accurate and 
rapid TBI diagnostics. Characterising TBI at the PoC is important, not only for making 
triaging decisions about whether medical assistance is required but also, in making 
early plans for the patient journey as the mTBI therapeutic and diagnostic window 
ranges from minutes to hours[7].  

In recent years, novel innovations have been developed to find an alternative method 
to diagnose TBI using biofluids[8], outlined in Chapter 1, such as mass spectrometry, 
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magnetic resonance spectroscopy (MRS), enzyme-linked immunosorbent assays 
(ELISAs), near-infrared spectroscopy (NIRS) and hyperspectral imaging[9], [10]. 
These techniques identify biochemical changes that characterise TBI in biofluid coined 
“biomarkers” for which their presence or change in concentration can confirm a 
diagnosis, termed a liquid biopsy[11]. Whilst there are many prospective biomarkers 
for TBI and neurodegenerative diseases explored in literature[2], [12]–[15], and 
introduced in Chapter 1, only one biomarker has been integrated into healthcare 
systems. S100B has been introduced as a biomarker of TBI in French and 
Scandinavian guidelines to triage patients for CT scans[2], [7]. Although two 
prospective TB biomarkers, GFAP and UCHL1, have been approved by the FDA for 
monitoring TBI patients[16], issues regarding standardisation and selectivity prevent 
more TBI biomarkers from being introduced into healthcare practices. 

An avenue for exploring and characterising biochemical, neurologically relevant 
information for TBI diagnostics is by utilising the direct links the eye has with the brain 
via the optical tract. The retina can therefore be explored as an extension of the central 
nervous system (CNS)[17], and there is a growing field of research looking at ocular 
neurodegenerative diseases like age-related macular degeneration and 
glaucoma[18], as well as how degeneration in the brain can present in the retina and 
optic nerve[19]–[23]. This direct connection is strengthened by studies showing that 
oculomotor behaviour could correctly identify mTBI[24], [25], as eye movement deficits 
are present in 38 – 51.3% of mTBI patients[24], and oculomotor behaviour has been 
shown to correctly identify mTBI in 75.3% of patients[25]. Shteyman et al. provide an 
extensive review of ophthalmic manifestations of mTBI/concussion, highlighting the 
necessity for more research in this field when considering that 40-90% of TBI sufferers 
experience eye movement deficits[26]. This is unsurprising as the brain areas that are 
responsible for eye movements are susceptible to damage from mTBI[26]. 

Raman spectroscopy is a newly established biochemical technique in the medical 
field, after being utilised primarily in inorganic materials and physical science 
environments since the 1960s. Raman spectroscopy harnesses the inelastic 
scattering of light to characterise the vibrations of molecular bonds in a sample to 
produce a spectrum of peaks that illustrate the chemical composition. The clinical 
potential of Raman spectroscopy has been reviewed extensively outlining its 
increasing application in cancer differentiation, disease detection, assisting 
surgery[11], [27]–[29], and more recently, in liquid biopsies using blood, urine, tears 
and saliva[30]–[34]. 

The use of Raman spectroscopy for liquid biopsies has shown great success, mostly 
drying samples down onto surfaced-enhanced Raman spectroscopy (SERS) 
substrates to obtain clinically relevant information[33], [35]–[37]. However, a growing 
sector is the application of Raman spectroscopy for diagnostics using the eye, by 
capitalising on the in-built optical system and the neurologically relevant changes at 
the retina due to its connections within the CNS[38]–[44]. There are many challenges 
introduced by laser power and tissue damage that prevent in vitro testing but, there 
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are several examples of attempts[45]–[48], and developments in eye models open up 
opportunities in the near future[49]–[56]. 

This work contributes to the limited but growing field of eye-based Raman 
spectroscopy by building a portable near-infrared Raman system for combined with a 
handheld fundus camera set-up for in vivo biochemical and structural diagnostic 
information without requiring artificial dilation or transport to emergency healthcare 
centres. In Chapter 3 a handheld fundus camera system was developed, ready for 
integration into the 830 nm Raman optical set-up developed herein. An 830 nm 
excitation wavelength is chosen due to invisibility to the human eye for an improved 
patient experience from Chapter 2, low fluorescent levels in the high wavenumber 
region[57], and the therapeutic potential that has been explored in literature and 
discussed in Chapter 4[58].  

A signal is obtained using the Raman device to confirm low power spectra can be 
achieved and is then tested on fresh, ex vivo porcine retinae and characteristic peaks 
assigned to a potential injury profile. A 3D printed housing was then designed and built 
to safely mount all internal components, along with the fibre ports, potentiometer and 
830 nm laser for easy handheld use. The integration of a Raspberry Pi-based fundus 
camera opens up opportunities for integrating spectroscopic data collection and 
subsequent machine-learning analysis for rapid and intuitive TBI diagnostics to triage 
patients with high confidence to reduce the number of facilities being used for non-TBI 
sufferers and increase the number of patients receiving the care they need.  

5.2 Choosing Appropriate Filters and Mirrors 
The 830 nm Raman spectroscopy set-up was designed to be integrated into the 
fundus camera developed in Chapter 3. Therefore, the mirror and filter specifications 
must direct the 830 nm laser source to the eye and the Raman scatter to the 
collection fibre port connected to the spectrometer, whilst allowing the camera path 
to reach the eye and reflect back to the camera. This setup is illustrated in the 
schematic diagram Fig. 5.1a, where the optical paths were designed to create a 
portable, handheld system. The set-up is shown on an optical table with all 
components mounted and hand-aligned in Fig. 5.1b(i) without the white LED 
mounted.  

The additional components for Raman spectroscopy include a 50 mW GaAIAs laser 
diode by Ushio (HL8338MG, ThorLabs), a collimation tube (LTN330-B, ThorLabs), a 
constant power LD driver (MLD203P2E, ThorLabs), an evaluation board (MLDEVAL, 
ThorLabs), an ESD Protection and Strain Relief Cable (SR9C-DB9, ThorLabs) and a 
USB cable (USB-AB-72, Thorlabs), a SMA 600-1050 nm Fibre Port (PAF2S-11B, 
ThorLabs), and a portable 830 nm spectrometer (QEPRO-Raman-Plus, Ocean 
Insight). The filters and mirrors include an 830 nm MaxLine laser clean-up filter 
(LL01-830-12.5, Semrock), a long-pass 805 nm cut-on dichroic mirror (DMLP805, 
ThorLabs), an 830 nm RazorEdfe dichroic laser beamsplitter (LP02-830RU-25, 
Semrock) and an 830 nm RazorEdge ultra-steep long-pass edge filter (LP02-830RE-
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25, Semrock) which removes the Rayleigh peak. The NoIR camera module view is 
provided in Fig. 5.1b(ii), showing the retinal view using the closed phantom model, 
the white LED and all of the additional Raman spectroscopy components in place.   

5.3 Optimising Alignment 
Building the portable Raman set-up onto the optical table allows for fast adjustments 
but makes alignment more difficult. Fundus camera alignment is simple and easy to 
determine, as a focused image of the retinal crosshairs is produced on the 7” 

Figure 5.1. a Schematic diagram of the full 830 nm portable Raman system with integrated fundus camera. 
The diagram features part number and specifications for all the lenses and mirrors chosen. Not to scale. 
b (i) Optical table set-up of the 830 nm portable Raman system with integrated fundus camera. All 
components mounted and hand-aligned. (ii) NoIR camera view of the crosshairs at the retinal location 
through the phantom eye model, following the path dictated by the dichroic mirrors and illuminated with 
the white LED. 
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touchscreen module connected to the NoIR camera module. However, for the 830 nm 
laser to be aligned, it must pass through the centre of the cornea and lens, reach the 
retinal sample holder, and scatter from the eye to the collection fibre port opposite the 
eye. By connecting a red laser to the back of the fibre port, the beam path mimics the 
Raman scatter, mapping the alignment. This process is illustrated in Fig. 5.2a, the 830 
nm laser points near the centre of the crosshairs, and the red laser from the fibre port 
hits the same spot. Fig. 5.2b provides an external view of this overlap with an 
Andonstar x500 endoscope microscope camera.  

When the retinal crosshairs are replaced with a silicon wafer, much more laser light is 
reflected, increasing the intensity of the Raman scatter reaching the fibre port. So 
when a silicon wafer is used in the retinal sample holder and the 830 nm laser power 
is increased, the scatter can be seen passing through the fibre port using the 

Figure 5.2. NoIR camera view and external photographs of optical table alignment methods used. 
Open phantom eye model used to align then replaced with the closed model to better mimics the 
patient’s eye. 800 nm LED utilised to illuminate the crosshairs so white LED could be mounted. a 
NoIR camera view of the retinal crosshairs. Red laser is connected to the fibre port which collects 
Raman scatter to mimic the Raman scatter path from the retina to spectrometer. The 830 nm source 
laser reaches the centre of the retinal crosshairs and the red laser “exit path” hits the same point. b 
Alternative external view the 830 nm source laser and red exit laser hitting the centre of the 
crosshairs. c Microscope camera view of the back side of the fibre port where the Raman scatter is 
fed into the spectrometer. The crosshairs were replaced with a silicon wafer in the retina location. 
Left shows the fibre port with flashlight, right shows the 830 nm source laser reflected from the silicon 
in the phantom eye model and shining through the fibre port, showing alignment. 
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microscope camera, as shown in Fig. 5.2c. Once this is achieved, we can expect a 
signal of 830 nm laser when the spectrometer is connected, and then optimise 
alignment further by maximising the spectrometer counts.   
Before optimised alignment, the portable spectrometer was connected to the Raman 
system using an optical fibre attached to the fibre port, and spectrometer was also 
connected to a laptop with the OceanView software. In this alignment, the 
spectrometer was saturated when the Rayleigh and laser-line filters (green and yellow 
filters in Fig. 5.1a) were removed (shown in Fig. 5.3a(i)), and when only the laser-line 
filter was removed (Fig. 5.3a(ii)), but had no signal when both filters were in place 
(Fig. 5.3a(iii)); here the laser power was set to 0.51 mW and spectra had 100 ms 
acquisition times. Optimised alignment was then determined by maximising the 
Rayleigh peak. If the spectrometer was saturated, the acquisition time was decreased, 
and the process was repeated.  

Once this was completed with the minimum acquisition time of 4 μs, the silicon wafer 
sample was replaced with an ink-covered silicon wafer. Fig. 5.3b demonstrates the 
improved counts from the first round of realignment with this method, and some signal 
is being collected with both filters present, but only the Rayleigh peak is visible with no 
other spectral information when using increasing acquisition times of (i) 10, (ii) 30 and 

Figure 5.3. First signal detected from the portable Raman set-up using the Ocean Insight 830 nm 
spectrometer and OceanView software. 830 nm laser diode set to 0.78 mW. Where AU is Arbitrary Units. a 
100 ms acquisition time using silicon wafer as a sample, with (i) ultra-steep longpass Rayleigh filter (LP02-
830RE-25, Semrock) and laser clean-up filter (LL01-830-12.5, Semrock) removed. (ii) Only Rayleigh filter 
present. (iii) Both Rayleigh filter and clean-up filter present. b Still utilising silicon wafer as a sample, both 
Rayleigh and clean-up filters present, and increasing acquisition times of (i) 10 seconds. (ii) 30 seconds. (iii) 
120 seconds. c Realigned system with Rayleigh and clean-up filters present. Ink on silicon wafer used as 
sample. Saturation (20,000 counts) of the Rayleigh peak occurred above 4 seconds but with no other spectral 
information, shown with acquisition times of (i) 10 seconds (ii) 5 seconds (iii) 4 seconds. 
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(iii) 120 seconds. However, even when completing a second round of optimised
alignment, only the Rayleigh peak was present and the spectrometer was saturating 
above 4 seconds, as shown in Fig. 5.3c. The presence of the saturating Rayleigh peak 
at such low laser powers not only prevents further alignment and power increase to 
obtain spectral information, but also suggests that the current Rayleigh filter is not 
suitable for the set-up, and a replacement should be found to continue alignment.  

The current Rayleigh filter is the 830 nm long-pass filter (LP02-830RE-25, Semrock), 
which has a transmission band = 835.4 – 1872.2 nm and edge wavelength = 832.5 
nm. A potential replacement with a higher edge wavelength is the 830 nm EdgeBasic 
best-value long-pass edge filter (BLP01-830R-25 Semrock) with a transmission band 
= 853.2-1600 nm and edge wavelength = 846 nm. This was purchased and tested, 
immediately improving, allowing the 830 nm laser to be increased to a high power of 
30 mW to ensure a signal could be obtained. Fig. 5.4a(i) shows the first spectrum 
collected using a silicon wafer in the sample holder of the phantom eye model, with a 
120-second acquisition time which would typically be the maximum time a patient
would sit for an eye scan, and 4 repeats averaged. This is swapped for ink on silicon 
in Fig. 5.4a(ii), and clear ink peaks can be observed in the 1000 – 1500 cm-1 
wavenumber region.  

Once the new Rayleigh filter was shown to make a large improvement, the system 
was realigned for a final time using the maximised Rayleigh peak method. A single 
spectrum of 10-second acquisition time was collected of ink on silicon with a laser 
wavelength of 1.3 mW to mimic a low power system suitable for the eye at a realistic 
measurement time, Fig. 5.4b(i) shows the raw data collected, whilst (ii) is the 
spectrum following baseline subtraction. The Renishaw inVia confocal Raman system 

Figure 5.4. First spectra produced by the portable 830 nm Raman set-up using ink on silicon. a 120 second scan 
(doesn’t saturate and is max. time a patient would probably have a scan), 4 accumulations averaged, 30 mW. 
(i) Silicon, clear 520 cm-1 silicon peak at 491 cm-1. (ii) Ink on silicon wafer, more spectral information. b Spectra 
of ink on silicon using the portable Raman system with optimised focus and low power of 1.3 mW. Single 
spectrum of 10 second acquisition both (i) Raw and (ii) Baseline subtracted. c Comparison spectra of ink on 
silicon using the Renishaw InVia Raman spectroscopy system with an 830 nm laser at 1.3 mW. Single spectrum 
of 10 second acquisition using a x20 objective lens, both (i) Raw and (ii) Baseline subtracted. 
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with an 830 nm laser was used at similar measurement parameters (1.3 mW power, 
x20 lens objective, 10-second acquisition) to obtain a single spectrum of the same ink 
on silicon sample as illustrated in Fig. 5.4c(i) and (ii). Good agreement is observed 
between both systems and counts in the 1000-1500 cm-1 region are even higher than 
the Renishaw Raman spectrometer following baseline subtraction. Seven 
characteristic peaks were selected from the Renishaw inVia ink on silicon spectra and 
an offset was observed when compared to the portable Raman system of 43 ± 8 cm-

1, which will be considered in future measurements. The characteristic peaks were 
assigned based on the Renishaw inVia Raman shift values and are provided in Table 
5.1.  
 

Table 5.1. Characteristic peaks identified in both spectra of ink on silicon produced by the Renishaw InVia 
Confocal Raman Spectroscopy system and the portable 830 nm Raman system developed in this chapter. Peaks 
produced by the portable system are consistently offset by ~ 43 cm-1. Ink peaks are assigned based on the 
wavenumber location produced by the commercial Renishaw InVia system. v = stretching; s = symmetric; a = 
anti-symmetric. 

Peak (cm-1) 
Assignment Ref. 

InVia Portable 

521 484 vs(Si) [59] 

1358 1319 va(NO3-) [60] 

1334 1294 vs(N-O) [61] 

1286 1250 vs(C-O) [62] 

1244 1204 vs(C-O) [63] 

1241 1182 vs(C-N) [64] 

1461 1412 vs(CN) [65] 

 

5.4 Obtaining Fresh ex vivo Retina Spectra 

Upon achieving successful spectra comparable to that of a commercial Raman 
spectroscopy system and at parameters suitable for patient use, i.e. low laser power 
and short acquisition times, the portable Raman set-up and alignment could be 
deemed optimised, and a 3D printed housing could be built. This housing was 
simplified at first to determine all of the component mounts were suitable and in the 
correct position, as shown in Fig. 5.5a. The system could then be tested on fresh ex 
vivo porcine retinal samples, with the 830 nm laser diode set to 2.4 mW. Beforehand, 
a single 30-second acquisition was collected through the closed phantom eye model 
without the sample holder present to confirm there was no background contribution, 
produced in Fig. 5.5b. 12 best quality retinas were selected, ten 30-second single 
spectra were collected per retina, and all 120 scans were averaged to produce the raw 
spectrum in Fig. 5.5c, and baseline subtraction was completed in Fig. 5.5d. Good 
spectral information can be seen by eye, without any further post-processing, in the 
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500-2000 cm-1 fingerprint region but very few peaks seen in the high wavenumber 
region.  

The Raman spectra of complex retinal tissue collected in this chapter were produced 
by averaging multiple single measurements, then baseline subtraction, cosmic ray 
removal and, when relevant, peak picking were carried out within the WiRE 5.2 
(Renishaw Plc, Wotton-under-Edge, UK) software of the commercial Raman device, 
for consistency. Baseline subtraction was completed with a polynomial order of 11. 
This is a least squares polynomial fit which models a polynomial curve to the lowest 
points (the baseline) of a raw spectrum, subtracting this curve leaves behind the peaks 
that sit above any unwanted signal e.g. autofluorescence or noise generated by the 
detector. The Peak Pick tool is applied to the wavenumbers to select a limited number 
of best-defined peaks. This scans the x-axis for an increase in intensity above the 
baseline to determine where peaks can be located based on the threshold settings, 
which is especially valuable with noisy data that cannot always be visually identified. 
The slope detection method was utilised with a peak threshold height of 50 counts and 
width of 25 cm-1, identifying 9 characteristic peaks.  

Figure 5.5. a Photograph of the final aligned portable Raman system mounted into a 3D printed rig to ensure a 
consistent and stable set-up. b Single 30 second spectrum obtained using the portable Raman system through 
the phantom eye model without the sample holder present. c Averaged spectrum of 12 retinal samples, 10 
single spectra obtained from each retina of 30 second acquisitions, at 2.4 mW power. d The same averaged 
spectrum produced in (c) with baseline subtracted. Where AU is Arbitrary Units. 
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Much like the ink on silicon study, the final averaged spectrum of fresh, ex vivo porcine 
retinae produced by the 830 nm portable Raman system was compared to the 
Renishaw inVia confocal Raman system, shown in Fig. 5.6. The top spectrum 
produced by the portable Raman system is the same as produced in Fig. 5.5d, whilst 
the bottom spectrum is formed of 28 single spectra of 10 second acquisition time, 
averaged and baseline subtracted, with the 830 nm laser set to 84 mW. The grey bars 
represent the position of 9 peaks of interest in the portable Raman retina spectrum, 
translated down to the Renishaw inVia spectrum which has already been offset by the 
necessary 43 cm-1 error. Overall, there is a clear overlap between the fresh ex vivo 
porcine retinae spectra produced by both 830 nm Raman systems.  

The 9 peaks of interest identified in the fingerprint region have been assigned in Table 
5.2. In the limited examples of retinal samples investigated using Raman 
spectroscopy, there is evidence of peaks present near those assigned in this study, 
using ~ 785 nm excitation wavelengths. Stiebing et al. assigned the 1204 cm-1 peak in 
neurodegenerative mouse retina to Rhodopsin, the most abundant protein in rod cells 
of the retina[66]. Whilst studies looking at the Ganglion Cell Layer GCL identified 
characteristic peaks at 786 and 1251 cm-1[67], [68]. In a highly comparable study 

Figure 5.6. a Comparison between spectra of fresh porcine retinae obtained by the portable and InVia 
Raman systems. (top) Averaged spectrum of 12 retinal samples, 10 single spectra obtained from each 
retina of 30 second acquisitions, at 2.4 mW power. (bottom) 830 nm laser set to 84 mW producing 28 
single spectra averaged of 10 second acquisitions with baseline subtracted. Where AU is Arbitrary Units. 
Grey bars highlight the location of peaks of interest that have been assigned in Table 5.2. 
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developing an in-house built Raman system for eye-based measurements, a 1524 cm-

1 peak was characterised in human retinal samples[43].  
Table 5.2. Assigned peaks of interest identified in the spectrum of fresh porcine retinae produced by the 830 nm 
Raman spectroscopy. Peak wavenumber location was offset by + 43 ± 8 cm-1, as this is what was observed in 
Fig. 5.4. Peaks were assigned and barcoded in grey in Fig. 5.6, to highlight their location and map them onto the 
Renishaw InVia Raman spectrum produced of the same fresh porcine retinae, to determine the extent of 
agreement. v = stretching; s = symmetric; a = anti-symmetric. 

Peak (cm-1) Assignment Ref. 

723 vs(C-S) [69] 

793 δ(C3-O-H) [70] 

980 vs(C-H) lipid group [71] 

1182 Amide III protein group [71] 

1205 τ(CH2) [70] 

1244 δ(=CH) [71] 

1403 δ(CH2), τ(CH2) [72] 

1531 vs(C=N) [70] 

1756 vs(CO2) [62] 

5.5 Creating the 3D Printed Housing 

Once the dual Raman spectroscopy and fundus imaging systems were functioning in 
the optimised set-up, the basic 3D mounts could be developed into a first working 
prototype. We knew the mounts were appropriate for positioning and fixing the 
components into place, the next considerations were towards blocking out external 

Figure 5.7. Renderings of the 3D printed housing of the 830 nm portable Raman system with integrated fundus 
camera and an eye model in the patient position. a. Top view without the lid to expose the internal components. 
b. Isometric view without the lid present, highlighting the potentiometer slot and fibre port mount where the Raman 
scatter is collected. c. Back view without the lid present, showing the patient’s eye location and the laser entrance 
and mount. d. Top view with lid present, showing the ergonomic grips added for hand guidance and comfort. e. 
Isometric view with lid present, showing the small gap between the lid end and edge of device to allow the NoIR 
camera ribbon to exit. f. Back view with lid present, showing another view of the ergonomic grips for user comfort. 
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light and making the design handheld. Alongside functionality, commercial 
considerations were important, such as miniaturising the design as much as possible, 
not only to increase suitability for PoC use but also, to reduce the 3D printing time and 
amount of material used, to bring down costs and maximise production. 3D renderings 
of the initial working prototype are shown in Fig. 5.7, with the lid removed to expose 
all necessary components, and the lid in place to demonstrate the closed design.  

The 3D-printed working prototype is presented in Fig. 5.8, demonstrating the 
placement of the potentiometer and exit fibre port. This was printed using Fused 
Filament Fabrication (FFF) of 1.75 mm Green Grey Matt Polylactic Acid (PLA) (183-
0245, RS) on a Prusa i3 MK3S+ 3D printer. The entire system requires two printing 
runs, taking 18 hours and 43 minutes in total, and 143 g of filament. The design was 
made in consideration of requiring as little support material to be removed as possible. 
With all components in place, the 830 nm portable Raman system weighs ~ 416 grams 
and has 187.9 x 183.9 x 67.8 mm dimensions.  

Figure 5.8. Photographs of the final 830 nm Portable Raman device, housing 3D printed using PLA. a. 
Top view without lid to expose all of the internal components. b. Top view with lid present to demonstrate 
closed housing. This is how the device would be sealed to prevent components being shifted or debris 
entering the system. c. Isometric view of the system with the lid present. d. Closer isometric view 
highlighting how the potentiometer is fixed to the system and how the fibre port is attached e. Back 
isometric view without the lid present. f. Side view of the white LED location and wiring to the Raspberry 
Pi. g. Back view showing the patient’s eye slot and the side of the 830 nm laser. 

Alongside functionality and portability, the user experience is vital when considering 
medical device commercialisation. Fundus imaging provides not only structural 
diagnostic information but also a visible target to aid healthcare providers in aiming 
and focusing the portable system. Design-wise, the external 3D housing had 
ergonomic hand grips added to guide where to hold the device and improve comfort, 
as demonstrated in Fig. 5.9.  
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The external additions to the 830 nm Portable Raman system include the portable 
spectrometer, the 7” touchscreen module and the laptop for data processing. There is 
an optional keyboard and mouse connected to the Raspberry Pi touchscreen to aid 
with development but is not necessary for use of the current final system. The entire 
set-up is shown in Fig. 5.10. Suggestions for the next steps that could be taken to 
improve the entire set-up, by making all components handheld and removing the need 
for a laptop are outlined in Section 7.2.   

Figure 5.10. Birdseye view photographs of the 830 nm portable Raman system, with the 
3D printed housing of the internal components, along with the spectrometer (QEPro), 7” 
touchscreen module with Raspberry Pi 4 attached and optional keyboard and mouse.   

Figure 5.9. Photographs demonstrating how the 830 nm portable Raman system is handheld, with ergonomic 
grips to guide the hand position and provide user comfort. (left) The side view of a hand utilising the grips. 
(middle) The end view of the hand holding the grips. (right) The back side view of the hand holding the grips, 
the circular aperture is where the 830 nm laser is mounted. 
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5.6 Conclusion 
In this chapter, a working prototype of the 830 nm portable Raman system was 
achieved with integrated handheld fundus imaging, built upon a Raspberry Pi module 
for complete telemedicine applications. Fine-tuned alignment was achieved both on 
the optical table and within 3D printed mounts to obtain spectra from fresh, ex vivo 
porcine retinae for which characteristic peaks were assigned. 

A 3D printed housing was CAD designed for secure mounting of all the internal and 
external optical components, along with the reduction of stray light and an optimal user 
experience both for the patient and healthcare provider. Looking towards 
commercialisation, it would be appropriate to discuss needs and desirables with 
ophthalmologists, to determine how accessible the current device design is and how 
to best assess patients, whether this be with a chinrest or a non-contact method of 
alignment such as a focal point for patients to position themselves with.  

In collaboration with Dstl and PBL, the first concrete stages have been completed 
towards the development of an improved eye model for which the portable Raman 
devices can be tested, with the potential to spike the blood used within the perfusion 
system with TBI biomarkers or source from TBI patients, for a complete translational 
platform. The continued success of this project, alongside continued progress with the 
cell damage study established in Section 4.7, would allow for informed modifications 
to be made to the laser system to ensure the device adheres to laser safety 
regulations, whilst producing sufficient spectral information and providing a 
comfortable patient experience. 

The groundwork laid in this chapter will not only aid the millions of people affected by 
TBI around the world, either suffering themselves, supporting a loved one with the 
condition or through being a healthcare provider, but also change the way 
neurodegenerative diseases and disorders are accessed. This will increase 
knowledge of disease development to improve how patients are diagnosed, treated, 
and rehabilitated, allowing for better patient autonomy and work environments for 
healthcare professionals.  
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Chapter 6 
 

Producing a Spectral Library of the Prospective Biomarkers of 
Traumatic Brain Injury 

 
In this chapter, an extensive Raman spectral library is produced to provide a reference 
for researchers in this field. At this stage, the portable eye-based Raman devices are 
not yet suitable for animal or human testing, therefore cannot confirm the peaks 
present in spectra obtained from control or trauma in vivo retinal samples. As 
established, the direct links between the retina and brain via the optical tract, allow for 
grounds that TBI biomarkers established in biofluid will undergo a detectable change 
in the retinae biochemistry. Therefore, it is of interest to characterise prospective TBI 
biomarkers identified in biofluid using Raman spectroscopy (RS) to aid future injury 
profiling and to provide spectral information as RS is increasingly implemented in 
clinical settings. 
 
RS-based detection is used to profile a panel of 18 TBI-indicative biomarkers (human, 
animal, and synthetically derived) in raw form and in aqueous solution to mimic the 
structure found in biofluid. The subsequently derived unique spectral reference library, 
exploiting four excitation lasers of 514, 633, 785, and 830 nm, will aid the development 
of rapid, non-destructive, and label-free spectroscopy-based neurodiagnostics. 
 
These biomarkers, released during cellular damage, provide additional means of 
diagnosing TBI and assessing the severity of injury. The spectroscopic profiles of each 
marker are classed according to their acute, sub-acute, and chronic temporal injury 
phases and are accompanied by detailed peak assignment tables. The intensity ratios 
of significant peaks are compared, to assess variance between lasers, with the 
smallest variance found for UCHL1 (σ2 = 0.000164) and the highest for sulfatide (σ2 = 
0.158). Prospective biomarker spectra are overlayed and traced, modelling the 
strongest peaks present when obtaining Raman spectra from future TBI samples, 
which are implemented in spectra from fresh, ex vivo porcine retinal samples obtained 
with the 635 and 830 nm portable, eye-based Raman devices.  
 
Overall, this work paves the way for defining and setting the most appropriate 
diagnostic time window for detection following brain injury. Further rapid and specific 
detection of these biomarkers, from easily accessible biofluids, would not only enable 
the triage of TBI, predict outcomes, indicate the progress of recovery, and save 
healthcare providers costs, but also cement the potential of Raman-based 
spectroscopy as a powerful tool for neurodiagnostics. 
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6.1 Introduction 
As established in Chapter 1, TBI is a major burden on healthcare services 
worldwide[1], ranging in severity from mild/moderate concussion to severe and chronic 
loss of cognitive and motor function [2]. Recent research [3 – 8] has been focusing on 
establishing the temporal profile of TBIs and the associated biomarkers including their 
emergence (i.e., acute phase), crucial for early-stage diagnostics, persistence, and 
decline (sub-acute and chronic phases)—indicative of the longer-term effects and 
prognosis as well as development of new therapeutics. TBI biomarkers have been 
shown to have a characteristic timeframe of acute (<24 h), sub-acute (1 day–3 weeks) 
and chronic (3 weeks–6 months), as the initial insult causes acute damage to the brain, 
and is typically followed by a biochemical cascade leading to secondary injuries over 
the following month(s)  [9–11]. This indicates that identifying TBI in the acute phase 
and intervening before further damage occurs is vital for long-term neurological 
recovery. However, the development of point-of-care (PoC), timely TBI diagnostic 
technologies remains an unmet need and there is no definite triaging and therapeutic 
patient pathway [12]. 
 
The GCS uses the patient’s eye, verbal, and motor responses to enumerate the injury 
and categorise it as either severe (3–8), moderate (9–12), or mild (13–15) [13], placing 
pressure on the healthcare provider in making a subjective decision. Neuroimaging 
will identify skull fractures, hematoma, and haemorrhage to determine if neurosurgery 
is necessary [2], however, the main challenge lies in the fact that pre-hospital and 
emergency department (ED) assessment is predominantly based on insensitive GCS 
and history acquisition with guidance on CT being often vague and costly.  
 
Mild TBI (mTBI), specifically, is often underdiagnosed if not identified rapidly at the 
point of injury, with 90% of acute cases undetected and not admitted to ED [2,14,15]. 
Therefore, the development of successful TBI biomarker diagnostics from blood [16], 
or other biofluids, i.e., cerebrospinal fluid (CSF) [8], saliva [17], urine [18], and tears 
[19], would lead to improved triage of severe and high-risk injuries and improve 
outcomes, whilst appropriate classification of low-risk, mTBI patients would support 
the decision-making of pre-hospital healthcare providers to reduce referral to hospital 
care, decrease the number of ED visits and allow for the focusing of resources on 
those who need it the most. 
 
Concurrently, Raman spectroscopy, a rapid, label-free technique has been 
increasingly used in medical and diagnostic applications for producing non-destructive 
chemical information [20]. This sensitive vibrational spectroscopy excites molecular 
bonds within a sample, providing a unique biomolecular spectral fingerprint of target 
biomarkers in a rapid analytical response [21, 22]. These spectroscopic barcodes have 
been shown to identify the various diseases from which the biofluid has been collected, 
such as blood [23,24], CSF [25, 26], urine [27,28], saliva [24,29], and tears [30,31]. In 
contrast to the in vitro bioassays, the availability of inexpensive, portable Raman 
devices makes this technique particularly attractive for PoC testing, analysis, and 
screening of biofluids. There is limited yet growing research in the development of 
Raman spectroscopy for biofluid-based neurodiagnostics [32–36].  
 
In this study, we investigate a broad panel of 18 biomarkers via Raman spectroscopy 
profiling and establish a spectral reference library for the interpretation of the Raman 
fingerprints of prospective TBI-indicative biomarkers in biofluid. The carefully selected 
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cohort of TBI-indicative biomarkers, classed as either acute, sub-acute or chronic 
phase, are profiled in both the raw and reconstituted state forms (providing the purest 
form and mimicking the biomarker in biofluid) acquired via a range of Raman laser 
excitation wavelengths: 514, 633, 785, and 830 nm.  
 
Subsequently, for each post-TBI phase, Raman spectroscopy temporal-phase 
biomarker profiling establishes an important baseline library in the form of a “multi-
biochemical barcode”, yielding a characteristic tool for ongoing and future 
spectroscopic studies for diagnostic applications. The derived Raman fingerprints, 
combined with the identified and assigned biochemical peaks, provide us with 
knowledge of the molecule’s physiological role. This barcoding and assignment are 
applied to spectra obtained in Chapter 2 and Chapter 5 of fresh ex vivo porcine retinal 
samples using 635 and 830 nm excitation wavelengths respectively, with the two 
portable, eye-based Raman devices, identifying prospective TBI biomarker peaks in 
trauma samples. 
 
Whilst research continues to unravel new rapid PoC technologies for TBI diagnostics 
from biofluids and tissue, it is imperative to establish fingerprints of the inherent 
characteristics of TBI biomarkers in various injury phases, where the detected 
changes via Raman spectroscopy could, in the long-term, be attributed to 
underpinning the variations in TBIs with various severity and as a function of temporal 
evolution. This could not only improve the treatment of TBI through specific targeting 
of the damage in contrast to current methods, which mostly rely on symptomatic relief 
[37], but could also provide a further panel of candidate first-line screening TBI-
indicative biomarkers. This lays the platform for defining their functionality in the 
complex TBI pathology and, in the longer term, cements Raman spectroscopy as a 
powerful technique for future biomarker discovery in both neurodiagnostics as well as 
for other detrimental diseases with many ramifications. 

6.2 Material and Methods 
6.2.1 TBI Biomarker Preparation 
The selected raw biomarkers were purchased without purification and tested in both 
solid and solution states. These were divided into three main groups of acute, sub-
acute, and chronic phases (Fig. 6.1). The TBI cohort selection was based on an 
extensive literature overview of recent research on TBI biomarkers (animal and 
human) and temporal courses studied in a range of biofluids including blood, plasma, 
CSF, urine, and the key biomarkers of neuroinflammation [3], [38]–[45]. Biomarkers 
included in the panel were obtained in the purest form without any active additives, to 
avoid impacting spectral signatures. This yielded a cohort of 18 biomarkers including 
the N-Acetyl-L-aspartic acid (NAA), ganglioside, Glutathione (GSH), Neuron-Specific 
Enolase (NSE), Glial fibrillary acidic protein (GFAP), Ubiquitin carboxyl-terminal 
hydrolase isozyme L1 (UCHL1), cholesterol, D-serine, sphingomyelin, sulfatide, 
cardiolipin, Interleukin-6 (IL-6), S100B, galactocerebroside, glucose, myo-inositol, 
Interleukin-18 (IL-18), and Neurofilament light chain (NFL).  
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Subsequently, reconstituted biomarker samples were prepared following the technical 
details provided in the individual data sheets. Typically, this included centrifugation at 
8 G for 2 min prior to adding the solvent of distilled H2O (18.2 MΩ) or 
chloroform/ethanol, yielding 1:1 v/v solutions. After 20 min, to allow full dissolvement, 
3 μL samples of each biomarker were deposited onto an aluminium slide and dried in 
an ambient environment for Raman measurement.  

6.2.2 Reference Chemicals 
Human-derived biomarkers included the S100B (HY-P70659, Cambridge Bioscience), 
Cambridge, United Kingdom, IL-6 (H7416-10UG, Merck, Darmstadt, Germany), NSE 
(13219-H08E-SIB-50 ug, Stratech, Ely, United Kingdom), GFAP (C227-10 ug, 
Generon, Slough, United Kingdom), IL-18 (CSB-YP614514HU, Antibodies.com, 
Cambridge, United Kingdom), NFL (pro-2584-10 ug, Generon), and UCHL1 (UC1-
H5140-50 ug, Generon). Animal-derived biomarkers included the galactocerebroside 
(C4905-10MG, Merck), sphingomyelin (1051-25 mg, Cambridge Bioscience), 
ganglioside (860053P-10MG, Scientific Laboratory Supplies, Nottingham, United 
Kingdom), sulfatide (56-1085-7-LAO-25 mg, Stratech), and cardiolipin (C0563-10MG, 
Merck). Synthetically produced biomarkers included the NAA (00920-5G, Merck), 
cholesterol (C8667-1G, Generon), glucose (CAY23733-50, Cambridge Bioscience), 
D-serine (A11353.06, VWR International, Lutterworth, United Kingdom), myo-inositol
(A13586.22, VWR International), and GSH (G4251-300MG, Merck). 

6.2.3 Raman Spectroscopy Protocol 
Raman measurements were carried out using the InVia Qontor confocal Raman 
system (Renishaw) equipped with four excitation lasers, which were adjusted for 
optimal throughput, fluorescence control, and sensitivity. Optical measurements were 
carried out with a specially adapted research-grade microscope (Leica [Wetzlar, 
Germany] DM 2700M) equipped with an incoherent white light source, allowing 
confocal measurements with a 2.0 μm depth resolution. Four excitation wavelengths 

Figure 6.1. Schematic timeline overview of the TBI biomarkers and their phases, during which each biomarker has 
been reported to either increase, persist or decline post-injury. Biomarkers: N-Acetyl-L-aspartic acid (NAA) [48], 
Ganglioside [105], [44], Glutathione (GSH) [50], Neuron-Specific Enolase (NSE) [140], Glial fibrillary acidic protein 
(GFAP) [4], Ubiquitin carboxyl-terminal hydrolase isozyme L1 (UCHL1) [136], Cholesterol [60], D-Serine [153], 
Sphingomyelin [69], Sulfatide [71], Cardiolipin [74, 209], Interleukin-6 (IL-6) [78], [79] , S100B [159], [40], 
Galactocerebroside [85], Glucose [160], Myo-Inositol [93], Interleukin-18 (IL-18) [96], Neurofilament light chain 
(NFL) [9]. 
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of 514, 633, 785, and 830 nm were employed in this study to enable a breadth of 
spectral profiles. To avoid photochemical effects in the spectra, sample damage or 
degradation, extended spectral Raman scans were acquired over a range of 200–
3200 cm−1, 50× objective lens, and an acquisition time of 10 s with 5 accumulations. 
All Raman spectra were collected at the ambient temperature.  

6.2.4 Data Processing 
The acquired Raman spectra were collected using Renishaw WiRE 5.2 (Renishaw 
Plc, Wotton-under-Edge, United Kingdom) and cosmic rays were removed during 
baseline subtraction with a polynomial order of 11 and a 1.5 noise tolerance. Extended 
spectra were subsequently averaged per biomarker, taking into account the laser 
excitation wavelength as well as the raw and reconstituted states. The Peak Pick tool 
(WiRE 5.2) was utilised across the x-axis range to select the six characteristic bands 
for each assignment, while the slope detection method was utilised with 15 smooth 
points and a peak threshold height of 500 counts. 

6.3 Results and Discussion 
6.3.1 Prospective TBI Biomarker Physiology 
The biomarkers studied, based on references to TBIs in the literature, were classified 
within three main injury phases as acute, sub-acute, and chronic (Fig. 6.1), the 
corresponding detailed information for each biomarker, including the accessible 
biofluid source, physiological function, post-TBI response, and the role they play in 
head injuries along with the associated phase behaviour are summarised in Table 6.1. 
 
Table 4.1. Overview of the studied TBI biomarkers cohort with the corresponding physiological significance. 
Source refers to the biofluid in which the biomarker has been analyzed in the literature. N-Acetyl-L-aspartic acid 
(NAA); Glutathione (GSH); Neuron-Specific Enolase (NSE); Glial fibrillary acidic protein (GFAP); Ubiquitin 
carboxyl-terminal hydrolase isozyme L1 (UCHL1); Inter-leukin-6 (IL-6); Interleukin-18 (IL-18); Neurofilament light 
chain (NFL). 

Biomarker Source Physiological Function TBI Role TBI 
Response Refs 

NAA Blood CSF 

Synthesised in neurons, 
specific to the nervous 

system. 
Has roles in maintaining 

myelin lipid synthesis 
and in promoting 

neuronal mitochondria 
ATP production. 

Marks injury type. 
Depletion in grey matter and 

white matter represent 
neuronal loss and axonal 

damage, respectively. 
Rate of replenishment is 
inversely proportional to 

injury severity. 

↓ 
[33], 

[46]–[48] 

Ganglioside 
Serum 
CSF 
Brain 

Cellular signalling, 
protein, and ion channel 

modulator. 
Main carrier of sialic acid 
in the nervous system, 
improving intercellular 

communications. 

Functional disruption 
causes neurodegeneration, 

cellular dysfunctions and 
promotes disease 

pathogenesis. 

↑ [49] 

GSH Blood CSF 

Essential antioxidant, 
converted from its 

reduced state (GSH) to 
its oxidised form to 

GSH depletion coupled with 
neuroinflammation leads to 

build-up of free radicals, 
further damaging the brain 

and neurons. 

↓ [50], [51] 
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regulate free radicals 
from the brain. 

NSE CSF 

Tissue-specific cytosol-
based enzymes, upon 
stimulation, translocate 
to the cell surface to act 

as a plasminogen 
receptor. 

The degree of damage is 
directly correlated to the 

amount of NSE expressed. 
↑ [52] 

GFAP Blood 
CSF 

Intermediate filament III 
protein. 

Maintains glial 
cytoskeleton structure, 
neighbouring neurons, 
and blood-brain barrier 

(BBB). 

Post-trauma, astroglial cells 
undergo astrogliosis, 

causing cellular hypertrophy 
and increased GFAP 

expression. 
Excess GFAP can cause 
glial scars in brain tissue 

which delays axon 
regeneration. 

↑ [53]–[55] 

UCHL1 Blood 
CSF 

A brain-specific enzyme 
features in the ubiquitin-
proteasome pathway to 
maintain axonal protein 

integrity. 
Regulates axonal 

transport, structure, and 
synapsis. 

Selectively increases upon 
axonal damage, utilised to 

remove damaged and 
defective proteins from 

axons. 

↑ [56], [57] 

Cholesterol 
CSF 
Brain 

Serum 

Key component of the 
cellular membrane, 

maintaining structure 
and fluidity. 

Cholesterol and 
phospholipids are 

transported to nerve 
cells for repair, upkeep 
and to promote neurite 

proliferation. 

Increased cholesterol is in 
proportion to cellular 

damage. 
Removing excess 

cholesterol has an anti-
inflammatory effect. 

Dysregulation of brain 
cholesterol negatively 

affects neuronal and glial 
function. 

Cholesterol builds up from 
dysregulation and causes 

cellular toxicity. 

↑ [58]–[62] 

D-Serine 
Brain 
CSF 
Blood 

α-amino acid, abundant 
in the brain. Binds to N-

methyl-d-aspartate 
(NMDA) and δ2 

glutamate receptors to 
contribute to learning 
and memory function. 

Reactive glial cells become 
D-Serine synthesisers 

under inflammatory 
conditions, causing NMDA 
receptor hyperactivation, 

and leading to hippocampal 
synaptic damage. 

↑ [63] 

Sphingomyelin CSF 
Blood 

Vital in regulation of 
cellular growth rate, 

differentiation, and death 
in the central nervous 

system. 
Supports myelination in 
the brain, and aids in 

cognitive maturation and 
regulation of 

inflammatory responses. 

Increased levels are 
reported in the 

hippocampus over 12 
months after TBI, 

contributing to neurological 
disease pathogenesis. 
Breakdown products 

regulate the sphingomyelin 
cycle which inhibits protein 

kinase c, regulating 

↑ [64]–[69] 
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neuronal signal transduction 
and function. 

Sulfatides 
Brain 
CSF 

Serum 

Abundant in myelin 
sheath and myelinating 

cells. 
Negatively regulates and 

improves 
oligodendrocyte 

differentiation and 
survival. 

Maintains myelin and 
axonal-glial signalling. 

Effects functional properties 
of the membrane, and 

dysregulation of sulfatides 
can lead to seizures. 

↓ [70], [71] 

Cardiolipin 

Inner 
Mitochondri

al 
Membrane 

Involved in regulating 
mitochondrial 
metabolism. 

The structural 
component of 
mitochondrial 

membranes regulates 
protein and enzyme 

activity central to 
mitochondrial function. 

Damaged mitochondria 
trigger neuronal death when 

oxidised. 
Cardiolipin acts as an 
elimination signal for 

damaged mitochondria, 
thus limiting neuronal 

damage and preserving 
cognitive functions. 

↑ [72]–[74] 

IL-6 
CSF 

Serum 
Blood 

Pleiotropic cytokine with 
operations in immunity 
regulation, regeneration 

processes, neural 
functions, and 

cardiovascular protective 
mechanisms. 

Usually undetectable in 
healthy brain parenchyma 
but present within an hour 

following TBI. 
Upregulated production 
following trauma from 

inflammatory cascades to 
salvage neurons. 

Sustained inflammation is 
ultimately damaging. 

↑ [75]–[79] 

S100B 
Blood 
CSF 
Brain 

Calcium-binding protein 
involved in long-term 

synaptic plasticity 
modulation, cellular 

growth and structure, 
calcium concentration 

maintenance and energy 
metabolism. 

Mitigates mitochondrial 
failure through calcium 

modulation. 

Overexpression leads to 
disrupted calcium 

homeostasis. 
Increased levels indicate 
structural damage and 

cellular death. 

↑ [80], [81] 

Galactocerebro
side 

CSF 
Brain 

Major lipid component in 
the brain, which 

maintains myelin sheath 
structure and stability. 

Important for 
development of normal 

myelin in the central 
nervous system. 

Galactosylcerimidase 
dysfunction prevents 

Galactocerebroside from 
degrading, instead, it 

accumulates in globoid cells 
in the brain, leading to white 

matter diseases. 

↑ [82]–[85] 

Glucose Blood 
Main energy source to 

the brain, used for action 
potential and 

Early low glucose levels and 
low lactate/glucose ratio 
post-TBI are associated 

with poor outcomes. 

↓ [86]–[88] 
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postsynaptic potential 
generation. 

Synthesises BBB-
regulated neuroactive 

compounds and sustains 
brain homeostasis. 

Not associated with 
ischemia. 

Myo-Inositol CSF 
Blood 

Regulates glial and 
neuronal activity and 

participates in 
intracellular signalling 

pathways. 
Regulates intracellular 
[Ca2

+] and membrane 
permeability. 

Increased levels are 
correlated to glial 

proliferation, increased rate 
of membrane turnover and 

myelin sheath damage. 
Correlated to astrogliosis 

and dysregulation of cellular 
osmotic functions. 

↑ [89]–[93] 

IL-18 CSF 

Inducer of inflammatory 
cytokines; synthesised 

as an inactive precursor 
in microglia and 

activated by caspase-1 
in a forward loop. 

Has roles in 
neuroinflammation and 

neurodegeneration. Induces 
respiratory burst and 

degranulation of 
polymorphonuclear 

leukocytes resulting in a 
release of neurotoxic 

enzymes. 

↑ [94]–[96] 

NFL CSF 
Blood 

Integral in maintaining 
axonal cytoskeleton 

through radial growth. 
Larger myelinated axons 

result in more NFL, 
leading to faster 

conduction speed. 

NFL levels rapidly increase 
following trauma to account 
for damaged axons and is 
released into the interstitial 
space and integrated into 

CSF. 
Indicates significant axonal 
damage and progression 

rate of disease. 

↑ [97]–[99] 

 

6.3.2 Prospective TBI Biomarker Spectra and Peak Assignment 
The Raman spectrum is commonly referred to in terms of discrete regions, the low 
wavenumber region (100–200 cm−1), the fingerprint region (500–2000 cm−1), and the 
high wavenumber region (2000–4000 cm−1) [46, 47]. In this study, Raman spectra 
were collected in the extended spectral regions of 200–3200 cm−1, however, only the 
fingerprint region from 200 to 1800 cm−1 was used where the main bands of interest 
were identified.  
 
Spectral profiles for each biomarker were acquired for both solids as well as of the 
solute forms, with the former inherently yielding better resolved, sharper Raman 
peaks. It is well-established that Raman band frequencies are more complex and 
shifted in the liquid phase, relative to the solid, due to the higher variability of the 
intermolecular forces and molecular collisions in the liquid phase, which shifts the 
frequencies of intra-molecular vibrations and broaden the bands, relative to the highly 
regular and stable solid structures.  

6.3.2.1 Acute Phase 
Acute TBI biomarkers have been shown to be applicable in triaging, diagnosing, and 
eliminating the presence of TBI at the earliest stages (i.e., golden-hour biomarkers) 
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and are thus particularly important for the development of diagnostic PoC modalities 
as well as intervention for TBI[102], [103]. Therefore, biochemical changes and 
concentration variations in biomarkers are reflected through the spectral information 
when comparing healthy control cohorts to acute, sub-acute, and chronic phases, 
which are vital for PoC diagnostics and injury monitoring.  
 

The differences in biomolecule state are illustrated in Fig. 6.2, allowing for comparison 
between, not only raw and reconstituted biomarker states but also, excitation 
wavelength lasers: 514, 633, 785 and 830 nm. A clear agreement can be observed 
between the raw spectra (black) acquired by all four lasers within each biomarker, 
whilst there is more variation and notably less spectral information in the reconstituted 
form. This is especially true in spectra obtained from NAA, GSH, NSE, and UCHL1, 
but not the case for ganglioside and GFAP which is comparable in both raw and 
reconstituted states. Noting the differences in both states and having both available is 

Figure 6.2. Spectra of raw and reconstituted Acute TBI biomarkers using all four laser excitation wavelengths 
514 (green), 633 (red), 785 (blue) and 830 nm (yellow). Counts are in Arbitrary Units as this is a relative value 
and therefore not comparable between spectra on different axes. Reconstituted biomarkers better mimic how 
each may be found in biofluid thus differences between this and the raw form is necessary for diagnostic 
applications of Raman Spectroscopy 
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essential for future researchers profiling for TBI in different environments as the field 
continues to progress.  
 
Representative average spectra of acute TBI biomarkers are presented in Fig. 6.3, 
alongside peak assignment provided in Table 6.2. Each biomarker produced unique 
and distinctive spectral features, and differences between utilising the four laser 
wavelengths can be identified. Strong characteristic peaks of NAA are found in the 
949–957 cm−1 and 987–992 cm−1 regions for the four-excitation laser used (Fig. 6.3a), 
with the main peaks being associated with the C-N stretching as well as CH2-CH 
wagging[104]. NAA is an amino acid derivative located in neurons where the 
decreasing levels are proportional to neuronal loss and axonal damage[47] and, thus, 
a decrease in characteristic Raman peak intensity can be an important indicator 
following brain trauma.  

 
The most intense peaks of ganglioside, a sialic acid-bearing glycosphingolipid[105], 
are detected at 1297–1298 cm−1 and 1437–1442 cm−1 (Fig. 6.3b). The bands at 1297 
and 1440 cm−1 are assigned to bending and twisting of CH2 bonds[106], which 
optimally could be employed relative to other characteristic peaks of ganglioside post-
TBI[107]. These peak intensities have been reported to decrease in counts in tandem 
with cell loss[107], in contrast to the other characteristic peaks of ganglioside (Table 

Figure 6.3. Characteristic Raman spectra fingerprints of acute phase reconstituted TBI biomarkers, acquired at 
excitation wavelengths of 514nm (green), 633nm (red), 785nm (blue) and 830nm (yellow). Significant Raman 
peak assignments for each are summarized in Table 6.2. 
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6.2), which are typically shown to increase in response to neurodegeneration and 
cellular dysfunction (Table 6.1)[49]. 
 
Table 6.2. Peak assignment of significant peaks present in the acute TBI biomarker cohort. v = stretching; δ = 
bending; τ = twisting ; ρ = rocking; ω  = wagging; s = symmetric; a = anti-symmetric; arom = aromatic; skel = skeletal. 

Wavenumber (cm-1) Assignment Origin Ref 
347-353 vskel(C- C) NAA [104] 
473-475 v(S-S) NSE [112] 
518-521 C(OH), Ring deformation GFAP [104], 

[113] 
647-651 v(C-S), τ(C-C), Ring breathing mode NAA, NSE, Ganglioside [113]–

[115] 
679-682 v(C-S) GSH [113] 
705-708 Ring deformation UCHL1 [113] 

806 vs(C-N-C) UCHL1 [104] 
819-821 CH deformation GSH [104] 
843-845 δ(H(C-O-H)), ρ(H(C-O-H)) UCHL1 [113] 
875-877 v(C-C), va(C-N) NSE [82], 

[113] 
889-891 varom(C-O), v(C-C), ω(CH2) Ganglioside [116]–

[118] 
914-918 v(C-N), Pyranose ring asymmetric 

vibration 
GFAP, UCHL1 [104], 

[113] 
949-957 v(C-N) NAA [104] 
974-980 va(C-C), ρ(CH2) GFAP [113], 

[119] 
987-992 v(C-N), ω(CH2- CH) NAA [120] 

1031-1037 δ(C-H), v(C-C), va(C-C-N
+
) GSH, NSE [121], 

[122] 
1060-1068 v(C-O), vskel(C-C), τ(NH2) Ganglioside, GFAP [113], 

[123], 
[124] 

1077-1082 v(C-O), v(C-C), τ(CH2) NSE, UCHL1 [125], 
[126] 

1127- 1130 v(C-N), v(C-C) Ganglioside, UCHL1 [127], 
[128] 

1131-1138 v(C-C) NAA [129] 
1297-1298 τ(CH2) Ganglioside [130] 
1311-1315 δ(C-H) GSH [131] 
1328-1336 ω(CH2), τ(CH2) GFAP [113] 
1352-1354 τ(CH2) UCHL1 [126] 
1378-1383 vs(COO

-
) NAA [132] 
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1408-1410 δ(C-H), vs(COO
-
) GFAP [113], 

[133] 
1420-1424 δ(CH2), vs(COO

-
), vs(CO2) 

GSH [109], 
[110], 
[131] 

1437-1442 δ(CH2), τ(CH2) Ganglioside [134] 
1458-1460 δ(CH2) NSE [135] 
1660-1662 v(C-N(H)-C=O), v(C=C) GSH [104] 

 
 
GSH, a non-enzymatic antioxidant tripeptide present in cells to protect membranes 
from oxidative damage[108], exhibits the most intense peaks located at 1420–1424 
cm−1 and 1660–1662 cm−1 (Fig. 6.3c), attributed to the -CH2 bending mode of 
proteins[109], and symmetrical stretching of the carboxylic acid COO− [110], and the 
Amide I region, indicative of amino acids[111], respectively. Post-TBI apoptosis could 
lead to GSH depletion and thus a reduction in characteristic peak intensity which, 
when coupled with neuroinflammation, results in TBI secondary injury due to free 
radicals build-up further damaging neurons and the brain (Table 6.1)[51]. 
 
NSE is a glycolytic tissue-specific enzyme associated with neuronal damage and post-
traumatic inflammation[136], [137], increasing in expression with injury severity[52]. 
The strongest peak for NSE (Fig. 6.3d) at 875–877 cm−1 at all four employed excitation 
wavelengths is assigned to the stretching of C-C bonds and the asymmetric stretching 
of C-N bonds[113], [138] associated with phenylalanine. A secondary peak of interest 
at 1077–1082 cm−1 is attributed to the stretching of C-O and C-C bonds[125] along 
with the twisting of CH2 bonds[126]. NSE is plausible for monitoring post-TBI changes 
since it is only expressed in a direct correlation to the degree of damage and 
translocated from the cytosol to the cell surface upon stimulation, acting as a 
plasminogen receptor[52], [139], [140]. 
  
GFAP is a structural filament protein of astrocytes[15], with its levels known to increase 
in response to astrogliosis post-trauma, as discussed in Table 6.1. The most intense 
detected spectral bands are found in the region of 914–918 cm−1 (Fig. 6.3e), assigned 
to C-N stretching[113], and asymmetric vibration of the pyranose ring[104], also 
present in the UCHL1 spectrum (Fig. 3f), increasing in response to TBI, and thus might 
collectively be an important candidate peak of interest for TBI Raman-based 
diagnostics. 
 
A further sharp peak present in the 1408–1410 cm−1 region is assigned to the bending 
of C-H bonds and symmetrical stretching of COO− bonds[113], [133], along with a 
wider band at 1060–1068 cm−1, assigned to the skeletal stretching of C-C bonds and 
indicative of changes in protein levels[124]. GFAP has been shown to increase after 
brain trauma because of reactive astrogliosis. Its overexpression, causing scarring of 
the brain, can be used to distinguish between the healthy and damaged tissue, giving 
an indication of the amount of damage, and delaying the axonal regeneration[54]. 
 
UCHL1, a cytoplasmic enzyme found in neurons, is selectively increased following 
axonal trauma to remove damaged and defective proteins from axons[56], [141]. 
Unfortunately, the glycerol-environment buffer of this protein dominates the spectral 
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fingerprint with aliphatic chains[126], [142] and, therefore, only smaller peaks in the 
600–800 cm−1 region are identified to be unique to the UCHL1 marker (Fig. 6.3f) with 
the 705–708 cm−1 band assigned to ring deformation[113], and the 806 cm−1 peak 
assigned to the symmetrical stretching of C-N-C bonds present in amino acids[104]. 
 

6.3.2.2 Sub-Acute Phase 
Detection of sub-acute TBI biomarkers is vital for multiple-level diagnostics when the 
patient is admitted to hospital and a complementary rapid diagnostic technique is 
required alongside structural neuroimaging. This lays the platform for not only enabling 
timely TBI management at ED, A&E, etc. for early neuroprotective measures but also 
for the correct transfer to the most appropriate neurological facility. Rapid diagnosis in 
the early clinical phase will lay a platform for a range of improvements in personalised 
medicine and management, reduce strain on the healthcare system, and enable 
better-quality post-neurotraumatic care. Similarly, in the military context, where 
neurosurgical support is not routinely deployed and TBI management often requires 
evacuation, the ability to diagnose and assess TBI severity pre-hospital would avoid 
unnecessary strategic evacuation and maintain operational effectiveness.  
 
The spectra obtained from the full panel of sub-acute TBI biomarkers using all four 
lasers in the raw and reconstituted state are presented in Fig. 6.4. There is clear 
agreement between the raw and reconstituted peaks in the spectra of cholesterol and 
cardiolipin, as opposed to the spectra from IL-6 which have many differences in peak 
location. A split between the 514 and 633 nm with the 785 and 830 nm laser 
wavelengths is observed in spectra produced from sulfatide and IL-6, these 
differences are noticed not only in the complex reconstituted state of the biomarkers 
but also in the raw form too. D-Serine proves difficult to characterise between laser 
wavelength, as raw spectra obtained using the 633, 785 and 830 nm lasers are 
consistent but low counts and spectral information are produced in solute form. Whilst 
spectrum produced from the reconstituted D-Serine using the 514 nm laser 
wavelength has little agreement with the raw form and the other laser wavelengths. 
This type of discrepancy highlights the difference in the performance of each laser 
wavelength depending on the application and is very useful when providing grounds 
for which excitation wavelength is best suited for Raman-based TBI diagnostics in 
biofluids.  
 
Average spectra of sub-acute TBI solute-form biomarkers using all four laser 
wavelengths are shown in Fig. 6.5 with the corresponding peak assignments 
summarised in Table 6.3. Cholesterol’s sterol-centred structure presents a unique and 
large number of intense peaks (Fig. 6.5a), including the 700 cm−1 band of the in-plane 
deformation of its B ring[143], as well as a sharp peak at 1673 cm−1, assigned to the 
B ring C=C stretching[144]. Cholesterol is structurally important in the cellular 
membrane with its increases following TBI proportionally related to the cellular 
damage[145]. As a response to neuro-inflammation, apolipoprotein E transports 
cholesterol and phospholipids by forming a protein–lipid complex to damaged nerve 
cells to assist the cellular damage as well as to increase neurite proliferation[58], [59]; 
whilst cholesterol removal is associated with the anti-inflammatory response[60], [61]. 
If left unchecked, the dysregulation of cholesterol in the brain can negatively affect 
neuronal and glial functions and in due course, leading to cellular toxicity[62]. 
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Table 6.3. Peak assignment of significant peaks present in the sub-acute TBI biomarker cohort. v = stretching; δ = 
bending; τ = twisting ; ρ = rocking; ω  = wagging; s = symmetric; a = anti-symmetric; arom = aromatic; skel = skeletal 
 

Wavenumber (cm-1) Assignment Origin Ref 
512-516 ρ(COO

-
) D-Serine [135] 

520-525 δ(N-C=O) IL-6 [104] 
549 δ(N-C-S) IL-6 [104] 
561 -OH out of plane deformation IL-6 [104] 

700-702 In-plane deformation of B ring Cholesterol [146] 
717-720 vs(C-N) Sphingomyelin [113] 
809-815 v(C-C) D-Serine [104] 
850-854 ρ(CH2) D-Serine [135] 

Figure 6.4. Spectra of raw and reconstituted sub-acute TBI biomarkers using all four laser excitation 
wavelengths 514 (green), 633 (red), 785 (blue) and 830 nm (yellow). Counts are in Arbitrary Units as this is 
a relative value and therefore not comparable between spectra on different axes. 
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888-893 varom(C-O)4, v(C-C), ω(CH2) Sulfatide [116]–[118] 
917-923 v(C-C) D-Serine [135] 
959-964 PO4 vibration, vs(C-N-C), δ(C-H) Cholesterol, IL-6 [104], [147] 
970-974 v(C-N) D-Serine, Cardiolipin [113], [135] 

1062-1067 v(C-O), v(C-C), τ(NH2) Sphingomyelin, Sulfatide, 
IL-6 

[113], [123], 
[124] 

1107-1111 va(SO4), v(C-N), v(C-C), v(C-OH), Sulfatide, Cardiolipin [23], [148] 
1127-1130 v(C-N), v(C-C), vskel(C-C) Sphingomyelin, Sulfatide, 

IL-6 
[127], [128] 

1176-1179 vskel(C-C) Cholesterol [144] 
1266-1268 v(C –O) Cardiolipin [149] 
1295-1299 τ(CH2) Sphingomyelin, Sulfatide [130] 
1302-1304 τ(CH2) Cardiolipin [146] 
1327-1336 ω(CH2), τ(CH2) Cholesterol, D-Serine [113] 
1436-1441 δ(CH2), τ(CH2), v(CH2/CH3) Cholesterol, 

Sphingomyelin, Sulfatide, 
Cardiolipin 

[134], [150] 

1656-1660 v(C=O), v(C=C) Sphingomyelin, Cardiolipin [111], [151] 
1672-1674 v(C=C) Cholesterol [144] 

 
D-Serine is a non-essential polar amino acid, which serves as a precursor to purines 
and pyrimidines, and is an important neurotransmitter[152]. The characteristic 
fingerprint of D-Serine (Fig. 6.5b) exhibits strong peaks in the range of 917–923 cm−1, 
attributed to its C-C backbone stretching[135], as well as at 1327–1336 cm−1 from the 
twisting of its CH2 groups[113]. Serine is a co-ligand activator of NMDA receptors and 
of δ2 glutamate receptors, which have regulatory roles in synaptic plasticity and long-
term potentiation[63]. Increases in serine following TBI is caused by reactive glial cells, 
which under inflammatory conditions turn into D-serine synthesisers. An increase in 
D-serine leads to hyperactivation of NMDA receptors, which damages hippocampal 
synapsis and is known to disrupt learning and memory formation[86] [87]. Blocking D-
serine production under inflammatory conditions has been related to improved 
outcomes following brain trauma[63].  
 
Sphingomyelin can be spectrally identified by a characteristic set of peaks in the range 
of 717–720 cm−1 and 1295–1299 cm−1, due to the symmetric stretching of C-N and 
the twisting of CH2, respectively[107], [113] (Fig. 6.5c). Sphingomyelin is a prominent 
sphingolipid, found in the plasma membrane with a distribution ratio correlating 
specifically with cholesterol for suitable membrane function[154]. This lipid plays a vital 
role within the CNS in terms of cellular growth, differentiation, and death[64]. In the 
brain, sphingomyelin is also associated with improved cognitive maturation, brain 
myelination, and regulation of inflammatory responses[65], [155]. Levels of 
sphingomyelin have been shown to increase following TBIs for over 12 months, 
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rendering it a neuro-marker for both sub-acute as well as chronic phases[66]. 
Disruption of sphingomyelin metabolism is known to dysregulate the mitochondrial 
energy pathways, slowing the healing process and increasing the risk of secondary 
injuries, contributing to the overall TBI pathogenesis[156].  

Sulfatides are a class of sulfo-lipids, abundantly present in brain tissue and are a main 
feature in myelin sheath and within myelinating cells[70]. Spectral characteristic 
fingerprints of sulfatides are shown in Fig. 6.5d. These representative peaks include 
the stretching of the C-OH from the sulphated pyranose ring and C-C backbone along 
with the CH2 wagging in the range of 888–893 cm−1[116]–[118], with the anti-
symmetric stretching of the SO4 group identified at 1107–1111 cm−1[148]. Sulfatides, 
directly derived from galactocerebrosides, constitute promising candidate TBI 
biomarkers due to their roles in protein trafficking, neuronal transduction, and negative 
regulation in oligodendrocyte differentiation[157]. Following TBI, sulfatide levels 
decrease in the brain subsequently, allowing oligodendrocyte production to occur at a 
higher rate, thus providing axonal myelin wrapping with improved action potential and 
transmission. However, due to the functional role of sulfatides within the membrane, 
the dysregulation can lead to physiological responses such as seizures[70].  

Cardiolipin, a mitochondrial-specific phospholipid, which signals damaged 
mitochondria[72] (Fig. 6.5e), is found to exhibit dominant PO4 vibrations at 959–964 

Figure 6.5. Spectra of sub-acute TBI biomarkers, laser excitation wavelengths 514 (green), 633 (red), 785 
(blue) and 830 nm (yellow) are overlayed. Significant peaks are picked and assigned in Table 3. 
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cm−1 and C-O stretching from the linoleic acid groups in the range of 1266–1268 
cm−1[147], [149]. Cardiolipin is known to be central to mitochondrial function, with roles 
in both regulation of metabolism and membrane structure maintenance[72], with 
damaged and dysregulated mitochondria triggering neuronal death[73], [158]. 
Cardiolipin is externalised from the inner mitochondrial membrane to signal damaged 
mitochondria and promote mitophagy, ultimately limiting further neuronal damage and 
retaining cognitive functions[158], resulting in increases in its concentration linked to 
the extent of mitochondrial damage[73], [158].  
 
IL-6, an inflammatory cytokine, yields a distinctive spectral signature (Fig. 6.4f) with 
peptide bonds bending within the protein detected in the 520–525 cm−1 region[104], 
and a sharp peak at 959–964 cm−1, associated with the symmetric stretching of the C-
N-C bonds of proteins [[104]]. The pleiotropic IL-6 is involved in immunity, 
regeneration, and neural functions [75]. Whilst in healthy brain tissue it is not typically 
detectable, it has been found to be present within an hour of brain injury, making it a 
reliable marker of TBI-induced damage[76], [77]. IL-6 is further upregulated during 
inflammatory cascades to help healing including the salvation of neurons; however, a 
prolonged detection of this biomarker is indicative of sustained inflammation, resulting 
in more damage over healing [158]. 

6.3.2.3 Chronic Phase 
Chronic TBI biomarkers span a larger timeframe and are particularly important in 
cases of undiagnosed mTBI, frequently causing patients long-term effects. Certain 
chronic biomarkers are expressed in the early phase, during the acute phase, and 
continue to be expressed in the longer term [40], [159], [160]. The chosen 
representative chronic biomarkers (Fig. 6.1) provide important underpinning spectral 
fingerprints, contributing towards ongoing investigations on chronic biomarkers and 
their post-TBI mechanisms and, once confirmed, the emerging findings would enable 
the detected biomarker levels at late time points to be used to identify TBI survivors 
who are at high risk of progressive neurological damage, triggered by their initial TBI. 
Rapid detection and an in-depth understanding of chronic TBI biomarkers would aid 
the development of TBI therapeutics and enable in situ tracking of TBI pathology and 
injury evolution at hospital. Real-time spectroscopy for TBI monitoring would further 
improve target management and understanding of injury heterogeneity, evolution, and 
penetrance of pharmacological agents, identify novel targets for intervention, and 
could lead to the development of modalities for tactful therapeutic modifying therapies 
in TBIs.  
 
The comparisons between the biomolecular solid and solute states of the chronic TBI 
biomarker panel are presented in Fig. 6.6. There is very good agreement in peak 
location between the raw spectra (black) acquired by all four lasers within each 
biomarker, as well as most in the reconstituted state. The largest differences in the 
solute state are present in the galactocerebroside spectra, where large fluorescence 
can be seen from the 633 nm laser (red) and unusual short, sharp peaks present when 
using the 830 nm laser (yellow). Unfortunately, spectra produced from IL-18 shares 
peak location and spectral shape with that of UCHL1 in the acute panel, suggesting 
that the glycerol-environment buffer of this protein dominates the spectral fingerprint. 
However, some small peaks will be present despite the overpowering glycerol 
contamination, providing peaks unique to IL-18 as a chronic TBI biomarker for biofluid-
based diagnostics.  
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Laser excitation wavelengths can be directly compared per chronic biomarker in the 
reconstituted form in Fig. 6.7, and the extensive agreement in spectral information is 
illustrated, highlighting only the fluorescence from galactocerebroside when utilising 
the 633 nm laser, and the corresponding peak assignments are summarised in Table 
6.4. S100B is a calcium-binding protein expressed in astrocytes and is the first brain 
biomarker to be recognised and utilised within clinical practice guidelines[15], [161]. 
S100B, known to be neuroprotective and neurotrophic, is regarded as a suitable 
marker due to its involvement in the modulation of long-term synaptic plasticity and 
energy metabolism by maintaining calcium concentration and ensuring correct 
mitochondrial function[80], [81]. Characteristic dominant spectral peaks are identified 
for S100B throughout the entire 200–1800 cm−1 region (Fig. 6.7a and Table 6.4). The 
most intense bands are at 936–937 cm−1, assigned to stretching of the C-C bond of 
proline and valine[162], and at 1002–1004 cm−1, due to aromatic phenyl breathing of 
the C-C bond of the phenylalanine[113], [163]. Post-TBI, increased S100B levels 
accompany structural damage and cellular death[81]. This would result in higher 
intensity of identified Raman peaks, posing it as a promising marker for Raman-based 
neuro-diagnostics. Physiologically, the implication of increased S100B levels disrupts 

Figure 6.6. Spectra of raw and reconstituted chronic TBI biomarkers using all four laser excitation wavelengths 
514 (green), 633 (red), 785 (blue) and 830 nm (yellow). Counts are in Arbitrary Units as this is a relative value 
and therefore not comparable between spectra on different axes. 
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the correct calcium homeostasis, leading to mitochondrial failures and damaging long-
term hippocampal potentiation[80], [81].  
 
Table 6.4. Peak assignment of significant peaks present in the chronic TBI biomarker cohort. v = stretching; δ = 
bending; τ = twisting ; ρ = rocking; ω  = wagging; s = symmetric; a = anti-symmetric; arom = aromatic; skel = skeletal; Δ = 
ring breathing vibration, 
 

Wavenumber (cm-1) Assignment Origin Ref 
422-424 In-plane δarom(C-OH) Glucose [104], [164] 
504-506 OH out-of-plane deformation Myo-Inositol 

 

517-520 C-OH deformation Glucose [104] 
559-560 OH out-of-plane deformation S100B [104] 
606-607 CCC in-plane deformation NFL [165] 
804-807 vs (C-N-C) IL-18 [120] 
842-844 Out-of-plane δarom(CH),  ρ (H(C-O-H)) IL-18 [113], [142] 
891-893 vs(COO

-
), v(C-C) NFL (glycine) [166], [167] 

896-899 valiphatic(C-H) Myo-Inositol [104] 
912-914 v(C-CH3) IL-18 [168] 
936-937 v(C-C) S100B [162], [169] 

1002-1004 Δarom(C-C) S100B [170] 
1008-1010 Δarom(C-C) Myo-Inositol [171] 
1040-1041 v(C-CH3), v(C-C), δ(CH) NFL [163], [172] 

1058-1066 v(C-O), vskel(C-C), τ(NH2) S100B, 
Galactocerebroside, 

Glucose 

[123], [124] 

1077-1080 v(C-C), v(C-O) IL-18 [113], [173] 
1116-1121 δ(CH), v(C-C), Myo-Inositol [174], [175] 
1124-1127 v(C-C) Glucose [127] 
1128-1133 vskel(C-C), v(C-N) S100B, 

Galactocerebroside, 
IL-18 

[113], [127], [128] 

1143-1146 v(C-N), δ(CH) NFL [131], [176], [177] 
1217-1218 v(C-C) Myo-Inositol [178], [179] 
1259-1261 Amide III (v(CN) δ(NH) IL-18 [180], [181] 
1295-1298 τ(CH2) Galactocerebroside [130] 
1321-1323 δ(CH), τ(CH2), NFL (glycine) [182], [183] 
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1357-1359 valiphatic(CH) Myo-Inositol [104] 
1368-1371 δ(CH2) Glucose [184] 
1409-1411 v(C-C), δ(C-H) NFL [113] 
1439-1441 v(CH2/CH3) Galactocerebroside [150] 
1458-1464 ω(C-H), δ(CH3), v(C=O), varom(C=C) Galactocerebroside, 

Glucose, IL-18 
[185]–[187] 

1603-1608 va(COO
-
), v(C=C), v(C=O) S100B [113], [131], [188] 

1672-1676 v(C=C) Galactocerebroside [144] 
 
Galactocerebrosides are a major glycolipid of the myelin within the CNS and the most 
abundant glycolipid component of myelin[189], [190]. Fig. 6.7b exhibits dominant 
spectral peaks in the fingerprint spectrum, particularly, above the 1000 cm−1 region. A 
characteristic peak in the 1128–1133 cm−1 range is assigned to the C-N stretching of 
the amine bond in the acyl chain[113], and the C-C bond skeletal stretching of the acyl 
backbone common to lipids[128], and further in the 1295–1298 cm−1 region, assigned 
to the twisting of CH2 bonds of lipids[107]. This biomarker accumulates in the brain in 
globoid cells when there is galactosylcerimidase dysfunction, preventing 
galactocerebroside from degrading, potentially leading to a long-term white matter 
disease (Table 6.1). Overall, peaks in the range of 1295–1299 cm−1 are also present 
in the spectra of sphingomyelin, sulfatide and ganglioside, creating a potential band of 
interest for the detection of chronic TBI biomarkers via Raman spectroscopy as well 
as to assess post-TBI recovery and response to interventions.  
 
Glucose is the predominant and preferred energy source of the mammalian brain, with 
levels present indicating metabolism in astrocytes[88], [160]. Overall, biomarkers in 
the chronic phase had a larger number of characteristic peaks identified in the lower 
wavenumber and fingerprint regions 200–800 cm−1 than the earlier phases with two 
intense bands determined from the glucose spectrum (Fig. 6.7c) in the 422–424 and 
517–520 cm−1 regions, with the former attributed to the in-plane aromatic bending of 
the C-OH bond[104] and the latter assigned to C-OH bond deformation (Table 
6.4)[104]. Decreases in glucose levels post-TBI have been shown to be associated 
with poor outcomes due to the indication of an increased need for energy for tissue 
repair. Glucose metabolism post-trauma has also been shown to lead to an increase 
in anaerobic glycolysis; however, this has been specifically proven to be a result of 
ischemia. Furthermore, glucose levels can be compared to other metabolites 
downstream in the glycolytic pathway such as the ratio of pyruvate (aerobic product) 
to lactate (anaerobic product). A larger ratio typically correlates to more glycolytic than 
mitochondrial activity and is associated with worse outcomes, due to an indication that 
neurons might be too damaged to take up lactate[88]. 
 
Myo-inositol, a sugar derivative, has been reported to increase in proportion with TBI 
severity[191], and in correlation with glial proliferation, membrane turnover, and myelin 
sheath damage (Table 6.1). Spectral peaks of myo-inositol are highly consistent 
across the four excitation wavelengths used (Fig. 6.7d) with the most intense bands 
at 504–506 cm−1, assigned to out-of-plane deformation of -OH bonds and further in 
1116–1121 cm−1 and 1217–1218 cm−1 regions, attributed to stretching of the C-C 
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bonds[175], [178], [192]. Further intense peaks at 896–899 cm−1 and 1357–1359 cm−1 
arise from CH bending within the aliphatic structure of myo-inositol[104]. Increases in 
myo-inositol levels post-TBI provide a good marker of the proliferation of glial cells, 
membrane turnover, myelin sheath damage as well as astrogliosis and cellular 
osmotic dysregulation[89]–[91], [193]. 

IL-18 is a pro-inflammatory cytokine, produced by microglia and stored in the cytosol 
as an inactive precursor (Fig. 6.7e)[94]. The most representative fingerprint peaks of 
IL-18 are identified at 1259–1261 cm−1, from the amide III stretching of C-N and 
bending of N-H, specific to proteins[194], [195], and a sharp peak at 806 cm−1, 
assigned to the protein-specific symmetrical stretch of C-N-C bonds[104]. Following 
TBI, IL-18 is known to externalise and bind to the plasma membrane. Uncontrolled or 
dysregulated IL-18 can lead to releases of neurotoxic enzymes as well as cause 
chronic inflammatory diseases, whilst IL-18 inhibition has been shown to prevent 
further damage[95], [196]. 

Finally, the NFL marker has been shown to play a role in maintaining the axonal 
cytoskeleton[97], and although not necessarily specific to TBI, its rapid increase in 
CSF is indicative of a considerable axonal injury with change in its concentration 
correlating the severity of damage[98]. It has been therefore suggested that monitoring 
the NFL levels is useful for determining the extent of trauma as well as the response 

Figure 6.7. Spectra of Chronic TBI biomarkers, laser excitation wavelengths 514 (green), 633 (red), 785 (blue) 
and 830 nm (yellow) are overlayed. Significant peaks are picked and assigned in Table 4. 



170 
 

to any therapeutic interventions[99]. This marker exhibits a characteristic spectral 
fingerprint consisting of sharp peaks (Fig. 6.7f), with the most prominent at 891–893 
cm−1, due to symmetrical stretching of carboxylic acids and C-C bonds[166], [167], 
and the 1321–1323 cm−1, attributed to CH bending and CH2 twisting modes[182], 
[183]. 
 
Further to the spectral assignments of brain-specific molecular species, it is of 
importance to consider the identified and selected group of correlative changes in 
Raman peak ratios with key features of these representing quantifiable biochemical 
changes. The use of characteristic Raman peak ratios allows for the important 
information to be easily extracted from spectra (particularly, for multiplex mixtures in 
complex biological environments such as the body fluid or brain tissue) to gain more 
information and in conjunction with multivariate analysis methods, the ratio-metric 
inspection and assignment of Raman spectra can be used to identify spectral changes 
informed by chemical and spectroscopic knowledge, showing clear systematic trends 
with identifiable features of biomolecules. With these key Raman peak ratios 
correlating with structural and quantitative biomarker information, analysis of 
fingerprint spectra could be performed more accurately than the individual peak 
changes, which could be often masked in complex biofluids. We have thus utilised 
dominant peak ratios of the solute state TBI biomarkers, which also allows comparison 
of their variation across the four excitation wavelength lasers (Fig. 6.8).  
 
Characteristic peaks were selected without bias from the six assigned bands identified 
via the peak pick method for each studied biomarker in acute, sub-acute and chronic 
phases, generating the unique intensity ratios barcode in the fingerprint region. The 
use of the relative peak ratio intensity provides more accurate and reproducible 
information over the absolute Raman intensity, which differs among different Raman 
devices and changing conditions, and is of further importance for multivariate analysis 
methods often employed in conjunction with Raman spectroscopy detection and 
analysis [197], [198]. These peak ratios yield the combined unique spectroscopic 
barcode for each brain-injury marker, which could be used as a reference for rapid 
and accurate diagnostics of TBI in easily accessible biofluids as well as allow to easier 
quantify the performance of emerging spectroscopic techniques via the standard 
variation of the ratios between the amplitudes of two Raman bands from a given 
biomarker over repeated measurements (Fig. 6.8). For the majority of the biomarkers, 
within the experimental error, there was no significant difference in the identified peak 
ratios when varying the excitation laser except for GFAP, sulfatide and glucose (p *** 
< 0.0001, one-way ANOVA), which had the largest variance per phase group, with 
sulfatide having the highest variance of the entire cohort (σ2 = 0.158). This suggests 
that greater consideration should be given to the choice of the Raman excitation laser 
to detect this biomarker since the molecular bonds of interest are excited at varied 
intensity strengths depending on the laser wavelength. Conversely, UCHL1, 
cardiolipin, and IL-18 exhibited the lowest variance within their corresponding phase 
group, with the lowest overall cohort variance found to be for UCHL1 (σ2 = 0.000164) 
with the highest peak agreement amongst the four excitation lasers.  
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Figure 6.8. Characteristic peak ratios identified from spectral fingerprints per each studied 
TBI-indicative biomarker at four excitation wavelengths of 514nm (green), 633nm (red), 
785nm (blue) and 830nm (yellow). (p***<0.0001, one-way ANOVA). 
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6.3.3 Injury Profiling in Fresh ex vivo Porcine Retinae 
The motivation of this study was to provide a library of spectra and peak assignments 
to aid future TBI and Raman spectroscopy research, not only as a reference but also, 
to create prospective biomarker panels for injury profiling. During the optimisation and 
first use of the 635 nm and 830 nm portable Raman devices, fresh ex vivo porcine 
retinae, for which the pigs were stunned and rendered unconscious for slaughter, 
modelling mild – to – -moderate TBI. This biomarker library can now be utilised for 
injury profiling of the portable spectral data of porcine retinae. 

For PoC diagnostics, the acute phase is essential, and therefore the acute panel of 
potential TBI biomarkers is of interest. Fig. 6.9a overlays the 6 prospective acute TBI 
biomarker panel using a 633 nm laser wavelength, in the 2000 – 3200 cm-1 high 
wavenumber region which was investigated in Section 2.4 in Chapter 2 with the EyeD 
device. In this region, there are only contributing peaks from ganglioside (green), GSH 
(pink) and NSE (red), whilst the remaining three biomarkers NAA (light blue), GFAP 
(yellow) and UCHL1 (dark blue) sit underneath the more dominant peaks. Although 
this is now a small panel, looking at the trace (yellow) of the acute biomarker panel 
(Fig. 6.9b(i)) there is clear agreement with the shape of the porcine spectrum 
produced by the SKiNET SOMDI of the trauma retinal model using the 635 nm portable 
Raman system featured in the left panel of Fig. 6.9b(ii). The grey bars in Fig. 6.9b(i) 
illustrate the location of the characteristic peaks at 2851 and 2922 cm-1 from 
ganglioside and NSE, respectively. These match the locations of the peaks of interest 
2850 and 2930 cm-1 in the right panel of Fig. 6.9b (ii).  

Figure 6.9. a Overlayed spectra of the 633 nm panel of acute TBI biomarkers, cropped in the high wavenumber 
region (2000-3200 cm-1). The combined spectra were collected with comparable Raman parameters in laser power, 
objective lens and acquisition time. There are no contributing peaks from NAA (light blue), GFAP (yellow) and 
UCHL1 (dark blue). b (i) Trace of the overlayed 633 nm panel of acute TBI biomarkers, with contributing peaks 
from ganglioside, GSH, NSE. Two grey bars illustrate the location of two characteristic peaks at 2851 and 2922 cm-

1 from ganglioside and NSE, respectively. (ii) Insert from Chapter 2 showing the high wavenumber region of: (ii) 
Fig. 2.10b: A TBI porcine retinal sample spectrum produced by the 635 nm portable Raman system (EyeD), 
illustrating two peaks of interest at 2850 and 2930 cm-1, in agreement with peaks present in spectra of the three-
contributing acute TBI biomarkers in (i).  
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The development of the 830 nm portable Raman system is in the early prototype stage 
and built with components that are more modifiable than that of the 635 nm EyeD 
device, therefore there are more opportunities to customise the 830 nm system for 
uses other than PoC diagnostics. For example, the application of near-infra-red 
wavelengths for low-level light therapy (LLLT) is a growing field of literature, 
harnessing the deep tissue penetration depth and phototherapeutic properties of 
wound healing and reduction of apoptosis[199]–[201]. It is therefore of interest to look 
at all three TBI phases when creating traces for hypothetical models for prospective 
biomarker panels. The overlayed spectra of each TBI phase are provided in the left-
hand side column of Fig. 6.10, for which all powers are matched. These overlays 
suggest that GSH (pink) and GFAP (yellow) in the acute phase group, alongside 
sulfatide (red) in the sub-acute group, could be excluded from our group of prospective 
biomarkers as they do not contribute peaks to their respective panel of stronger 
spectra; whilst all chronic phase biomarkers contribute.  

Figure 6.10. Overlayed spectra of the biomarkers within each phase group using an 830 nm excitation 
wavelength. The combined spectra were collected with comparable Raman parameters in laser power, objective 
lens and acquisition time. (left) In the acute phase, all biomarkers contribute peaks to the overlay except for 
GSH (pink) and GFAP (yellow) which sit underneath the stronger spectra. In the sub-acute phase, only sulfatide 
(red) does not contribute peaks to the overlay, whereas in the chronic phase all biomarkers contribute peaks. 
(right) The traces produced of the uppermost line of the combined spectra per TBI phase, this produces three 
hypothetical spectral panels that could model what peaks may be present if all prospective biomarkers are 
profiled when diagnosing in each phase group. 
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In the right-hand side column of Fig. 6.10 are traces produced of the uppermost line 
of the combined spectra per TBI phase, this produces three hypothetical spectral 
panels that could model what peaks may be present if all prospective biomarkers are 
profiled when diagnosing in each phase group. Whilst this is a method to hypothesise 
the three multiplex biomarker panels for TBI diagnostics and monitoring over 1 hour 
to 6 months, actual biomarker elevation/depletion may differ in vitro and in vivo TBI 
samples. 

In the Chapter 1 literature review, I combined current article findings from research 
surrounding both TBI and ocular manifestations of neurodegeneration to produce a 
table of prospective TBI biomarkers that may be changeable and detectable in the 
retina or optic nerve (Table 1.2). This table was used as a foundation for the 
prospective TBI biomarker cohort chosen for this study, though not all were able to be 
sourced in the correct state, in pure form or within budget, resulting in a shortlist of 
NAA, GSH, NSE, GFAP, UCHL1 and S100B. Ganglioside and cardiolipin were added 
to the eye-based cohort once being investigated in Chapter 2. The now eight, eye-
based TBI biomarkers were overlayed using the 830 nm excitation wavlength, and it 
can be observed in Fig. 6.11a, that only the GSH (grey) and GFAP (red) spectra 
cannot be seen above the stronger peaks. This results in six biomarkers contributing 
spectral information to the trace in Fig. 6.11b, producing a hypothetical model of 
biomarkers indicating neuro-injury in the retina. 

The 830 nm spectrum trace of eye-based TBI biomarker panel can then be utilised for 
injury profiling of the fresh, ex vivo porcine retinal trauma samples for which spectra 
were obtained using the 830 nm portable Raman system in Chapter 5. A direct 
comparison between the two spectra is given in Fig. 6.12a, with the eye-based TBI 
biomarker panel trace (black) above the retina spectrum (red), where the grey bars 
illustrate the characteristic peaks identified in Fig. 5.6 of Chapter 5, five of which are 
shared between the two spectra. To demonstrate this closely, Fig. 6.12b features a 
cropped view of the overlayed eye-based biomarker spectra with five grey bars 
representing characteristic peaks in the porcine retina spectrum, matching with NSE 
(light blue) and NAA (dark blue) peaks. Underneath the uppermost spectrum, the five 
characteristic peaks can be seen to be present in other biomarker spectra such as 

Figure 6.11. (left) Overlayed spectra of eight TBI biomarkers that are prospective indicators of neuro-injury in the 
retina using an 830 nm excitation wavelength. The combined spectra were collected with comparable Raman 
parameters in laser power, objective lens and acquisition time. All biomarkers have visible characteristic peaks except 
for GSH (grey) and GFAP (red), which remain underneath the uppermost line of the combined spectrum. (right) 
Trace of the uppermost line of the combined spectrum, to produce a hypothetical spectrum of the panel of eye-based 
TBI biomarkers 
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UCHL1 (green) and cardiolipin (pink), but with lower counts; these will be of 
importance when we consider that TBI biomarkers are subject to increase or decrease 
following injury, as described in Table 6.1. A shortened version of the assignment table 
(Table 5.2) from Chapter 5 is provided in Fig. 6.12c, featuring only the peaks present 
in both the eye-based TBI biomarker panel trace and the retina spectrum produced by 
the 830 nm portable Raman system. 
 

This analysis suggests the presence of NSE and NAA in the porcine retinal tissue in 
the acute phase of TBI at the time of slaughter, at this stage, it is only possible to 
conclude that NSE and NAA peaks could be detectable using the 830 nm portable 
device, further work would need to be done to confirm whether the presence of these 
peaks could indicate TBI or instead their elevation/depression needs to be monitored 
as a ratio could dictate TBI presence.  

6.4 Current Challenges and Outlook 
Overall, Raman-based diagnosis of TBI pathologies via biofluid detection is emerging 
as a promising tool for rapid PoC diagnostics, and with the addition of the identified 
molecular profiles, a simple process of a ‘spectroscopic barcode’ will ensure variation 
due to the presence and/or change in the level of a particular TBI-indicative biomarker 

Figure 6.12. Injury profiling and barcoding of the characteristic peaks previously identified in fresh ex vivo 
porcine retina in Figure 5.6 translated to the overlayed spectral trace of prospective eye-based TBI biomarkers 
using an 830 nm excitation wavelength. a Comparison of the overlayed eye-based TBI biomarker panel 
spectrum trace (black) and averaged spectrum of fresh porcine retinae obtained by the portable Raman system 
(red). The red spectrum produced by the portable Raman system, with the nine grey bars highlighting the 
location of peaks of interest and originally features in Figure 5.6 and Table 5.2 in Chapter 5. Porcine retinae 
spectrum of 12 retinal samples, 10 single spectra obtained from each retina of 30 second acquisitions, at 2.4 
mW power, biomarker panel spectrum was acquired with a 50× objective lens, a 10 s acquisition with 5 
accumulations, and approximate 75 mW laser power. b A cropped view of the characteristic peaks from the 
porcine retinae spectrum (indicated by the grey bars) present in the eye-based TBI biomarker spectrum. The 
eye-based TBI biomarker spectrum shares five of the nine peaks of interest, contributed from the NAA (dark 
blue) and NSE (light blue) peaks. c The five peaks of interest that overlap in the porcine and eye-based 
biomarker spectra, as assigned in Table 5.2, and the attributing biomarker to each peak. 
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and, further, treatments and various underlying conditions will be taken into account 
and reduce the error in the data interpretation of the associated changes, leading 
towards improved diagnostic accuracy.  
 
It is worth noting, however, that whilst important progress has been accomplished 
herein via Raman spectroscopy spectral fingerprints of biomarkers of TBI, several 
limitations and challenges remain. Firstly, in terms of study design, biomarkers were 
sourced to avoid Raman-active additives such as buffers, which would impact the 
accuracy of the characters’ fingerprint. This has, therefore, removed several candidate 
biomarkers identified in the literature since pure forms were not available. 
Furthermore, we used a varied source of human/animal TBI biomarkers, with five out 
of the overall eighteen investigated biomarkers derived from animals, due to limitations 
in availability. Whilst animal model systems frequently share similarities of specific 
aspects of TBIs, providing the opportunity to target specific biomarkers, animal 
neuromarker models, however, can occasionally recapitulate only parts of the 
pathology observed in human TBI [202]–[207].  
 
Recognising the opportunities and limitations of translational biomarkers is therefore 
critical to advancing human TBI therapies. Importantly, this study aims to bridge the 
gap between preclinical and clinical research as well as to better demonstrate 
interactions between central expression of TBI pathological markers and peripheral 
examinations, which could subsequently be used for diagnosis and evaluation of 
treatment efficacy. Nevertheless, it is important to note, that we did not carry out 
spectroscopic detection and classification of TBI vs. healthy biomarkers but rather 
established the characteristic fingerprints for each chosen biomarker, which is a 
standalone spectroscopic barcode for either human- or animal-derived neuromarkers. 
In each case, there is a value and significance to having the ‘baseline’ fingerprint data, 
as in the case of a rapidly evolving and multifaceted pathology such as TBI, they may 
provide integrative and complementary clinically useful information or may be useful 
for different investigations, time points, or settings. For instance, animal biomarker 
models provide a major advantage for investigating preclinical measures of 
therapeutic efficacy [202], [203]. Faster and less expensive results can be garnered 
from these allowing only the most promising candidates to advance to more costly 
clinical trials (e.g., Sabbagh et al. [208]) and represent an important approach to 
exploring the translational utility of a novel compound.  
 
In preclinical systems, animal biomarkers could also be effective for valuing the 
translational worth of a compound before costly human trials are initiated. Animal 
model biomarker assessments can verify proof of concept for a candidate treatment. 
Furthermore, the identification of consistent biomarkers may shed light on core 
mechanisms responsible for the disorder, as well as interactions between several of 
the identified pathologies. Notably, the subsequent use of both human and animal 
biomarkers can form a bridge between animal and human studies to facilitate 
translational research. By using the same biomarkers in animals and humans, 
observations in the preclinical stage can be more easily extended to clinical trials. This 
forward translation can be complemented by a backward one, where observations in 
humans can be studied via animals. 
 
An additional challenge is that the spectral bands associated with some biomarkers 
are also present in several other proteins, and so these changes cannot always solely 
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be attributed to a particular molecule. Therefore, a broad panel of biomarkers should 
be used in such cases, essential to delivering a diagnosis with high accuracy and 
specificity. This, with further emerging novel hybrid Raman-AI techniques [209], [210], 
will in turn enable supporting large-scale triaging and screening for early signs of brain 
injury, particularly useful for identifying high-risk patients and implementing 
intervention measures, given both the increased incidence and the prevalence of TBIs. 
Indeed, considerable research in recent years has focused on potential biomarkers to 
improve diagnosis and patient phenotyping to enable timely and targeted 
management. For instance, S100B has been implemented in Scandinavian countries 
and the ALERT-TBI study showed high sensitivity for the combination of GFAP and 
neuronal UCHL1 measured within 12 h of injury, forming the basis of the first FDA-
approved TBI test for triaging the need for CT scanning [211]. 
 
One further issue that needs to be addressed for real-world adoption is a lack of 
standardisation in methods used within the current literature, from matters pertaining 
to biofluid collection, storage and pre-processing, to those concerning Raman 
measurement protocols and chemometric analyses and classification. Standardisation 
of protocols and conducting larger-scale clinical studies are vital for advancing the 
clinical translation of Raman spectroscopy biomarker profiling in TBI diagnostic and 
prognostic applications. Finally, there has been an increase in the literature 
surrounding the development of Raman spectroscopy-based technologies for TBI 
detection, utilising surface-enhanced Raman spectroscopy (SERS), microfluidics, and 
Raman probes [33], [35], [36], [212], [213]. As such new spectroscopic technologies 
are being engineered and prototyped, it is essential to improve the understanding of 
brain injury biomarkers and their mechanism in various post-TBI phases, which will 
continue to grow alongside these, particularly when utilising human biofluids and TBI 
models. 

6.5 Conclusions 
A Raman spectroscopy fingerprint library has been generated for a large cohort of TBI-
indicative biomarkers. The spectral fingerprint of each studied biomarker generates a 
unique signature, and comparisons of certain values for determined frequencies and 
their raw and aqueous solution states are determined. These spectra provide the 
fundamental information necessary to track the biochemical changes induced by the 
neurological markers categorised according to the different stages of post-brain injury, 
i.e., the acute, sub-acute and chronic phases. These can not only assist in 
understanding the TBI mechanism and check the presence, persistence or fading of 
characteristic biomolecules in brain tissue or biofluids following injuries, but also 
establish Raman spectroscopy-aided diagnosis of TBI as a complementary point-of-
need technique. The longer-term goal would be to identify biomarkers or distinctive 
patterns, which would help to rapidly detect, triage, and monitor TBIs by analysing the 
differences in Raman spectral signatures.  
 
The most dominant peak ratios for each biomarker have been further identified, 
highlighting the various advantages amongst which by using the ratio-metric approach 
over the absolute Raman intensity of individual bands, eliminates the need to measure 
the amplitude of each peak, often necessary for ensuring consistency and 
reproducibility of the intensity and/or wavenumber position, which can be challenging 
between each measurement, especially when performed by a non-expert at the PoC.  
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Traces of overlayed spectra within each TBI phase produce hypothetical models of 
the unique spectral fingerprint that may be obtained when all biomarkers are present 
in a sample. These traces from the spectral library have been applied to fresh, ex vivo, 
porcine retinal trauma samples to profile for TBI by identifying biomarker peaks of 
interest in the retina spectra obtained using our in-house-built portable Raman 
devices. This analysis suggests the presence of acute TBI biomarkers present in 
trauma retina using 633 / 635 nm excitation wavelengths in the high wavenumber 
region, as well as eye-based TBI biomarkers present when using 830 nm excitation 
wavelengths in the fingerprint region. 
 
Reliable PoC diagnostic tools, such as Raman spectroscopy, could improve the 
specificity of diagnosis and triage of TBI and would greatly aid resource availability in 
healthcare by reducing the number of unnecessary ED visits for mild TBI and 
increasing the proportion of patients with moderate/severe TBIs appropriately triaged 
to attend trauma facilities. With millions of ED visits every year and the high cost per 
visit without treatment or investigation, even a small reduction will result in massive 
cost savings. Furthermore, the pathophysiology of injury evolution is multi-faceted, and 
not understood well enough to provide effective pharmacological targeting to reduce 
burden or progression. An in-depth understanding of the biochemical injury evolution 
will allow interventions to be used more effectively and identify novel therapeutic 
targets to guide tactful treatments. The generated spectral library would further assist 
in the emerging developments of Raman spectroscopy-based technologies, for rapid 
acquisition of molecular fingerprints of TBI biochemistry to safely measure proxies for 
cerebral injury via the body fluids, which will soon provide a tangible path towards non-
invasive PoC diagnostics for TBI.  
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Chapter 7 – Summary and Future 
Work 

 

7.1 Work in Progress – Establishing an Ocular LIVING-ORGAN System 
A running theme in this work, as well as in previous chapters, is the limitations 
presented when testing portable lasers, cameras and Raman systems on healthy eye 
samples, let alone TBI models. Questions surrounding laser safety, spectral 
information and biomarkers cannot be answered in completion without better eye 
tissue and optical systems to test upon. This creates a backwards project for which 
the technology cannot be proven to produce useful diagnostic results without going 
through all necessary steps to make a functioning prototype, which will inevitably cross 
new limitations when utilised ex vivo versus when utilising the phantom eye and dead 
porcine eye models.  

There are two types of eye models of interest, one that mimics the anatomy and 
function of an in vitro eye called Opto-Mechanical models, matching both 
biomechanical and optical properties[1], [2]. The second type of eye model utilises 
cells or tissue from eye donors either as ex vivo or in vitro models, to provide a 
biochemical copy. These models are less established than Opto-Mechanical ones, 
with most literature only citing one eye segment being cultured, grown or preserved 
such as the retina or cornea[3], [4].   

Opto-mechanical computational models can be separated as either advancing the 
understanding of mechanical behaviours of the eye or aiding analysis and prediction 
of how changes in eye biometrics affect the eye’s optical system[1]. Common 
applications for opto-mechanical models are towards evaluating vision correction, 
calibrating ophthalmic instruments, or demonstrating eye movement[5]. Many 
researchers developing these models do not manufacture them[6]–[9], however, there 
are examples of computational models being built as life-sized, fluid-filled physical 
systems to best emulate physiological conditions[10]–[13]. These allow 
ophthalmologists to accurately predict the in vivo performance of artificial devices such 
as contact lenses and intraocular lenses[2], [14]. 

Cell and tissue-based eye models include 2D cell cultures, 3D organoids, organotypic 
retinal cultures and animal models[15]–[18]. Retinal cultures can include one or all 
three main retinal cellular layers: the ganglion cell layer, inner nuclear layer, and outer 
nuclear layer[15]. Such models are highly physiologically relevant, but typically to one 
pathology or tissue type, and at this stage incompatible with the optical function of the 
eye. However, some studies have developed ex vivo retinal models for which animal 
retinae are removed, dissected, and preserved in solution to achieve viability for up to 
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a few hours[19], [20], suitable for obtaining electrophysiological responses and 
observing molecular mechanisms, for example[21], [22]. 

Whilst animal models are popular as they best mimic in situ responses, there are 
several anatomical, physiological, and functional differences between animal and 
human tissue[15], therefore utilising human cells is sometimes preferred. Mutali et al. 
state that the only true way to emulate the cell characteristics, inter-cell interactions 
and architecture of the human retina is by using explants, however, the limitations in 
ethics and viability are detrimental to experimental studies[15]. 

To test the portable, eye-based Raman systems, a suitable eye model would need to 
be both optically functional and physiologically accurate. Alongside this, the ideal 
model would be intact rather than dissected and capable of modification to achieve 
both healthy and trauma states. When considering first-stage testing, the system could 
utilise animal eyes with close parameters to that of a human eye, but translation to 
human eye samples is essential. To explore a potential model, a collaboration with the 
Defence Science and Technology Laboratory (Dstl) and Pebble Biotechnology 
Laboratories (PBL) was established.  

PBL are specialists in machine perfusion, which is a technique commonly used to aid 
organ donation [23]–[26]. During the perfusion process, a continuous supply of 
metabolic substrates are provided, whilst taking frequent blood samples to analyse 
biochemistry and temperature to ensure organ quality[24], [27]. 

PBL create their LIVING-ORGAN systems as ethical alternatives to using live 
laboratory animals in research. Perfusion is used to recreate the physiological 
environment necessary to keep ex vivo organs. Utilising perfusion for organ testing in 
drug development and medical research massively reduces costs in animal testing, 
increases translatability by using human-relevant organs and removes the need for 
regulatory approval.  

There are examples of ex vivo ocular systems in literature[28], such as the 
OcuScience Ex Vivo ERG Adapter, utilised for functional testing of viable retina 
tissue[29], however, this technique requires retinal dissection. The high precision and 
extensive stages required within the protocols of an ex vivo cornea infection model[30], 
or ex vivo confocal microscopy of the choroid[31], for example, present limited 
reproducibility, which is a vital facet when creating models for drug or device 
testing[32].  
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Though relatively simple, there are many challenges to perfusing a small organ such 
as the eye, there is a high risk of vascular injury due to miscalculated pressure, 
ischaemic injury if the perfusion rate is inconsistent and infection introduced by both 
the blood used and from the tissue itself[23]. To address the limitations of existing 
models, PBL set out to develop a physiological approach to eye perfusion. The first 
task for eye perfusion was the identification and cannulation of the ophthalmic artery 
(Fig. 7.1b), requiring intricate dissection to enucleate the eye, a micro-cannula and a 
microscope to achieve perfect placement and avoid piercing the tissue. Once a 
cannulation method was established, it was vital to optimise the technique of the team 
to avoid mistakes and reduce the time between animal death, dissection, and 
cannulation.  

Following cannulation, shown in Fig. 7.1c, arterial flow had to be determined, requiring 
a flow rate 0.001% lower than that of typical perfusion systems. It was therefore a 
necessity to create a miniature circuit incorporating life-support technology used for 
neonatal critical care, to restore physiological blood flow (an illustration of the perfused 
eye connected to this system is shown in Fig. 7.1d). 

An important difference between the eye perfusion and the perfusion PBL achieved in 
previous organs and limbs, is that the oxygen levels of venous blood outflow is higher 
than that of the arterial blood.  Alongside this, there are many assumptions made and 
inaccuracies about porcine eye vasculature, resulting in 18 months of trial and error 
for the PBL team to learn from the physical model as opposed to literature and 
textbooks.   

Pig heads are obtained from a local abattoir slaughtered following UK FSA health 
guidelines or electrical stunning and an incision to the neck. The head is placed in a 
cold store within 10 minutes from death, the eye is then cannulated and perfused within 
90 minutes from death. The aim is to mobilise the LIVING EYE perfusion set-up to 
cannulate the eye at the abattoir, reducing the time between death and cannulation 
even further, however, the current method for canulating the miniature artery requires 
a stereo microscope which limits portability. 

Figure 7.1. Photographs of the enucleated eye with ophthalmic artery located and successful cannulation. (a) 
Shows the halved pig head having ocular tissue removed from the orbital socket. (b) Example of the ophthalmic 
artery, located next to the optic nerve. (c) The microcannula in place ready for perfusion. (d) The LIVING EYE 
model in progress with blood flow taking place. 
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The LIVING-EYE model at present is capable of perfusing ex vivo porcine eyes for 24 
hours, with low levels of apoptosis and no corneal clouding. The next goal of PBL is to 
explore validation methods of full ocular function. Imaging techniques such as OCT 
can be implemented to ensure retinal structure is comparable to that of a healthy in 
vivo porcine eye. Along with this, there is the opportunity to implant electrodes into the 
ophthalmic nerve to record responses to visual stimuli to verify visual function. This 
project will result in an ex vivo model that mimics both the physiological and optical 
environment of the eye for device testing over a timeframe completely unattainable 
with the current ex vivo porcine eye samples I currently have access to. 

7.2 Future Work 
The first action that could be taken towards the commercialisation of the 830 nm 
portable Raman and fundus device from Chapter 5, involves modification and 
optimisation of the external components. Whilst all of the optical components are 
completely handheld and portable, the addition of the spectrometer, laptop and 
Raspberry Pi render the system suitable for tabletop use. There is opportunity to build 
the 3D housing upon the spectrometer, as the surface area of the two systems are 
comparable, however, this would increase the mass of the system and limit the amount 
of time a clinician could continuously hold the device. Therefore, a miniaturised 
spectrometer could be sourced or an in-house built spectrometer to allow for complete 
modification.  

A project is currently underway within the ANMSA group towards python-based 
spectroscopic analysis and machine-learning classification, integrated onto the 
Raspberry Pi module, to remove the need for the laptop. The remaining Raspberry Pi 
with touchscreen could then be mounted onto the side of the portable Raman and 
fundus imaging system for a completely handheld device. This is applicable to the 
continued commercialisation of the EyeD from Chapter 2, for which funding has been 
secured with Dstl and Ploughshare Innovations, which could fund the first rounds of 
animal testing for the Class 1 device.  

In vivo testing for the 830 nm device is not as simple to organise due to the higher-
class laser system. Therefore, the continuation of the cell damage study with Dstl from 
Chapter 4 would prove insightful in establishing limits in exposure time, laser power 
and spot size. Once obtaining the best values, the laser diode system could be 
modified to meet safety requirements whilst still obtaining good signal-to-noise ratio of 
retinal spectra.  

Parallel to final laser settings, the classification and extraction produced by SKiNET 
tested in Chapter 2 must be improved for higher reliability in identifying control and 
trauma samples. This will not only require the optimisation of parameters such as test 
data but also higher quality test samples. Whilst the PBL LIVING EYE model would be 
ideal, a supplier must be located to provide control pigs that are slaughtered through 
euthanasia where the animal does not undergo any head trauma.  
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TBI biofluid or tissue samples are essential for the application of the reference spectral 
library developed in Chapter 6. The study produced traces of hypothetical models of 
the prospective TBI biomarkers present in trauma samples in the acute, sub-acute and 
chronic phases, however, legitimate samples are needed for comparison. The lack of 
information about TBI biomarker concentration in different biofluids throughout the 
injury profile is a big limitation in translating TBI diagnostics towards biochemical 
methods. When considering temporal profiles, the literature surrounding TBI 
biomarkers must be standardised in protocol for better data cohesion. Therefore, 
applying the reference library to new control and trauma biofluid samples will aid in 
determining the specificity and sensitivity of Raman Spectroscopy as a TBI diagnostic 
technique. 

It is also necessary to return to the fundus camera element developed in Chapter 3, 
to reduce glare obstructing the camera-view. As discussed previously, glare masking 
could be removed through image processing, however, this may cause lagging when 
utilising a live view of the patient. Therefore, it may be necessary to return to the LED 
illumination set-up, using multiple off-axis lights to avoid corneal glare. Further still, the 
narrative around patient experience should be explored further, with the addition of a 
focal point to align the patient and guidance, along with a potential chinrest for comfort.  

The interdisciplinary and multifaceted nature of this project requires small iterations 
across all of the sub-sections to ensure complete compatibility. Once a spectral signal 
is obtained from a human retina with a portable, low-power Raman Spectroscopy and 
fundus imaging system, many questions formed regarding peaks, counts, limits of 
detection (to name a few) during the creation of this thesis will be answered, however, 
this cannot be realised without the technology being tweaked, tested and optimised.  

Therefore, although there are a number of avenues that still need to be explored, 
stemming from the work carried out in this thesis, I believe there are important 
contributions to the field of eye-based TBI Raman spectroscopy and handheld fundus 
imaging hidden in each wrong turn, roadblock, and crossed-out idea. It has been a 
privilege to make revelations and mistakes towards a field dedicated to improving the 
patient journey of TBI sufferers and healthcare professionals, and I hope that the work 
within this thesis will one day be translated into a triaging system that reduces suffering 
and increases neurological recovery in TBI diagnostics. 

7.3 Summary 
This thesis explores the many side-by-side avenues that must be taken to achieve a 
diagnostic device capable of obtaining biochemically and structurally relevant 
information from the eye using a laser and fundus camera. The contrasting themes 
addressed within this body of work require compromises to be made in terms of laser 
power, acquisition times and working distances, in order to meet safety regulations 
and be useful for both patients and healthcare providers. With this in consideration, I 
come to the end of my project with a working, handheld prototype that can produce ex 
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vivo fundus images of whole porcine eyes, low-power Raman spectra of ex vivo 
retinae within a phantom eye model, alongside a reference library of 18 prospective 
TBI biomarkers for future injury profiling across the three temporal phases: acute, sub-
acute and chronic.  

The collaborations, discussions and mini-projects branching from this thesis subject 
has lead to a number of innovative experimental designs and ideas including the 
retinal cell damage study with Dstl, the LIVING EYE model with PBL and even an 
exploration of the therapeutic properties of 633 nm laser wavelengths for low-level 
light therapy on murine brain samples with Davies et al. (Appendix H), leading to a 
clinical review on Raman spectroscopy as a neuromonitoring tool with Stevens et al. 
(Appendix G). Whether it be at conferences or networking events, I’ve found interest 
in the use of Raman spectroscopy in clinical settings from eye researchers, 
neuroscientists and defence surgeons. The value in a rapid, non-destructive 
biochemical technique that can be implemented outside of a laboratory environment 
is recognised across disciplines and I am excited to see the growth in research towards 
Raman-based diagnostics and eye-based Raman spectroscopy over the upcoming 
years. 
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Appendix A 
 

Supporting Material for Chapter 2 
 

Table A1. Measurements of RNFL and GCL thickness from trauma and healthy retina, extracted from 
ImageJ. Averages used to calculate the ratio increase. 

 RNFL   GCL 

 
Trauma Post-

Mortem 
Control 
Alive   

Trauma Post-
Mortem 

Control 
Alive 

 432.62 369.16   91.55 49.06 
 423.60 261.83   74.92 55.88 
 130.14 321.08   53.84 79.28 
 111.09 287.62   42.67 72.92 
 149.96 227.49   41.29 55.88 
 114.69 135.81   47.4 49.51 
 185.01 247.34   71.26 52.00 
 126.90 202.97   67.46 42.75 
 186.46 114.58   96.2 52.13 
 198.63 152.21   61.4 54.33 
 192.03 122.99   44.5 45.83 
 128.85 133.92   79.67 49.00 
 230.51 255.81   79.06 73.27 
 176.92 182.89   68.25 68.25 
 384.12 171.00   75.07 45.10 
 213.79 158.89   75.58 55.88 
 234.07 187.79   49.41 31.25 
 252.07 128.47   50.85 54.17 
 219.20 221.88   71.25 39.09 
 112.05 177.1   52.63 33.33 
 112.35 132.43   55.83 64.85 
 128.26 105.15   97.58 52.30 
 267.08 179.89   62.96 47.93 
 180.90 119.00   47.3 57.32 
Average 203.80 191.55  Average 64.91 53.39 

Ratio of Thickness 
(Post-Mortem/Alive) 1.064  

Ratio of Thickness 
(Post-Mortem/Alive) 1.216 
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Table A2. Standard error of mean (SEM) calculated from the retinal layer thicknesses in Table A1, 
utilised as error bars in Figure 2.9c. Where STD = Standard Deviation; n = number of measurements 
per sub-group. 

  

 RNFL GCL 
 Alive Post-Mortem Alive Post-Mortem 
Average 191.6 203.8 53.4 64.9 
STD 93.8 70.0 16.8 11.9 
n 24 24 24 24 
SEM 14.3 19.2 2.4 3.4 
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Appendix B 
 

Supporting Material for Chapter 4 
 

Table B1. ImageJ measurements of cell fluorescence in control inserts and cells exposed to 40 mW 
830 nm laser light for 30 seconds. 

 40 mW Laser Exposure for 30 seconds 

 Stain Area 

Area 
Percentage 

(%) 

Control 
Red 2867.64 0.23 
Blue 84344.64 6.83 

Green 431591.27 34.99 

    

Exposed 
Red 60371.76 4.87 
Blue 185108.59 14.79 

Green 186151.09 15.12 
 

Table B2. ImageJ measurements of cell fluorescence in control inserts, cells exposed to 50 mW 830 
nm laser light for 10 minutes using the phantom eye lens and a sham model (underwent starvation 
and heat). 

  50 mW Laser Exposure for 10 Minutes 

  Stain Area 
Area Percentage 

(%) 

Control 

T0 
Red 2867.64 0.23 
Blue 84344.64 6.83 

Green 431591.27 34.99 

T24 
Red 147783.83 2.00 
Blue 76920.78 1.03 

Green 591404.78 8.08 

Exposed 

T0 
Red 4554.49 0.58 
Blue 35423.84 4.55 

Green 147755.05 18.96 

T24 
Red 60474.25 0.82 
Blue 385045.41 5.22 

Green 1398248.46 18.99 

SHAM 

T0 
Red 10233.55 1.31 
Blue 40581.71 5.21 

Green 147675.03 18.95 

T24 
Red 232046.30 3.17 
Blue 493181.82 6.65 

Green 1789324.11 24.41 
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Appendix C 
 

Supporting Material for Chapter 6 
 

Table C1. Ratios of the chosen two characteristic peaks indicated in Figure 6.8. p-values produced 
using an ANOVA test of all the 4 excitation wavelength ratios. 

Acute  Sub-Acute  Chronic 

NAA 
Wavelength 

(nm) Ratio  Cholesterol 
Wavelength 

(nm) Ratio  S100B 
Wavelength 

(nm) Ratio 
830 0.58  830 0.37  830 0.76 

  785 0.68    785 0.43    785 0.91 
  633 0.69    633 0.49    633 0.54 
  514 0.74    514 0.70    514 0.46 

p-value 0.0000761  p-value 0.0000760  p-value 0.0000761 
           
Ganglioside 830 0.76  D-serine 830 0.23  Galactocerebroside 830 1.10 

785 1.22  785 0.29  785 0.97 
  633 0.87    633 0.25    633 0.80 
  514 0.65    514 0.47    514 0.98 

p-value 0.0000762  p-value 0.0000759  p-value 0.0000763 
           

GSH 830 0.63  Sphingomyelin 830 1.07  Glucose 830 0.72 
785 0.66  785 0.76  785 0.83 

  633 0.67    633 0.74    633 1.36 
  514 0.84    514 0.71    514 1.25 

p-value 0.0000761  p-value 0.0000762  p-value 0.0000763 
           

NSE 830 0.64  Sulfatide 830 1.15  Myo-Inositol 830 0.43 
785 0.63  785 0.57  785 0.75 

  633 0.60    633 0.28    633 0.82 
  514 0.75    514 0.33    514 0.91 

p-value 0.0000761  p-value 0.0000760  p-value 0.0000761 
           

GFAP 830 0.38  Cardiolipin 830 0.88  IL-18 830 0.77 
785 0.56  785 1.00  785 0.71 

  633 0.69    633 0.99    633 0.73 
  514 1.03    514 1.03    514 0.79 

p-value 0.0000761  p-value 0.0000763  p-value 0.0000761 
           

UCHL1 830 0.92  IL-6 830 0.97  NFL 830 1.30 
785 0.90  785 1.40  785 0.97 

  633 0.92    633 0.67    633 0.81 
  514 0.89    514 0.56    514 0.79 

p-value 0.0000762  p-value 0.0000762  p-value 0.0000763 
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Table C2. Intensity values and calculated ratios of the characteristic peaks of each biomarker at all 
four excitation wavelengths (514, 633, 785 and 830 nm). 

  

 Acute  Sub-Acute  Chronic             
Wavelength 

(nm) 
NAA  Cholesterol  S100B 

Peak Intensity at: Ratio  Peak Intensity at: Ratio  Peak Intensity at: Ratio 953 cm-1 990 cm-1  1439 cm-1 1673 cm-1  937 cm-1 1003 cm-1 
830 19460.70426 33757.60417 0.5765  55721.84017 20720.07227 0.371848313  30538.5293 23227.625 0.760600642 
785 23935.67383 35440.70898 0.6754  118215.8229 51275.59766 0.433745639  79786.63021 72417.33333 0.907637447 
633 12082.42269 17432.39811 0.6931  67525.59115 33319.03516 0.493428263  33108.57422 18040.28581 0.544882594 
514 16928.93457 22814.46908 0.7420  83626.99479 58429.54557 0.698692399  36679.29492 16865.20622 0.459801811  Stdev 0.0695  Stdev 0.141813312  Stdev 0.203719704  Variance 0.0048  Variance 0.020111015  Variance 0.041501718             

Wavelength 
(nm) 

Ganglioside  Serine  Galactocerebroside 
Peak Intensity at: Ratio  Peak Intensity at: Ratio  Peak Intensity Ratio 1297 cm-1 1440 cm-1  813 cm-1 851 cm-1  1296 cm-1 1440 cm-1 

830 32771.62956 24847.88216 0.758213201  8576.838867 36665.98991 0.233918105  76019.40365 69105.80729 1.100043638 
785 39083.44271 47566.08464 1.217039271  12781.6377 44100.36914 0.289830628  101608.0547 104866.3047 0.968929486 
633 64115.07292 55915.48307 0.872111354  2522.830078 9924.986491 0.254189774  9863.101237 12272.54785 0.80367185 
514 16187.70182 10559.49447 0.652315849  26259.4401 56370.72266 0.465834725  10111.28687 10298.62337 0.981809558  Stdev 0.245103086  Stdev 0.105815786  Stdev 0.121865869  Variance 0.060075523  Variance 0.011196981  Variance 0.01485129             

Wavelength 
(nm) 

GSH  Sphingomyelin  Glucose 
Peak Intensity at: Ratio  Peak Intensity at: Ratio  Peak Intensity at: Ratio 1422 cm-1 1662 cm-1  1064 cm-1 1298 cm-1  519 cm-1 1125 cm-1 

830 10182.3029 6441.03125 0.632571169  29750.02018 27747.07813 1.072185693  114083.2917 81742.10156 0.716512474 
785 50574.31836 33498.83236 0.66236844  45314.47331 59438.24219 0.762379095  255382.5625 213039.0078 0.834195592 
633 46761.88281 31471.72917 0.673021001  10015.77169 13621.71143 0.735279979  12078.06771 16479.49154 1.364414568 
514 42086.2474 35178.84766 0.835875133  2107.047078 2963.698812 0.710951825  26045.30176 32465.36068 1.246495855  Stdev 0.091558764  Stdev 0.169299163  Stdev 0.313519978  Variance 0.008383007  Variance 0.028662207  Variance 0.098294776             

Wavelength 
(nm) 

NSE  Sulfatide  Myo-Inositol 
Peak Intensity at: Ratio  Peak Intensity at: Ratio  Peak Intensity at: Ratio 1036 cm-1 1080 cm-1  1064 cm-1 1442 cm-1  897 cm-1 1358 cm-1 

830 63454.91927 40418.86914 0.63696983  23540.0625 20542.51758 1.145919063  79405.54362 33887.69401 0.426767357 
785 72117.9375 45640.56966 0.632860163  40813.66895 71290.10677 0.572501162  202567.0938 152287.8802 0.751789826 
633 45870.89193 27431.82617 0.598022515  6747.790202 24171.95866 0.279157775  146123.1042 120364.6068 0.823720571 
514 47594.57031 35480.63346 0.745476495  7633.669759 23260.55729 0.328180863  18304.3418 16586.3278 0.906141722  Stdev 0.063865911  Stdev 0.397589088  Stdev 0.209921221  Variance 0.004078855  Variance 0.158077083  Variance 0.044066919             

Wavelength 
(nm) 

GFAP  Cardiolipin  IL-18 
Peak Intensity at: Ratio  Peak Intensity at: Ratio  Peak Intensity at: Ratio 917 cm-1 1410 cm-1  1267 cm-1 1303 cm-1  1078 cm-1 1260 cm-1 

830 20090.15527 7561.375651 0.376372186  18419.21094 16215.23177 0.880343454  45232.0459 34869.37435 0.770899783 
785 29949.21289 16627.00147 0.555173237  66129.14844 66320.22656 1.002889469  88374.61654 63082.60286 0.71380907 
633 8810.918945 6085.527181 0.690680191  5364.459473 5288.473958 0.985835383  29031.51693 21185.46875 0.72974033 
514 11450.93994 11737.42025 1.02501806  19569.43083 20114.5542 1.027855862  8600.350423 6752.108073 0.785096855  Stdev 0.274226019  Stdev 0.064926797  Stdev 0.033609405  Variance 0.075199909  Variance 0.004215489  Variance 0.001129592             

Wavelength 
(nm) 

UCHL1  IL-6  NFL 
Peak Intensity at: Ratio  Peak Intensity at: Ratio  Peak Intensity at: Ratio 844 915  1058 cm-1 1125 cm-1  892 cm-1 1322 cm-1 

830 25175.63932 27420.85938 0.918119997  4663.757161 4801.566081 0.971299173  271582.2161 209369.9531 1.297140359 
785 39267.82422 43462.05339 0.903496755  6770.091146 9481.074382 1.400435264  578361.7083 593670.5729 0.9742132 
633 4488.970134 4877.522217 0.920338224  11698.02881 7870.414063 0.672798314  224219.737 277269.1354 0.808671822 
514 12041.04858 13481.69893 0.893140297  22010.16602 12343.01884 0.560787176  39581.2181 50041.26693 0.790971543  Stdev 0.012823688  Stdev 0.375143482  Stdev 0.234589195  Variance 0.000164447  Variance 0.140732632  Variance 0.05503209 
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Appendix D 
 

 

REVIEW: EMERGING EYE-BASED DIAGNOSTIC 

TECHNOLOGIES FOR TRAUMATIC BRAIN INJURY 

 

 

 

The review article “Review: Emerging Eye-Based Diagnostic Technologies for 
Traumatic Brain Injury” can be found by clicking this link: 
https://pubmed.ncbi.nlm.nih.gov/35320105/ 

 

  

https://pubmed.ncbi.nlm.nih.gov/35320105/
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Appendix E 
 

 

WINDOW INTO THE MIND: ADVANCED HANDHELD 

SPECTROSCOPIC EYE-SAFE TECHNOLOGY FOR 

POINT-OF-CARE NEURODIAGNOSTIC 

 
 

 

The journal article “Window into the mind: Advanced handheld spectroscopic eye-
safe technology for point-of-care neurodiagnostic” can be found by clicking this link: 
https://pubmed.ncbi.nlm.nih.gov/37967190/ 

  

https://pubmed.ncbi.nlm.nih.gov/37967190/
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Appendix F 
 

 

SPECTROSCOPY SPECTRAL FINGERPRINTS OF 

BIOMARKERS OF TRAUMATIC BRAIN INJURY 

 
 
 
The journal article “Raman Spectroscopy Spectral Fingerprints of Biomarkers of 
Traumatic Brain Injury” can be found by clicking this link: 
https://pubmed.ncbi.nlm.nih.gov/37998324/ 

  

https://pubmed.ncbi.nlm.nih.gov/37998324/
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Appendix G 
 

 

RAMAN SPECTROSCOPY AS A NEUROMONITORING 

TOOL IN TRAUMATIC BRAIN INJURY: A SYSTEMATIC 

REVIEW AND CLINICAL PERSPECTIVES 

 
 
 
The review article “Raman Spectroscopy as a Neuromonitoring Tool in Traumatic 
Brain Injury: A Systematic Review and Clinical Perspectives” can be found by 
clicking this link: 
https://pubmed.ncbi.nlm.nih.gov/35406790/ 

  

https://pubmed.ncbi.nlm.nih.gov/35406790/
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Appendix H 
 

 

RAMAN PHOTOBIOMODULATION REDUCES 

HIPPOCAMPAL APOPTOTIC CELL DEATH AND 

PRODUCES A RAMAN SPECTROSCOPIC “SIGNATURE” 

 

 

The journal article “Photobiomodulation reduces hippocampal apoptotic cell death 
and produces a Raman spectroscopic "signature"” can be found by clicking this link: 
https://pubmed.ncbi.nlm.nih.gov/35239693/ 

 

 

https://pubmed.ncbi.nlm.nih.gov/35239693/
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